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ABSTRACT In the plasmamembrane, syntaxin 1 and syntaxin 4 clusters define sites at which secretory granules and caveolae
fuse, respectively. It is widely believed that lipid phases are mandatory for cluster formation, as cluster integrity depends on
cholesterol. Here we report that the native lipid environment is not sufficient for correct syntaxin 1 clustering and that additional
cytoplasmic protein-protein interactions, primarily involving the SNARE motif, are required. Apparently no specific cofactors are
needed because i), clusters form equally well in nonneuronal cells, and ii), as revealed by nanoscale subdiffraction resolution
provided by STEDmicroscopy, the number of clusters directly depends on the syntaxin 1 concentration. For syntaxin 4 clustering
the N-terminal domain and the linker region are also dispensable. Moreover, clustering is specific because in both cluster types
syntaxins mutually exclude one another at endogenous levels. We suggest that the SNARE motifs of syntaxin 1 and 4 mediate
specific syntaxin clustering by homooligomerization, thereby spatially separating sites for different biological activities. Thus,
syntaxin clustering represents a mechanism of membrane patterning that is based on protein-protein interactions.

INTRODUCTION

The plasma membrane is a crowded place where numerous

biological activities occur simultaneously. For fast and ef-

ficient processing, it could be envisaged that required factors

are enriched in specialized ‘reaction centers’. It is, therefore,

not surprising that lateral protein inhomogeneities have been

well documented by fairly different experimental approaches.

For instance, tracking of membrane proteins revealed that

most do not enjoy continuous, unrestricted lateral diffusion,

with certain proteins being transiently confined to small do-

mains (for review, see Kusumi et al. (1)). Other groups have

visualized membrane proteins by immunofluorescence and

have seen characteristic patterns or even discrete domains.

Furthermore, biochemical experiments indirectly suggest the

existence of microdomains. Detergent solubilization exper-

iments led to the discovery of detergent-resistant membranes

(DRMs, also called membrane rafts) enriched in cholesterol,

sphingomyelin, and special proteins (2). The raft hypothesis

postulates that DRMs in live cells are stabilized by cho-

lesterol and sphingomyelin and reflect microdomains into

which certain proteins are preferentially accumulated. This

idea has stimulated the interest in membrane patterning enor-

mously and strengthened the common view that lipids are

essential for microdomain formation. Nowadays rafts are

suggested to be involved in apoptosis, cell adhesion, cell

migration, synaptic transmission, membrane trafficking, cy-

toskeletal organization, and pathogen entry (for review see,

e.g., Brown and London (3) and Munro (4)). However, this

does not necessarily mean that lipids alone are sufficient for

membrane patterning; protein-protein interactions could also

play an important role in this process. From a conceptual

point of view, the multitude of proteins and biological pro-

cesses embedded in the plasma membrane evidently require

highly specific segregation mechanisms that could at least

partly be achieved by protein-protein interactions. In this

scenario, lipids would provide a basic pattern of lipid phases

into which certain proteins are preferentially inserted at the

start of membrane patterning, with protein-protein interac-

tions eventually refining this process.

Investigating the plasmalemmal distribution of the

SNAREs (soluble N-ethylmaleimide-sensitive factor attach-

ment protein receptors) syntaxin 1A and syntaxin 4 we found

evidence for such a model. SNAREs are a superfamily of

small, mostly membrane-bound proteins sharing a homolo-

gous sequence of 60–70 amino acids, the SNAREmotif (5). In

the case of syntaxins 1–4, this motif is anchored to the plasma

membrane by a C-terminal transmembrane region (TMR) and

attached to a large N-terminal domain via a linker region.

Specific sets of SNAREs drive intracellular membrane

fusion steps (6,7). In exocytosis, membranes merge during

complex formation between SNAREs associated with the

plasma membrane and the corresponding vesicle. For in-

stance regulated vesicle fusion is mediated by the plasma

membrane associated SNAREs syntaxin 1A and SNAP-25

and the vesicle associated SNARE synaptobrevin 2, whereas

in constitutive exocytosis syntaxin 4 and SNAP-23 (both

plasma membrane associated) and cellubrevin (vesicle as-

sociated) are involved. In recent years, the organization of

plasmalemmal SNAREs has been the subject of several
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studies. Microscopic analysis of membrane lawns (8–10)

and cells (11–13) documented that they are concentrated in

microdomain like structures, often called clusters. Moreover,

syntaxin 1 and syntaxin 4 clusters have been shown to define

docking and fusion sites for secretory vesicles and caveolae,

respectively (9,10,12). In microscopic studies, varying de-

grees of SNARE distribution changes have been observed

after cholesterol depletion, ranging from moderate (9,10) to

complete disintegration of SNARE domains (8,9), indicating

an important role of lipids for SNARE domain integrity.

Biochemical experiments based on DRMs isolation docu-

mented that cholesterol depletion disturbs SNARE micro-

domains (14) and led to the suggestion that SNAREs are

enriched in membrane rafts (15). However, some SNAREs

do not cofloat with raft markers when stringent solubilization

conditions are applied (9,16). Nonetheless, it has been es-

tablished beyond question that the integrity of SNARE

domains depends on cholesterol.

Here we report that lipids alone are not sufficient for cor-

rect syntaxin clustering but that additional protein-protein in-

teractions are also required. We found that syntaxin clustering

in the native membrane is mediated by specific homooligo-

merization involving the SNARE motif. Hence, by means of

syntaxin clustering, cells are able not only to define but also

to spatially separate sites with different functions.

MATERIALS AND METHODS

Cell culture and transfection

PC12 cells (clone 251; (17)) and BHK cells were maintained, propagated,

and transfected essentially as described (9) apart from the following

modifications. For single and cotransfection experiments, 20–40 mg of the

corresponding plasmids were used per cuvette. Experiments with PC12 cells

were carried out ;48 h posttransfection. BHK cells were grown in medium

containing 1% fetal calf serum and used ;24 h posttransfection.

Antibodies

Monoclonal antibodies were used for the detection of syntaxin 1 (HPC-1)

(18) and the myc tag (CRL-1729 ATCC). For detection of syntaxin 4 an

affinity purified rabbit polyclonal antibody was applied (9). As secondary

antibodies we used Cy3-coupled goat-anti-mouse and Cy5-coupled goat-

anti-rabbit (both from Dianova, Hamburg, Germany). For STED experi-

ments, sheep-anti-mouse immunoglobulins G (catalogue No. 515-005-003,

Dianova) were labeled with Atto532 (provided by K. H. Drexhage, Dept. of

Chemistry, University of Siegen, Germany).

Plasmids

Plasmids for transient overexpression were produced by standard molecular

biological methods. The encoded fusion proteins were epitope tagged with a

N-terminal c-myc (MEQKLISEEDLNS), and/or the C-terminus was linked

by 12 amino acids (LVPRARDPPVAT) to a variant of enhanced green

fluorescent protein (EGFP). The single amino acid substitution A206K,

previously shown to prevent dimerization of fluorescent proteins (19), was

introduced, resulting in monomeric EGFP (mGFP). pBob5.1 (20) was used

as the vector backbone for all constructs encoding c-myc tagged proteins.

The plasmids carrying the coding sequences of fusion proteins without

N-terminal tag are based on the vector pEGFP-N1 (Clontech, Mountain

View, CA) (GenBank accession No. U55762). Using the rat sequence of

syntaxin 1A and the corrected rat sequence for syntaxin 4 (as described (21))

as references, the coding sequences have been verified by sequencing for all

constructs. The constructs used for transient overexpressions coded for the

following tagged proteins: Sx1A-green fluorescent protein (GFP) [Sx1A-(1-

288)1mGFP]; Sx1A, SNARE motif-TMR-GFP [Sx1A-(1–281 183–288)

1 mGFP]; Sx1A, TMR-GFP [Sx1A-(1–28 1 259–288) 1 mGFP];

Sx1AmutTMR-GFP [Sx1A-(1–288 carrying the mutations M267A,

C271A, and I279A) 1 mGFP]; Sx4-GFP [Sx4-(1–298) 1 mGFP]; Sx4,

SNARE motif-TMR-GFP [Sx4-(1–37 1 191–298) 1 mGFP]; Sx4, TMR-

GFP [Sx4-(1–37 1 267–298) 1 mGFP]; myc-Sx1A [myc-tag 1 Sx1A-(2–

288)]; myc-Sx1Aopen [myc-tag 1 Sx1A-(2–288 carrying the mutations

L165A and E166A)]; myc-Sx4 [myc-tag 1 Sx4-(2–298)]; myc-Sx1A-GFP

[myc-tag 1 Sx1A-(2–288) 1 mGFP].

Immunofluorescence

Membrane sheets were prepared as previously described (22), except that for

onstage sonication a different sonifier was used (Sonifier B12, Branson

Ultrasonics, Danbury, CT). In brief, cells were grown on poly-L-lysine-

coated coverslips and disrupted by a 100 ms ultrasound treatment in ice cold

sonication buffer (20 mM Hepes, pH 7.2, 120 mM potassium glutamate, 20

mM potassium acetate, and 10 mM EGTA). Freshly prepared membrane

sheets were fixed for 90–120 min at room temperature in 4% paraformal-

dehyde in phosphate-buffered saline (PBS) (137 mM NaCl, 2.7 mM KCl,

and 8.1 mM Na2HPO4, pH 7.3) and immunostained using standard

protocols, essentially as described (9). For Fig. 1, E–F, and syntaxin 4

stainings, several steps were performed with high salt PBS (the NaCl

concentration was elevated to 500 mM) containing 3% bovine serum

albumin. STED microscopy was carried out on HPC-1/sheep-anti-mouse-

Atto532 stained coverslips mounted in Mowiol (6 g Glycerol AR (No. 4094,

Merck, Darmstadt, Germany), 2.4 g Mowiol 4-88 (Hoechst, Franfort,

Germany), 6 ml water, 12 ml 200 mM Tris, pH 7.2 buffer).

In double immunostaining and coclustering experiments, 0.2 mm

Tetraspek beads (Molecular Probes, Eugene, OR) were added and allowed

to adsorb to the glass coverslip before imaging in PBS containing 1-(4-

trimethyl-ammoniumphenyl)-6-phenyl-1,3,5-hexatriene (TMA-DPH, Mo-

lecular Probes). The Tetraspek beads acted as a spatial reference to check

the automated correction for the lateral shifts that frequently occur upon

filter changes, whereas TMA-DPH visualizes phospholipid membranes and

allows assessment of membrane integrity.

Fluorescence microscopy

Membrane sheets were analyzed using a Zeiss Axiovert 100 TV fluores-

cence microscope with a 1003 1.4 numerical aperture plan apochromat

oil objective (Zeiss, Göttingen, Germnay). Illumination was provided by a

XBO 75 xenon lamp. For imaging, we used a back-illuminated frame

transfer charge-coupled device camera (Princeton Instruments, Princeton,

NJ) with a magnifying lens (2.53 Optovar, Zeiss) to avoid spatial

undersampling by large pixels. The focal position was controlled using a

low voltage piezo translator device and a linear variable transformer

displacement sensor/controller (Physik Instrumente, Waldbronn, Germany).

Appropriate filter sets were applied for fluorescence excitation and detection.

For the images shown in Fig. 1 and for the coclustering experiments the

following channels were recorded: TMA-DPH (excitation bandpass (BP)

360/30–50, beamsplitter (BS) 395–420, and emission longpass (LP) 420 or

BP 460/50), GFP (excitation BP 480/40, BS LP 505, and emission BP 527/

30), Cy3 (excitation BP 565/30, BS LP 595, and emission BP 645/75). For

double immunolabeling experiments, the following filter sets were used for

TMA-DPH (excitation BP 350/50, BS 395, and emission LP 420), Cy3

(excitation BP 525/30, BS LP 550, and emission BP 575/30) and Cy5
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(excitation BP 620/60, BS LP 660, and emission BP 700/75). Images were

acquired with Metamorph 5.1 (Universal Imaging, West Chester, PA).

STED microscopy

Stimulated emission depletion (STED) microscopy (23–25) was carried out

with a home-built setup in which fluorescence excitation was performed with

a pulsed laser diode emitting 100 ps pulses at 470 nm (Picoquant, Berlin,

Germany). STEDwas performed using an optical parametric oscillator (OPO)

by the company APE (Berlin, Germany) that was pumped by a mode-locked

Ti:Sapphire laser (MaiTai, Spectra Physics,MountainView,CA) operating at

80MHz. The excitation diode was triggered by the OPO pulses. STED on the

dye Atto532 was accomplished at a central wavelength of 615 nm. The initial

duration of the STED pulses of 200 fs was stretched to 200 ps to reduce

photobleaching (26). The conversion of the STED beam into a doughnut

mode was accomplished by means of a spatial light modulator (Hamamatsu,

Hamamatsu City, Japan) delivering a (0–2p) helical phase ramp. The ex-

citation and the STED beams were coupled onto an oil immersion lens (HCX

PL APO, 1003, Leica Microsystems, Mannheim, Germany) with 1.4 nu-

merical aperture, by means of dichroic mirrors. The average power of the

excitation and the STED beams at the sample was 1.9 mW and 18 mW,

respectively. The fluorescence was collected by the same lens and directed

onto a counting avalanche photodiode. The photodiode featured an opening

diameter of 71% of the backprojected Airy disk at the detector plane. The

image was obtained by scanning the sample with a piezo stage featuring a

positioning accuracy,10 nm.

The point spread function was experimentally determined by measur-

ing the size of fluorescent point sources. For this purpose glass-adsorbed

primary antibodies stained by Atto532-labeled secondary antibodies

mounted in Mowiol were imaged. Intensity profiles of 426 single spots

were fitted by a Lorentz function resulting in an average full width at half-

maximum (FWHM) of 72 nm. For comparison, we also determined the

FWHM in the confocal mode. Due to the lower resolution, not all spots

analyzed in the STEDmode were separated in the confocal image. Therefore

only 50 spots were fitted by a Gaussian function, resulting in an average

FWHM of 192 nm.

Analyzing syntaxin 1 cluster density
and expression level

To determine the number of syntaxin 1A microdomains per mm2, 2.4 mm3
2.4 mm regions from the center of the STED images were fast Fourier

transform filtered in frequency space using blur (10%) and high pass (30%)

options in Metamorph 4.1.7 (Universal Imaging Corporation). The central

0.81 mm2 areas of the processed images were autoscaled and printed. On

these printouts the number of clusters was counted by three referees inde-

pendently, and the averaged number per mm2 was plotted versus the average

fluorescence intensity within the respective regions. The result of 80 mem-

brane sheets yielded Fig. 2 C. For presentation, images showing membrane

sheets in Fig. 2 were fast Fourier transform filtered applying the blur (30%)

option of Metamorph 4.1.7 and scaled accordingly to enhance spotty image

features.

Correlation analysis

To quantitate the degree of similarity between images obtained in two

different channels, the Pearson correlation coefficient was calculated for the

corresponding pair of pictures, yielding an objective measure for the degree

of colocalization of the visualized molecules. This value can range form

�1 to 1 and reflects the degree of linear relationship between two variables

(in this case the pixel intensities at corresponding pixel locations in the two

channels).

A custom designed MATLAB 7.0.1.24704 (The MathWorks, Natick,

MA) routinewas applied. The two imageswerefirst automatically aligned and

a region of interest (ROI) was defined in the green channel using a freehand

tool. When placing the ROI on the membrane sheet, edges and obvious

staining artifacts were avoided. ROIs were on average 22 mm2 and 40 mm2

in size for the coclustering and the double immunostaining experiments,

respectively.

The Pearson correlation coefficient r was calculated within the ROI for

the green and red image (i indicates individual pixel locations and av the

average pixel intensity) according to r ¼ Si(greeni � greenav) 3 (redi �
redav)/fSi(greeni � greenav)

2 3 Si(redi � redav)
2g1/2 (for method, see also

Manders et al. (27)).

In the coclustering experiments membrane sheets of transiently over-

expressing cells were analyzed. To estimate the degree of overexpression the

fluorescence intensity was calculated subtracting the local background mea-

sured in an area outside the membrane sheet from the mean fluorescence

intensity within the ROI analyzed. Overexpressing membrane sheet with a

background corrected GFP fluorescence of 200–1500 counts (4 s image) and

netto immunostaining signal of 500–2500 counts (1 s image) were included

in the analysis.

For each independent experiment, the correlation coefficients obtained

from individual membrane sheets were averaged. Experiments yielding

,3 sheets were excluded from the overall analysis, resulting in an average of

6.5 membrane sheets per independent experiment.

Colocalization analysis

To determine the colocalization of syntaxin 4 with syntaxin 1 microdomains

based on morphological criteria, we used a procedure similar to one pre-

viously described (28). After aligning the two images as described for the

correlation analysis, 20–21 circles were superimposed on bright fluorescent

FIGURE 1 Overexpression of syntaxin 1A in BHK and PC12 cells. (A–C)
Syntaxin 1A-GFP clusters in BHK cells lacking endogenous syntaxin 1. A

brightly fluorescent cell was selected and disrupted by ultrasound treatment

on themicroscope stage. Immediately after rupture, an imagewas taken in the

GFP channel (B; for magnified view seeC). To rule out the possibility of areas
devoid of fluorescence being holes in the plasma membrane, membrane

integrity was documented by staining phospholipids with TMA-DPH (A).

(D–F) Overexpression of syntaxin 1A-GFP in PC12 cells. Membrane sheets

were fixed and immunostained with an antibody visualizing endogenous

and overexpressed syntaxin 1 (E; for different scaling see F). As judged

from the GFP fluorescence (D), the left membrane sheet contained almost no

overexpressed syntaxin 1A-GFP, therefore immunostained clusters arise

largely from endogenous syntaxin 1 (E). A highly elevated syntaxin 1 level,

as documented for the right membrane sheet, results in a more diffuse

appearance (F).
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spots in the syntaxin 4 channel and transferred to identical image locations in

the syntaxin 1 channel.

If the fluorescence intensity maximum in the syntaxin 1 channel was

located in the same quadrant of the circle and the morphology of the signal

resembled that of the syntaxin 4 cluster; the circle was rated as positive

(colocalized), if not as negative (not colocalized). Clusters for which a clear

assignment was not possible were considered as neutral and excluded from

furtheranalysis.Tobeable tocorrect foraccidentalbackgroundcolocalization,

due to the spot density, the circles were also transferred to a mirror image of

the syntaxin 1 channel. Corrections were made to ensure that circles on the

mirrored image were also placed on the membrane sheet. The assignment as

positive, negative, or neutral was carried out as described above.

From five to seven membrane sheets were analyzed for each of three

independent experiments. On average 1.20 (6.2%) syntaxin 4 clusters were

rated as colocalized with syntaxin 1 microdomains, 18.11 (93.8%) as not

colocalized, and 0.73 as neutral (not taken into account when determining

the percentages). On the mirrored images an average of 0.96 circles (5.3%)

were assigned as positive, 17.45 (94.7%) as negative, and 1.64 as neutral.

Background correction was performed as described (28) according to the

following formula: real colocalization ¼ (measured colocalization � back-

ground colocalization)/(1 � background colocalization/100), yielding a real

colocalization of 0.9%6 1.5% (n¼ 3 independent experiments, value given

as mean 6 SE).

RESULTS

Overexpression of syntaxin 1A in BHK
and PC12 cells

To analyze the spatial distribution of syntaxin within the

plasma membrane, we used plasma membrane sheets (29). In

brief, cells grown on glass coverslips were disrupted by a

short ultrasound pulse, which removed the upper part of cells

leaving behind intact, two-dimensional plasma membrane

sheets. These plasma membrane sheets are ideally suited for

fluorescence microscopic examination. Using this prepara-

tion, we previously found syntaxin 1 to be concentrated in

discrete clusters within the plasma membrane of neuroen-

docrine PC12 cells (9) (see also Fig. 4, middle panel). Since
syntaxin 1 is expressed exclusively in neuronal tissues (30),

we asked if syntaxin 1 clusters would also form in the

fibroblast cell line BHK (baby hamster kidney) devoid from

syntaxin 1, as confirmed byWestern blotting (J. J. Sieber and

T. Lang, unpublished data). Upon overexpression syntaxin

1A-GFP readily formed clusters (Fig. 1, B and C), demon-

strating that neuronal cofactors are not mandatory for

clustering.

FIGURE 2 STED microscopy reveals a correlation between syntaxin

1 cluster density and expression level. (A and B, upper left) Experimentally

determined point spread functions of confocal and STED microscopy.

Glass-adsorbed primary antibodies visualized by fluorescently labeled

secondary antibodies served as fluorescent point sources. For illustration,

signals obtained for several primary antibodies were overlaid (12 for the

confocal and 29 for the STED image) and line scans placed through the

center of fluorescence. The determined FWHM (see Methods for details) are

marked by arrows and approximate the resolution provided by the corre-

sponding imaging technique. For the signal detected by STEDmicroscopy, a

FWHM of 72 nm was measured, representing a 7.1-fold reduction in focal

area compared to confocal microscopy (FWHM 192 nm). (A and B, upper
right) Confocal and STED micrographs from membrane sheets generated

from PC12 cells transfected with myc syntaxin 1A. Both endogenous and

overexpressed syntaxin 1 were visualized using an antibody recognizing the

N-terminal domain of syntaxin 1. The processed images (see Methods for

details) show several membrane sheets with varying expression levels

ranging from low to high (as indicated in A). (A and B, lower panels)

Magnified views from right upper images scaled to visualize individual

spots. (C) From STED images as shown in B, we determined the number of

fluorescent spots in a defined area and plotted them against the image

intensity of the corresponding image (for details see Methods).
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However, this does not rule out the possibility that

clustering depends on a more ubiquitously expressed protein.

In this case, syntaxin should become more uniformly dis-

tributed when elevated to levels largely exceeding endoge-

nous syntaxin, due to depletion of the putative cofactor.

Upon strong overexpression in PC12 cells, the syntaxin

patterning indeed appeared less discrete (Fig. 1 F; for un-
transfected cells see Fig. 4). However, it needs to be con-

sidered that in untransfected PC12 cells certain clusters are

separated by a distance of only some hundred nanometers

and, therefore, are hardly resolvable by conventional light

microscopy. Hence, the question arises if the change in

syntaxin pattern shown in Fig. 1 F is caused by syntaxin

molecules unable to cluster or by increased syntaxin cluster

density, yielding a more uniform appearance due to diffrac-

tion-limited resolution. To clarify this issue, we turned to

STED microscopy, a diffraction-unlimited far-field micros-

copy technique (23) that provides nanoscale optical resolu-

tion (24,25,31).

Correlation of cluster density
and syntaxin expression

To clarify if increasing syntaxin concentration generates

either more clusters or a uniformly distributed syntaxin pool,

membrane sheets with highly variable expression levels of

syntaxin were analyzed at nanoscale optical resolution. To

this end, myc-tagged syntaxin 1A was overexpressed in

PC12 cells. Membrane sheets were generated and immu-

nostained for endogenous and overexpressed syntaxin 1. For

analysis, a microscope setup was used that simultaneously

acquires images both in the confocal and the STED mode,

featuring focal spot diameters of 192 and 72 nm, respectively

(Fig. 2). In the confocal images, membrane sheets with

highly variable syntaxin levels could be distinguished due

to their staining intensities and were occasionally present in

the same field of view (Fig. 2 A, upper right). When image

features like spotty structures were enhanced by correspond-

ing scaling (Fig. 2 A, lower panel), no relation between

syntaxin distribution and expression level could be observed

due to the limited resolution of confocal imaging. This was

different in the STED mode. The (192/72)2 ¼ 7.1-fold re-

duction in focal area achieved over confocal imaging re-

vealed that the brighter the image the more clusters were

present (Fig. 2 B, lower panel). A correlation became ap-

parent when cluster density was plotted against image

intensity (Fig. 2 C). Even when syntaxin levels were

increased four- to fivefold over the endogenous level (taken

to be the intensity of stainings on membrane sheets from

untransfected cells; J. J. Sieber, K. I. Willig, S. W. Hell, and

T. Lang, unpublished data), we did not observe a uniform

syntaxin distribution, structures different from clusters, or

clusters becoming obviously larger. It should be noted that

upon highest overexpression the clusters become so dense

that even the resolution of the STED microscope attained in

this setup becomes a limiting factor. Nevertheless, although

syntaxin 1 is already very abundant in the membrane it can

be increased dramatically with all syntaxin 1 still appearing

in clusters. This implies that no additional cofactors, apart

from perhaps lipids, are essential for the clustering process.

In summary, the overexpression studies presented suggest

that syntaxin clustering does not depend on cofactors

exclusively expressed in neuronal cells. Moreover, it appears

that for syntaxin clustering no additional factors at all are

limiting and that upon overexpression cluster number rather

than size increases. So the nanoscale resolution provided by

STED microscopy has proven to be powerful for studying

plasmalemmal microdomains.

Correct clustering of syntaxins primarily requires
the SNARE motif

The results so far have documented that cluster formation

is an intrinsic property of syntaxin 1A. To test if protein-

protein interactions are involved and to identify the respon-

sible domain, we simultaneously overexpressed syntaxin 1A

constructs carrying either a myc or a GFP tag, enabling us to

discriminate the two corresponding syntaxin populations.

Simultaneous overexpression of full-length syntaxin variants

containing either tag resulted in high, but not perfect,

colocalization of the differently visualized constructs (Fig. 3,

A and B, upper panel). A similar result was obtained when a

double-tagged syntaxin carrying both the myc epitope and

the GFP on the N- and the C-terminus, respectively, was

expressed. This shows that the minor, albeit noticeable, dif-

ferences between the two images are probably due to im-

perfect epitope accessibility. To obtain an objective measure

for the similarity of the two molecule distributions, the

Pearson correlation coefficient was calculated for the two

corresponding images. A correlation coefficient of 1 indicates

perfect (pixel by pixel) colocalization, whereas a value of

0 shows that there is no correlation between the signals of

the two channels.

Two-channel visualization of double-tagged syntaxin 1A

yielded a correlation coefficient of 0.63 (n ¼ 3 independent

experiments), providing a reference for the maximal value

obtainable with these tags. For myc syntaxin 1A and syn-

taxin 1A-GFP we obtained the lower value of 0.42 (Fig. 3 C),
possibly because the two differently labeled syntaxins are

not always present at a 1:1 stochiometry, mix also with the

unlabeled endogenous syntaxin, and perfect clustering is not

necessarily achieved by the biological system. In any case,

this value is the reference for maximal coclustering in this

experiment, since both constructs have the full, identical

information required for clustering and therefore should ap-

pear in the same clusters. A construct lacking the N-terminal

domain, the linker region, and the SNARE motif of syntaxin

1A (Syx1A, TMR-GFP) still showed a nonuniform distri-

butionwithin the plasmamembrane, but its ability to cocluster

with the full-length syntaxin dropped dramatically as doc-
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umented by a correlation coefficient of 0.08 (Fig. 3, B and C).
In contrast, wild-type levels of coclustering with full-

length syntaxin were obtained with variants that lacked the

N-terminal domain and the linker region but maintained the

SNARE motif, carried point mutations in the TMR that were

previously shown to prevent self-oligomerization of this do-

main (32) or contained mutations in the linker region re-

sulting in a permanently open conformation (33) (Fig. 3 C).
These data suggest that the SNARE motif is primarily

responsible for the protein-protein interactions leading to

correct clustering. A role of the N-terminal domain, either via

homophilic interactions or by forming ‘‘bridges’’ between

adjacent SNARE motifs, can be ruled out. Similarly, the

TMR plays no role in syntaxin cluster formation, although it

is capable of forming ‘cluster-like’ structures on its own.

Syntaxin 1 and 4 form distinct clusters

We then turned to syntaxin 4, a close relative of syntaxin

1 (65% aa similarity, (34)), which also has been reported to

form clusters (9,10). First we tested if syntaxin 1 and 4 are

organized in the same, or in distinct, clusters. Membrane

sheets were double immunostained for the corresponding

syntaxins and colocalization was examined by correlation

analysis and by a method based on morphological criteria

(28). No colocalization could be detected by either method

(Fig. 4). Being strictly segregated, syntaxin 1 and 4 clusters

reflect an intrinsic specificity of syntaxins to form homo-

clusters.

Next we asked if the N-terminal domain and the linker

region are also dispensable for syntaxin 4 clustering. The

maximal value in these coclustering experiments was given

by the correlation of myc syntaxin 4 with syntaxin 4-GFP. No

difference was observed for the according deletion construct

when compared to this reference (Fig. 5 B). We could not test

the effect of additionally deleting the SNARE motif, as all

constructs made with varying linker regions between the

TMR and GFP were not successfully sorted to the plasma

membrane. We further asked if the clustering mechanism is

also capable of separating syntaxin 1 and 4 when both are

overexpressed. As shown in Fig. 5 B, coclustering of myc

syntaxin 4 with syntaxin 1A-GFP is diminished when com-

pared to syntaxin 4-GFP. However, probably due to an in-

crease of unspecific interactions, the segregation of syntaxin

1 and 4 is weakened upon overexpression. Similar observa-

tions were made when myc syntaxin 1Awas coclustered with

syntaxin 4-GFP (J. J. Sieber and T. Lang, unpublished data).

The results document that, under physiological conditions,

syntaxin 1 and 4 are strictly separated. Furthermore, the

FIGURE 3 SNARE motif is mandatory for coclustering. (A) An immu-

nostained membrane sheet generated from a PC12 cell cooverexpress-

ing myc-tagged syntaxin 1A (left, red channel) and syntaxin 1A-GFP

(middle, green channel). The right image represents a color overlay of both

channels. A fluorescent bead (arrow) acts as a spatial reference, for cross-

checking the automated alignment. (B) Magnified views from A (upper

panel) and an experiment in which a syntaxin 1A-GFP construct (Sx1A,

TMR-GFP) lacking the N-terminal domain, the linker region, and the

SNARE motif was used (lower panel) instead of the full-length syntaxin.

Arrows indicating some of the bright spots in the red channel were

transferred to identical pixel locations in the green channel and the overlay.

(C) Correlation analysis of experiments like those illustrated in A and B. To
obtain an objective measure for the similarity between the red and the green

channel, the Pearson correlation coefficient was calculated (see Methods

for details). The images acquired for the myc- or GFP-tagged full-length

syntaxin were correlated with the ones obtained for the illustrated syntaxin/

syntaxin variants carrying the alternate tag (see Methods for details).

Constructs analyzed from left to right: full-length syntaxin 1A (Sx1A-GFP),

a construct lacking the N-terminal domain, linker region, and SNARE motif

(Sx1A, TMR-GFP), syntaxin 1A lacking the N-terminal domain and linker

region (Sx1A, SNARE motif-TMR-GFP), a mutant carrying three mutations

abolishing TMR oligomerization (Sx1AmutTMR-GFP), and a construct

with mutations preventing the closed conformation of syntaxin 1A (myc

Sx1Aopen). For each construct, 4–5 independent experiments were per-

formed. Values are given as mean 6 SE.
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results for syntaxin 4 corroborate that the N-terminal domain

is dispensable for syntaxin clustering.

DISCUSSION

The SNARE motif is essential
for syntaxin clustering

In this study we have shown that syntaxins in the native

plasma membrane form clusters by specific interactions

requiring the SNARE motif. This is plausible considering

what is known about the biochemistry of syntaxin 1A. In

solution, the SNARE motifs of syntaxin 1A self-oligomerize

at concentrations above 2mM, andwithin the homooligomers

helices are aligned in parallel as shown by site-directed spin

labeling (35). Also, the full cytoplasmatic domain is capable

of forming oligomers, a feature abolished upon deleting part

of the SNARE motif (36). This implies that the SNARE

motif plays the essential role also in oligomerization of the

whole cytoplasmic domain and that the N-terminal domain

does not interfere with this process. Compared to in vitro

experiments, in the plasma membrane this reaction should be

even accelerated because syntaxins cannot rotate and trans-

late in all directions, increasing the probability of effective

collisions between syntaxin molecules. In summary, our

model of syntaxin clustering is well in agreement with data

obtained from in vitro studies.

Interestingly, the TMR is capable of forming separate

‘cluster-like’ structures on its own. At first sight, this casts

into doubt the finding that all clusters observed by STED

microscopy are mediated exclusively by SNARE motif in-

teractions because, in the absence of cofactors, overex-

pressed syntaxin 1A could perhaps form clusters via TMR

interactions. However, overexpressed myc syntaxin 1A should

then cocluster with TMR-GFP. As this is not the case, our

conclusion that no cofactors are required for syntaxin clus-

tering remains solid.

That the TMR alone forms clusters is not unexpected, as

recent findings have shown that the integrity of syntaxin

1 and syntaxin 4 clusters depends on cholesterol (9,10,12,14).

Hence, the clustering of the TMR alone is most likely due to

the affinity of the TMR for certain lipids and/or to TMR

oligomerization (32). However, for complete and correct

clustering cytoplasmic SNARE motif interactions are re-

quired. It cannot be ruled out that individual oligomers

formed by cytoplasmic interactions are further cross-linked

by TMR-mediated interactions or vice versa. Most likely a

combination of both mechanisms leads to the concentration

of dozens to some hundred syntaxin molecules within one

FIGURE 5 Coclustering experiment with syntaxin 4. (A) Representative

images showing a magnified view of a membrane sheet generated from a

PC12 cell overexpressing myc syntaxin 4 and syntaxin 4 GFP. Arrows

pointing to bright spots in the red channel (left) were transferred to identical

pixel locations in the green channel (middle) and the overlay (right). (B)

Correlation analysis. From images like those illustrated in A, the correla-

tion coefficient between the red and the green channel was determined (for

details, see Methods). GFP-tagged constructs were tested for correlation

with myc syntaxin 4. From left to right: full-length syntaxin 4 (Sx4-GFP),

full-length syntaxin 1A (Sx1A-GFP), and a syntaxin 4 construct lacking the

N-terminal domain and the linker region (Sx4, SNARE motif-TMR-GFP).

For each construct, 4–6 independent experiments were performed. Values

are given as mean 6 SE.

FIGURE 4 Syntaxin 4 and syntaxin 1 clusters are strictly separated.

Double immunostaining for syntaxin 4 (left, red) and syntaxin 1 (middle,

green). The lower panel shows magnified views of the corresponding images

in the upper panel. Circles were superimposed onto bright fluorescent spots

in the syntaxin 4 channel and transferred to identical image locations in the

syntaxin 1 channel and the overlay (right). The colocalization of syntaxin 4

and syntaxin 1 was assessed by two independent approaches. Based on

morphological criteria, we first determined the fraction of syntaxin 4 clusters

colocalizing with syntaxin 1 clusters (for details see Methods) and found no

colocalization (0.9% 6 1.5%; n ¼ 3 independent experiments, values are

given as mean6 SE). Second, the correlation coefficient of the two channels

was calculated to be �0.01 6 0.01 (n ¼ 3 independent experiments, values

are given as mean 6 SE; for details see Methods).
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syntaxin cluster, a number in line with our preliminary re-

sults (J. J. Sieber and T. Lang, unpublished data).

The physiological role of SNARE clustering

Hetero-SNARE complex formation drives intracellular mem-

brane fusion (6,37), but the biological function of homo-

oligomerization is so far unknown. It has been suggested that

several SNARE complexes have to cooperate to mediate a

fusion event (38), and syntaxin oligomers could provide the

local high concentration required. Further, syntaxin oligo-

mers may represent low stability storage forms, as has been

suggested for the homotetrameric coiled-coil structure of

the N-terminal domain of SNAP-23 (39). The notion that a

hypothetical tetramer formed by four syntaxins aligned in

parallel is destabilized (40) implies that syntaxin 1A could be

released from for example tetramers, without energy con-

sumption, in contrast to its release from stable heterotetra-

meric SNARE complexes (41).

The observation that syntaxin 1 and 4 form different clus-

ters documents the specificity of the oligomerization, which,

according to our model, lays the ground for the spatial

separation of the different biological processes associated

with both syntaxins. This appears to be in general the case, as

in a recent study also syntaxin 3 and 4 have been described to

be concentrated in separate clusters in the plasma membrane

of epithelial cells before establishment of cell polarity (42).

In both cases, syntaxin clusters could represent nucleation

sites, at which other factors are recruited, leading to the for-

mation of more complex, but locally restricted, protein net-

works. This idea is supported by the observations that syntaxin

1 clusters define sites for regulated exocytosis in both PC12

cells (9) and b-cells (12) and that fusion of caveolae occurs at
syntaxin 4 clusters (10).

In summary, we propose that self-oligomerization of

syntaxins, apart from possibly regulating SNARE activity, is

also an important mechanism that, in combination with lipid

phase partitioning of proteins, lays the ground for membrane

compartmentalization. The attractiveness of this proposal is

that it would enable cells to separate sites of different bio-

logical activities. The future will show if membrane patterning

evolving from a combination of intact lipid infrastructure and

specific protein-protein interactions is a general principle

widely found in cell biology.
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Live-Cell Super-resolution Reveals F-Actin and
Plasma Membrane Dynamics at the T Cell Synapse
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ABSTRACT The cortical actin cytoskeleton has been shown to be critical for the reorganization and heterogeneity of plasma
membrane components of many cells, including T cells. Building on previous studies at the T cell immunological synapse, we
quantitatively assess the structure and dynamics of this meshwork using live-cell superresolution fluorescence microscopy and
spatio-temporal image correlation spectroscopy. We show for the first time, to our knowledge, that not only does the dense actin
cortex flow in a retrograde fashion toward the synapse center, but the plasma membrane itself shows similar behavior. Further-
more, using two-color, live-cell superresolution cross-correlation spectroscopy, we demonstrate that the two flows are correlated
and, in addition, we show that coupling may extend to the outer leaflet of the plasma membrane by examining the flow of GPI-
anchored proteins. Finally, we demonstrate that the actin flow is correlated with a third component, a-actinin, which upon
CRISPR knockout led to reduced plasma membrane flow directionality despite increased actin flow velocity. We hypothesize
that this apparent cytoskeletal-membrane coupling could provide a mechanism for driving the observed retrograde flow of
signaling molecules such as the TCR, Lck, ZAP70, LAT, and SLP76.
INTRODUCTION
Upon TCR engagement, T cells form a cell-cell junction with
antigen-presenting cells termed the ‘‘immunological syn-
apse’’. Critical to synapse formation and stability is the
cortical actin cytoskeleton (1) as well as signaling proteins
residing within, and proximal to, the plasma membrane
(PM). T cells actively remodel their actin cytoskeleton during
synapse formation leading to cell spreading over the antigen-
presenting cells and a characteristic reorganization of molec-
ular components. After remodeling, the outer zone, or distal
Supra-Molecular Activation Cluster (dSMAC), contains a
dense meshwork of actin filaments that contrasts to the center
of the synapse (central Supra-Molecular Activation Cluster;
cSMAC), which is actin-sparse (2). Interestingly, in mature
synapses, the actin cytoskeleton treads in a retrograde fashion
from the periphery to the center without causing cell motility
(3), suggesting that actin polymerization during and postsy-
napse formation may have distinct and overlapping roles.
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Cortical actin structure and dynamics are believed to in-
fluence signaling at the immune synapse in several ways.
Firstly, proximal T cell signaling intermediates are believed
to be corralled (gathered together and confined) toward the
central region at speeds similar to that of actin flow, where
their signaling is downregulated (4,5). Secondly, polymer-
ized actin creates a dense meshwork that may act as a barrier
for intracellular vesicle trafficking and membrane docking,
spatially confining signaling to specific regions (5,6). In nat-
ural killer cells, the actin mesh at the cSMAC is depleted,
granting cytotoxic granule passage to the membrane where
they fuse and are released into the synaptic cleft to kill target
cells (7–9). Thirdly, it has been shown in numerous cell
types that the cortical actin meshwork can influence protein
diffusion and compartmentalization within the membrane;
theories to explain this include the ‘‘picket fence’’ (10)
and more recently ‘‘active composite’’ (11) models. This
meshwork also regulates the nanoscale clustering of certain
membrane proteins (12,13).

The cortical actin meshwork and the plasma membrane
may interact directly (14) or indirectly via transmembrane
and scaffolding proteins (4,15,16) including TCR (17),
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mailto:dylan.owen@kcl.ac.uk
http://crossmark.crossref.org/dialog/?doi=10.1016/j.bpj.2017.01.038&domain=pdf
http://dx.doi.org/10.1016/j.bpj.2017.01.038


Ashdown et al.
which has been observed to cause modulation of protein
lateral mobility including trapping, tethering, and corralling
(18). These sites of interaction frequently occur at areas of
high membrane lipid order (12,19,20). Indeed, highly or-
dered membrane domains have been observed at the syn-
apse periphery where cortical actin is enriched (21). As
disrupting the actin cytoskeleton disrupts membrane lipid
order and declusters order-dependent signaling molecules
such as Lck (22), these studies suggest a relationship be-
tween actin, the plasma membrane, and membrane-associ-
ated proteins.

To better observe and understand these interactions,
superresolution microscopy has provided key advantages
(23), including observations and mechanisms of control in
nanometer-scale protein cluster formation at the membrane
and remodeling of actin structures (7,24,25). Superresolu-
tion offers a number of significant advantages over conven-
tional fluorescence microscopy. The actin mesh density is
known to be extremely high at the synapse periphery, and
therefore superresolution allows improved quantification
as each pixel is not an ensemble of many individual fibers
with diverse flow properties. Here, we employ single-mole-
cule localization microscopy (SMLM) to assess the distribu-
tion of actin at the T cell synapse with nanometer precision.
In addition, we have previously demonstrated that a combi-
nation of total internal reflection (TIRF), superresolution via
structured illumination microscopy (SIM), and analysis by
spatio-temporal image correlation spectroscopy (STICS
(26); Fig. S1) can quantitatively assess cortical actin flow
in T cell synapses (27,28). This is possible even in the pres-
ence of a dense meshwork and can be achieved at high
spatial and temporal resolutions.

Using these methods, together with their multicolor,
cross-correlation variants, we quantitatively analyze F-actin
and plasma membrane dynamics in live T cells during
immunological synapse formation, to our knowledge, for
the first time. After initial T cell spreading, F-actin and
the peripheral regions of the plasma membrane itself flow
in a retrograde manner, mirroring each other’s directionality
and velocity. The overall flows are both dependent on actin
polymerization, as demonstrated by the use of actin-modu-
lating drugs. We show through the observation of flow of
GPI-anchored proteins in the extracellular leaflet that both
leaflets of the plasma membrane may exhibit flow.

There are numerous potential candidate molecules for
mediating this correlation. One of these, a-actinin, cross
links F-actin and plays a role in T cell synapse formation,
aswell as linking the cytoskeleton to transmembrane proteins
and lipids (29). The a-actinin can interact simultaneously
with the cytoskeleton and distinct membrane constituents
such as b-integrin directly and indirectly through linkers
such as talin and vinculin (30,31). Via actin and protein bind-
ing domains (29,32), we hypothesized that the scaffolding
function of this protein might be in part responsible for the
correlation of membrane and actin flow (33).
1704 Biophysical Journal 112, 1703–1713, April 25, 2017
Using CRISPR knockouts, we show both actin and the
plasma membrane exhibit reduced flow directionality. These
actin-membrane linkers may help translate F-actin’s retro-
grade flow to the plasma membrane itself and these dy-
namics could hold functional importance during T cell
stimulation for the translation of signaling proteins to the
synapse center, balancing prolonged signaling with signal
cessation and downregulation.
MATERIALS AND METHODS

Tissue culture and transfection

Jurkat E6.1 T cells were cultured in RPMI þ Glutamax media supple-

mented with 10% FBS and 1% PenStrep at 3–4 � 105/mL, and placed in

a humidified 37�C environment of air þ 5% CO2. Cells were resuspended

in fresh media every 2 days and split the day before transfection to ensure

cells were at logarithmic growth phase. For live-cell imaging, Jurkat T cells

were transfected with the appropriate construct(s) through electroporation

(Bio-Rad, Hercules, CA). For a-actinin experiments the plasmid-coded

for ACTN1, transcription variant three. Transfected cells were incubated

overnight in 10 mL equilibrated RPMI supplement. Primary human

T cells were isolated from blood via PBMC and transfected using Amaxa

(Lonza, Basel, Switzerland) electroporation.
CRISPR-Cas9 design and realization

The genomic sequence flanking the start codon of the ACTN1 gene (NCBI

Gene: 87) was submitted to the Zhang Lab CRISPR Design Tool (http://

crispr.mit.edu/) to find target sequences and design guide RNAs using the

human genome (hg19) to check for off-target effects. Four CRISPR guide

sequences were selected based on high quality aggregate scores (as deter-

mined by the Design Tool), locations either close to the start codon or

within the first intron, and targeting either the sense or anti-sense strands.

The four sgRNA sequences were each assembled into pSpCas9n(BB)-

2A-GFP plasmid (PX461, a gift from Feng Zhang; Addgene plasmid No.

48140). These four plasmids were transfected into Jurkat E6.1 cells using

an Amaxa Nucleofector IIb device (using 1 � 106 cells and 1 mg of each

plasmid DNA in Nucleofector V solution, transfected using the built-in pro-

gram X-005). Single-cell colonies were generated by serial dilution,

expanded, and screened for ACNT1 expression by Western blot with mono-

clonal mouse anti-ACTN1 antibody (clone OTI7A4; Cambridge Biosci-

ence, Cambridge, UK).
Generating immunological synapses

To engineer T cells to produce synapses, Labtek No. 1.5 8-well-chamber

glass coverslips (Nunc, Langenselbold, Germany) were coated with

aCD3 and aCD28 antibodies (Cambridge Bioscience and BD Biosciences,

Franklin Lakes, NJ) at a concentration of 1 mg/mL. These were either left

overnight at 4�C or placed in an incubator for 2 h. Before imaging, cover-

slips were gently washed with RT PBS to remove any antibody still in sus-

pension and 200 mL of prewarmed HBSS þ 20 mM HEPES added to each

chamber.
SMLM: SMLM sample preparation

Integrating exchangeable single-molecule localization (IRIS) imaging is an

SMLM technique that relies on capturing binding events of a probe to its

target as it transiently shifts between bound and unbound states. Here a

modified version of the F-actin binding peptide LifeAct, coupled to a small

http://crispr.mit.edu/
http://crispr.mit.edu/


F-actin Dynamics at the T Cell Synapse
Atto655 molecule dye, was used (34). Fluorophore signal is captured once

the molecule is bound and localized. Cells were washed and resuspended in

HBSS at 3–4 � 105 cells/mL and dropped onto an antibody-coated cover-

slip that was returned to the incubator for 5 min to allow cells to form syn-

apses. The HBSS was then removed from the wells and 200 mL of

equilibrated cytoskeletal buffer (CB) þ 4% PFA added to each well, cover-

slips were then returned to the incubator for 20 min to fix the cells. CB con-

sisted of 10 mMMES at 6.1 pH, 5 mMMgCl, 5 mM EGTA, 150 mMNaCl,

and 5 mM glucose, with a final pH of 7 and stored at 4�C until the day of

imaging.

After fixation, cells were washed in CB and Image iT-FX Signal

Enhancer (Thermo Fisher Scientific, Waltham, MA) was gently added until

covering the wells, which was left for 30 min at room temperature to reduce

nonspecific binding. Cells were then permeabilized with CB þ 0.1%

Triton-X for 5 min at room temperature, washed in CB, and then 0.5 nM

of the LifeAct peptide conjugated to the Atto-655 probe was added,

providing a binding time of 20–100 ms. Conjugation was achieved through

an N-terminal cysteine via maleimide chemistry.
SMLM imaging

IRIS imaging was carried out on the N-STORM microscope (Nikon,

Melville, NY) in TIRF mode, using a 100� 1.49 NA CFI Apochromat

TIRF objective for a pixel size of 160 nm; to focus the laser intensity, a

collimating lens was inserted. After locating a cell using bright-field illumi-

nation, the 647 nm laser was switched on and a region of interest (ROI) of

512 � 512 pixels selected. Frame rates of 50 ms were used to match the

binding time of the peptide (34), with the laser power set to 50%

(z1.125 kW/cm2), which improved the signal to noise of bound fluoro-

phores within the evanescent wave without increasing the background

from unbound fluorophores away from the actin cortex. Electron multiplier

(EM) gain was set to 300 with conversion gain set to 3.
SMLM analysis

Image stacks of 50,000–100,000 frames were analyzed using the Nikon

Imaging Software analysis package (NIS, v.4.20; Nikon) with the overlap-

ping peaks function enabled and a lower threshold of 3000 applied. Data

were reconstructed using the NIS STORM package (Nikon). By scanning

the image in 5 � 5 pixel subregions, local background was subtracted,

with the signal above this localized by fitting an x and y Gaussian to find

the centroid.

Candidatemolecules were then filtered by brightness (min andmax signal

counts). The minimum and maximum molecule width was set to

200–400 nm, to reject noise. The localization precision was then theoreti-

cally calculated according to the principle by Thompson et al. (35). The

mean of the resulting localization histogram was found to be 14 nm

(n ¼ 5). A drift correction was then applied that utilizes autocorrelation

to correct for gradual displacement in frames over time. Average localiza-

tion precision was extracted from the full list of emitter coordinates after

filtering.
TIRF-SIM: TIRF-SIM sample preparation

For live-cell imaging, the coated coverslip was placed in the heated incuba-

tion chamber of the microscope. A quantity of 200 mL of transfected T cells

were pelleted at 268� g for 20 s and resuspended in equilibrated HBSS þ
20 mM HEPES before being carefully pipetted into one of the eight-well

chambers at 3–4 � 105 cells/mL. Then, 5–10 min after cells landed on

the coverslip, TIRF-SIM acquisition of LifeAct-GFP-expressing cells was

carried out for 1 min; laser illumination was set to 10% (z16.5 mW/cm2).

For PM imaging, cells were stained for 5–10 min with 5 mM DiO or DiI

added directly to the media before being pelleted at 268� g for 20 s, and
resuspended in an equal volume of equilibrated HBSS þ 20 mM HEPES.

Cells were then immediately pipetted onto the coverslip for imaging.

For drug treatments, cells were added to the coverslips and allowed to

form synapses, as above. Dosages were then added directly to the coverslip

chamber. For cytochalasin-D and jasplakinolide, final concentrations were

2 mMwhile 7-ketocholesterol and blebbistatin were added at a final concen-

tration of 10 and 50 mM, respectively. Images were acquired as below.

An MTT assay was performed to establish that drug concentrations used

were not cytotoxic; 5 � 106 primary human T cells were incubated with

MTT in 500 mL standard media control conditions, with 50:50 v/v

DMSO, or the corresponding drug treatments for 1 h at 37�C. Cells were
then lysed in 50:50 v/v DMSO before solution absorbance was recorded

at 595 nm, using a Victor 1420 plate reader (EG&G Wallac, Gaithersburg,

MD). Conditions were performed in triplicate.
TIRF-SIM imaging

For live-cell imaging, the microscope’s incubation chamber (Tokai Hit,

Shizuoka-ken, Japan) and heated lens collar were turned on to 37�C
>2 h before imaging. For single-channel TIRF-SIM on the N-SIM system

(Nikon), 10% 488 nm excitation was used, which equates to 16.5 mW in

wide-field mode, with a 100 � 1.49 NA CFI Apochromat TIRF objective.

For blebbistatin imaging, the 561-nm channel was used due to blebbistatin’s

photoinactivation by 488 nm light (36). After selecting an ROI of 512 �
512, EM gain was set to 300 with conversion gain set to 1. As the micro-

scope relies on a physically shifting illumination pattern to achieve the three

orientations and three phase shifts to create a reconstructed image, 1 frame/

s was achieved when using a 50 ms frame acquisition.

Two-channel TIRF-SIM images were obtained on an Axio Observer Z1

(Carl Zeiss, Oberkochen, Germany) fitted with a spatial light modulator,

producing the structured illumination pattern (37). A 100� 1.49 NA objec-

tive (Olympus, Tokyo, Japan) was used, with 488- and 561-nm laser exci-

tation and the two-channel signal collected serially on two separate sCMOS

cameras; to ensure minimal cross talk, a narrow-band GFP filter (515/

30 nm) and long-pass orange/red filter (568 nm) were used. A heated cham-

ber including humidifier (Okolab, Pozzuoli, Italy) was set to 37�C before

imaging. Images were acquired using the same exposure time settings as

the single-channel datasets.

To minimize drift during single- and two-channel live cell imaging, cov-

erslips were placed in the heated chamber for z10 min before imaging to

ensure temperature equilibrium. Z-plane drift was also reduced for single-

channel experiments through the Perfect Focus System (Nikon).
TIRF-SIM image reconstruction

For reconstruction of the single-channel data, the software Analyze

(v4.20.01; Nikon) was used, achieving a pixel size of 30 nm. The illumina-

tion modulation contrast and high-resolution noise suppression were both

set to the default of 1. Illumination modulation contrast distinguishes the

stripes from the structured illumination pattern, whereas high-resolution

noise suppression can crop the higher resolution information from the for-

ward Fourier transform; for the value of 1, this led to most of the higher fre-

quency information remaining in the final image, for improved resolution.

Two-channel SIM data were reconstructed with a custom-written pro-

gram (38) and the reconstructed datasets were aligned using an algorithm

in the tool set Priism (http://msg.ucsf.edu/IVE).
TIRF-SIM analysis with STIC(C)S

STICS theory has been described in Hebert et al. (26). For our data, we used

the tool STICSGUI, v0.29 (Wiseman Research Group, McGill University).

For single-channel F-actin datasets, an analysis subregion size of 8 � 8

pixels, with a shift of 1 pixel between subregions, was applied. To remove
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immobile and diffusive fluorescent populations before analysis, we chose

the immobile filter, set to 21 frames, removing fluorescence signal from

the correlation function if it remained static for this number of frames. A

polygon ROI of the cell periphery was then selected. After running the

software, data were saved and subregion velocity information plotted. For

single-channel PM and two-channel data, a subregion size of 16� 16 pixels

and a subregion shift of 4 pixels was used to improve the reliability of the

more homogeneous signal derived from the PM.

For directionality analysis, a seed point was manually chosen in the cen-

tral region of the cell; each vector was then assessed against this seed point

to deduce its angle of deviation, giving directional information.
Statistical analysis

Analysis was carried out using a two-tailed Student’s t-test using GraphPad

Prism version 5.00 for Windows (GraphPad Software, La Jolla, CA). Data

shown in text was plotted as mean 5 standard deviation.
RESULTS

We first imaged actin using the LifeAct probe, with the IRIS
approach (34), giving a mean localization precision of
12 nm. Jurkat T cell synapses were formed using a stimula-
tory coverslip (Fig. S2), as described in Ashdown et al. (28).

After stimulation by a coverslip coated with antibodies
against CD3 and CD28, the data indicated a dense meshwork
of actin at the synapse periphery but a relatively actin sparse
region toward the center, which contained numerous long
actin fibers. Using live-cell superresolution TIRF-SIM and
cells transfectedwith LifeAct-GFP,we imaged themolecular
flow of cortical F-actin during T cell immunological synapse
formation against an antibody-coated stimulatory coverslip
as with fixed cell experiments. Using this system, we were
able to generate reconstructed superresolution images of
fluorescent beads or actin at spatial resolutions of %120
and 100 nm, respectively, in 75-nm optical sections at one
frame/s (Fig. S2 b;Movie S1). Thevelocity and directionality
of F-actin dynamics at the observed dense, peripheral regions
(Fig. 1 a) were quantified using STICS (26) (Fig. 1 b). In line
with previous studies (3,4,17), actin flow had an average ve-
locity of 1.635 0.46mm/min (Fig. 1 c) and was confirmed in
primary human T cells 1.86 5 0.26 mm/min (Fig. S3, a–e).
Actin flow in Jurkat T cells was predominantly retrograde
in nature, with 72.9% of vectors within a 90� cone directed
toward the center (Fig. 1 d).

To ensure that any high-resolution noise associated with
SIM images was not contributing to STICS output vectors,
spatial filters were applied to actin images during the recon-
struction process, degrading the resolution to conventional
microscopy standards of ~250 nm and thereby removing
these artifacts. Flow speeds and directionality are not signif-
icantly different between these conditions (Fig. S4, a–c),
although some directional information was lost when corre-
lating the lower resolution datasets.

Additionally STICS analysis of standard TIRF images
(Fig. S4 d) was quantified using the same absolute subregion
size values. This generated spurious vector directionalities
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(Fig. S4 e), indicating that TIRF-SIM datasets improve the
validity of STICS analysis at these length-scales.

Next, drug treatments that affect polymerization rates
were used and were shown to disrupt both F-actin flow
velocities and directionality. Cytochalasin-D (Fig. 1, e
and f), which reduces the rate of polymerization by
capping the growing end of F-actin, was found to reduce
the velocity of retrograde flow to 0.99 5 0.27 mm/min
(Fig. 1 g, p < 0.001), while also scrambling the direction-
ality (Fig. 1 h, p ¼ 0.01). Jasplakinolide, which increases
polymerization and stabilizes actin filaments (Fig. 1, i and
j) had no significant effect on velocity (Fig. 1 k, p ¼ 0.06),
but did perturb directionality (Fig. 1 l, p < 0.01). As jas-
plakinolide increases actin polymerization universally, but
in an uncontrolled manner, the scrambling of the direc-
tionality demonstrates the system relies on balancing
polymerization and depolymerization in a regulated
fashion to achieve the ordered retrograde flow during syn-
apse formation.

To investigate whether membrane lipid order had an
effect on F-actin retrograde flow, we reduced lipid order us-
ing the cholesterol analog 7-ketocholesterol (7KC), as pre-
viously demonstrated for T cells (39) (Fig. 1, m and n).
F-actin flow velocities (Fig. 1 o) and directionality (Fig. 1
p) were not significantly altered (p¼ 0.88 and 0.32). Finally,
we treated cells using blebbistatin, which inhibits Myosin II
motors. In this case, no difference in flow velocities or direc-
tionality was observed between the treated cells and control
cells (Fig. S3 f). The fact that inhibiting Myosin II motors
did not slow actin retrograde flow velocity at the dSMAC
strongly suggests the actin flow in this region is driven pri-
marily by actin polymerization. These findings agree with
previous studies using coated glass coverslips and Jurkat
T cells, where flow change was not observed in the dSMAC
after Myosin II inhibition, but instead disrupted the actin-
arcs of the pSMAC (3,40).

To clarify the changes all drug treatments had on actin
retrograde flow, we plotted the percentage change compared
to control conditions (Fig. S5). Positive (negative) y-axis
values indicate the cells undergoing drug treatment have a
greater (fewer) number of vectors at that range of velocities
or angles. As expected, cytochalasin-D reduced F-actin
velocity (Fig. S5, a and d), while jasplakinolide had no sig-
nificant effect (Fig. S5, b and d). 7KC showed no significant
differences, indicating actin flow is not dependent on mem-
brane lipid order (Fig. S5, c and d). These treatment condi-
tions were shown not to adversely affect cell viability
(Fig. S6 a). It was also shown that T cell F-actin architecture
(Fig. S6 b) remained consistent both 1 and 5 min after a
1-min imaging time-course (Fig. S6, c and d) compared to
T cells imaged 1 min before and after no laser exposure
(Fig. S6, e and f).

LifeAct labels F-actin by transiently binding to multiple
monomers, potentially stabilizing the labeled structure. As
such, we repeated the experiments of Fig. 1 with monomeric



FIGURE 1 F-actin flow characterized using TIRF-SIM and STICS analysis. (a) Images show characterization of F-actin flow in T cells; shown are repre-

sentative TIRF-SIM images (a, e, i, and m) of cells 5–10 min after contact with a stimulatory coverslip and after different treatments (labeled bottom left of

images). ROIs within the blue boxes are to the right (b, f, j, and n), showing the output vector maps, from STICS analysis, representingz1 mm2. Scale bars, 5

mm. (b) Graphs show STICS outputs of normalized F-actin flow; any changes after drug treatment in either subregion velocity (c, g, k, and o) or directionality

(d, h, l, and p) are plotted. Vector angles are calculated against a seed point (cell center) as shown in (a) as a red dot, where a vector oriented toward a seed

point gave an angle of 0� (solid arrow), perpendicular to 90� (dotted arrow), and away from 180� (dashed arrow). (Controls: 1.635 0.46 mm, n ¼ 24. Cyto-

chalasin-D (C-D): 0.995 0.27 mm, n ¼ 10. Jasplakinolide (Jasp): 2.075 1.06 mm, n ¼ 27. 7-ketocholesterol (7KC): 1.615 0.49 mm, n ¼ 24.) To see this

figure in color, go online.
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GFP-actin to label actin structures without this transient
binding event (Fig. S7). The results were not statistically
different compared to the LifeAct results for both
control and drug treatments, with CD significantly slowing
actin flow (p < 0.003) and disrupting actin directionality
(p ¼ 0.0005), while jasplakinolide-treated cells were not
significantly different for either flow speed (0.07) or direc-
tion (p ¼ 0.1) versus controls.

Studies have shown that the cortical actin meshwork
and the plasma membrane may interact directly (14) or
indirectly via transmembrane and scaffolding proteins
(4,15,16). We therefore hypothesized that the flow of the
cortical actin mesh might be coupled to the membrane,
causing retrograde membrane flow. Cells were stained
with the lipophilic membrane dye DiO, synapses were
formed on activating coverslips with cells imaged by
TIRF-SIM (Movie S2), and membrane flow was quantified
by STICS. Our data indicated that the membrane also flows
in a retrograde fashion (63.3% inward) with a velocity
comparable to that of actin (Fig. 2, a and b), whereas
in the actin-poor synapse center, vector directionality ex-
hibited near-homogenous distribution across all angles
(Fig. 2, a and b) with 30.7% inward. Plotting individual
cell means demonstrated flow directionality was signifi-
cantly altered between the synapse periphery and center
(Fig. 2 c, p < 0.0001).

To ensure the detected flow within the membrane was not
a SIM-artifact, homogeneously distributed plate-bound flu-
orophores were imaged and analyzed, showing reduced vec-
tor numbers (i.e., reduced detected flow) and similar random
characteristics to the cell center regions (Fig. S8). Together,
these results demonstrate STICS does not correlate any
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FIGURE 2 Characterization of plasma mem-

brane flow in T cells imaged with TIRF-SIM and

analyzed by STICS. (a) The plasma membrane

was labeled with the lipophilic dye DiO, and imaged

5 min after contact with an antibody-coated cover-

slip. Shown is a representative TIRF-SIM image

with the magnified ROI within the blue boxes indi-

cating the output vector map from STICS analysis

of 1) synapse periphery flow and 2) synapse center

flow. Scale bars, 5 mm. (b) Histograms showing

the directionality of plasma membrane flow at the

periphery (right) and center (left) normalized to

total number of vectors. (c) Scatterplots of cell

averages, showing speeds for synapse peripheries

(4.00 5 1.61 mm), synapse centers (3.55 5 1.09

mm), and synapse directionality at the periphery

(56.07 5 17.02�) and center (82.42 5 12.03�)
(n.s., nonsignificant; ****, p< 0.0001; n ¼ 16).

To see this figure in color, go online.
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artifactual features of TIRF-SIM, with fewer vectors gener-
ated from samples with static or diffusive signal.

Interference reflection microscopy (IRM), which is a
method for detecting the proximity of the membrane to the
coverslip, indicates that this flowmay be in the form ofmem-
brane ruffles. Darker pixels represent regions of the sample
closer to the coverslip and are seen progressing with a wave-
like motion toward the synapse center. These IRM dynamics
exhibit nonsignificant flow speeds versus the membrane
(p ¼ 0.19), or actin imaged with GFP-actin (p ¼ 0.43) or
LifeAct-GFP (p ¼ 0.24) (Fig. S9 a and b; Movie S3). To
our knowledge, this is the first demonstration of retrograde
flow of the plasma membrane itself in this system.

To better understand the relationship between F-actin
flow and the flow of the plasma membrane, we extended
the single-color imaging method to multicolor superreso-
lution microscopy in the form of two-channel TIRF-SIM
and analyzed the data using a cross-correlation variant
STICCS (41). Using LifeAct-GFP and the red-emitting
membrane dye DiI, we were able to detect, image
(Fig. 3 a; Movie S4), and analyze actin and the membrane
simultaneously. Results are expressed as a ratio of the ve-
locities from channels A and B. Directionality scores can
range from �1 if vector A is oriented opposite to vector B,
whereas a score of þ1 demonstrates vectors are perfectly
aligned.
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F-actin and plasma membrane flow velocities and direc-
tionality were correlated at the immune synapse periphery,
indicating coupling between the two flows (Fig. 3, b and
c). The mean ratio of the flow velocities at the periphery
was 1.02 5 0.39 (Fig. 3 c, left plot), indicating the flows
have a similar velocity. The correlation between the direc-
tionalities was also high, 0.57 5 0.27 (where ‘‘1’’ indicates
collinear flow; Fig. 3 c, right plot), whereas it was observed
that the correlations were reduced as the flows moved from
the periphery toward the synapse center, possibly indicating
a decoupling of actin from the plasma membrane.

We next imaged cells transfected with both LifeAct-
mCherry and GPI-GFP, an outer-leaflet-residing marker
within the plasma membrane that has been shown in vitro
to mirror certain lipids of the inner leaflet in an actin-depen-
dent manner (42). The correlated flow showed similar re-
sults to the LifeAct-DiI dye imaging for both velocity
(1.05 5 0.35) and directionality (0.39 5 0.13; Fig. S10;
Movie S5). These results may demonstrate that outer-leaflet
proteins like GPI-anchored proteins may also correlate with
actin flow, in agreement with the active composite model.
Finally, as a negative control, analysis of cytosolic-GFP
did not show any significant flow, and when correlated
with the membrane dye DiI showed no correlated velocities
(1.31 5 0.52) or directional correlation (0.10 5 0.13;
Fig. S11).



FIGURE 3 STICCS analysis of two-channel

TIRF-SIM data. (a) Jurkat T cells were imaged us-

ing two-color TIRF-SIM with F-actin labeled with

EGFP-LifeAct and the plasma membrane stained

with DiI. Shown are the single-channel correlation

outputs for actin and the plasma membrane (middle

images) and the cross-correlation function between

the two channels (right). Scale bars, 5 mm. (b)

Cross-correlation heatmaps from a toroidal ROI at

the dSMAC of the cell from (a) show regions of

greater and lesser correlation for subregion veloc-

ities (left) and directionality (right). For velocities

this ratiometric measure indicates the difference be-

tween vectors where channel 1 may be flowing

slower than channel 2 (giving 0), the same speed

(giving þ1), or flowing twice as fast (þ2). Direc-
tionality is represented in a similar way, but as vec-

tor angles are established with reference to a seed

point and are bound to a discrete range between

0 and 180, vectors pointing in opposite directions

give �1 and those pointing in the same direction

giveþ1. (c) Scatter plots of whole cell mean veloc-

ities (left ¼ 1.02 5 0.39) and directionalities

(right ¼ 0.57 5 0.27; n ¼ 18) are shown. To see

this figure in color, go online.
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After these results, we hypothesized that the protein a-ac-
tinin, which can bind to several transmembrane proteins as
well as having the ability to cross-link actin fibers (33),
might act as a linker between cortical actin and plasma
membrane components. The a-actinin mediates F-actin
dynamics through transmembrane proteins, including
those found in T cell membrane domains containing CD3
(29), and was chosen because it is known to bind to
actin and transmembrane proteins such as integrins and
causes clustering of transmembrane proteins in lymphocytes
(29–31,43). It is also enriched at the immunological syn-
apse, involved in actin rearrangement, and acts as a barrier
to HIV infection (29).

Again, we used two-color, live-cell superresolution
microscopy and quantitative cross-correlation STICCS
analysis to investigate the correlation between actin flow
and that of a-actinin (Fig. 4; Movie S6). The a-actinin-
mCherry was transiently expressed in Jurkat T cells through
electroporation, using a plasmid encoding for ACTN1.
While overexpressing actin cross-linker proteins could
change nanoscale behaviors of actin, actin continued to
flow in a retrograde manner akin to untransfected cells.

Our results showed almost perfect cross correlation be-
tween actin and a-actinin, indicating highly similar flows
(Fig. 4, b and c). The a-actinin was most prominent at
the synapse periphery (Fig. 4 d)—where the correlation
between the cytoskeleton flow and that of the plasma mem-
brane was strongest.

To investigate the role of a-actinin further, we generated
Jurkat T cell CRISPR knockouts; after confirmation by
Western blot that a-actinin was knocked-out (Fig. 5 a), these
a-actinin�/� cells were then imaged while forming synapses
using TIRF-SIM. We found knocking out this protein signif-
icantly reduces the orderedness of cortical actin retrograde
flow, with both flow speeds and mean angles increasing
(Fig. S12). These results demonstrate the loss of the cross-
linking and stabilization function of a-actinin makes it
easier for actin fibers to be transported inwards by polymer-
ization (higher velocity), but that these then lack organiza-
tion with the rest of the cortical mesh (loss of directionality).

These results demonstrate the cross-linking and stabiliz-
ing ability of a-actinin may function as a moderator of
this retrograde flow, with unlinked actin fibers potentially
leading to increased random distribution and polymerization
at the immunological synapse, seen here as higher velocities
and scrambled directionality.

Because we hypothesize that a-actinin was mediating
observed actin flow to the plasma membrane, we next
imaged membrane flow in a-actinin�/� cells (Fig. 5 b)
with quantification (Fig. 5 c) and comparison with control
cells (Fig. 5 d). This revealed that whereas flow speeds
were not significantly reduced (Fig. 5 e, p ¼ 0.06), flow
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FIGURE 4 STICCS analysis of two-channel

TIRF-SIM data. (a) Jurkat T cells were imaged us-

ing two-color TIRF-SIM with F-actin labeled with

EGFP-LifeAct and a-actinin labeled with mCherry

(middle two images) and cross-correlation outputs

(right). Scale bars, 5 mm. (b) Cross-correlation

heatmaps from a toroidal ROI at the dSMAC of

the cell of velocities (left) and directionality (right)

are shown, as described in Fig. 3. (c) Scatter plots of

whole cell mean velocities (left¼ 0.785 0.19) and

directionalities (right ¼ 0.925 0.07) are given. (d)

Given here is a radial profile plot of single cell,

showing normalized fluorescent intensity of actin

and a-actinin distribution versus distance from

cell center (n ¼ 19). To see this figure in color, go

online.
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directionality was scrambled (Fig. 5 f, p < 0.005) with
39.9% of vectors exhibiting retrograde flow (n ¼ 8).
Whereas in control cells, actin and membrane flows were
the same (Fig. 9 b), in the a-actinin�/� cells actin flow ve-
locity is increased although the membrane flow is not,
implying a loss of coupling between the two structures.
DISCUSSION

In this study, we have applied STICS and STICCS analysis
to superresolution TIRF-SIM data, examining the flow ve-
locities and directionality of the cortical actin cytoskeleton
and the plasma membrane at the T cell immunological syn-
apse. This extends previous studies using conventional mi-
croscopy (3,4,17), resolving dynamic details of the dense
actin meshwork with quantification, at scales not previously
possible. The use of superresolution imaging is an important
advance: the cortical actin mesh is extremely dense at the
synapse periphery; therefore, the smaller resolution ele-
ments of SIM reduce the ensemble averaging of many inde-
pendent fibers that occurs with conventional resolution
microscopy. Additionally, the correlation function varies
approximately as the square root of the number of fluctua-
tions sampled and the number of fluorescent entities within
the subregion is inversely proportional to the correlation
function amplitude. Therefore, for the same subregion
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size, the use of superresolution microscopy produces corre-
lation functions with enhanced signal-to-noise. Coupling
this mode of imaging with STICS allowed the quantification
of flow velocities and directions over an area of the mem-
brane that is not possible in the kymograph analysis used
previously, which only computes velocities along a line pro-
file. This is especially important for computing the angle of
flow to the center position and therefore quantifying how
retrograde this flow is.

Under control conditions, F-actin exhibited retrograde
flow only at the periphery of the immune synapse. When
actin polymerization was modulated by drug treatments,
this flow could be slowed and the highly orientated direc-
tionality perturbed. The plasma membrane, when imaged
under control conditions, exhibited similar retrograde flow
to that of F-actin, and this flow was evident when observing
both LifeAct-GFP and actin-GFP. Cytochalasin-D, which
inhibits actin polymerization, slowed actin retrograde flow
whereas blebbistatin, which inhibits Myosin II motors,
had no effect. This strongly indicates the flow is driven pri-
marily by actin polymerization in the dSMAC. To our
knowledge, this is the first time that such a net flow of mem-
brane lipid components themselves has been observed.

Using two-color superresolution TIRF-SIM and cross-
correlation analysis, it was found that the flows of the
cortical actin and the plasma membrane are correlated.



FIGURE 5 Image correlation of the plasma

membrane by TIRF-SIM and STICS analysis in Ju-

rkat T cell forming immunological synapses after

a-actinin CRISPR knockout. (a) Image and quanti-

fication of a-actinin knockout were normalized to

wild-type Jurkat T cells; Western blots show both

anti-ACTN1 and anti-GAPDH as a control. (b)

The plasma membrane was labeled with the lipo-

philic dye DiO, and imaged 5 min after contact

with an antibody-coated coverslip. Scale bars, 5

mm. (c) STICS output vector maps are shown. (d)

Plots of the cell means for membrane flow velocity

(2.85 0.67 mm) and membrane flow directionality

(80.4 5 19.7�) are shown. Histograms show

the normalized (e) speed within the dSMAC

and (f) directionality. n ¼ 16 (controls) and 8

(a-actinin�/�); n.s., nonsignificant; **p < 0.005.

To see this figure in color, go online.

F-actin Dynamics at the T Cell Synapse
This analysis therefore demonstrates a potential linkage be-
tween the cortical actin meshwork and the plasma mem-
brane, including GPI-anchored proteins in the outer leaflet.

The correlation between the two flows is apparent in super-
resolved, nanoscale subregions of themembrane and is there-
fore not due to the microscale movement of the two
structures. IRM data showed that the fast moving F-actin
cortex at the dSMAC may drive inward-flowing membrane
ruffles; such ruffling has previously been observed (44).

Correlation of the actin and membrane flow was highest
in areas enriched with the actin binding protein a-actinin
whose retrograde flow was also highly correlated with that
of actin. We therefore hypothesize that a-actinin may oper-
ate as a linker between the two flowing populations of actin
and the plasma membrane. In addition to its actin binding
domains, a-actinin can also interact directly with transmem-
brane proteins (b-integrins) and indirectly (via vinculin and
talin) (33), all of which are expressed in T cells. To investi-
gate this further, we used CRISPR gene-editing technology
to produce a-actinin knockout T cells. These showed
increased actin flow velocities but scrambled actin direc-
tionality. This is consistent with the cross-linking ability
of a-actinin which, when lost, allows more rapid but unco-
ordinated polymerization-driven retrograde flow of the actin
fibers. Membrane flow was also scrambled, although it did
not show a significant decrease in velocity, which, given
that actin flow was increased, is consistent with a-actinin
acting as a mediator between the two systems. Beyond find-
ings presented here, other actin-membrane linker candi-
dates, such as Ezrin, Radixin, Moesin proteins and Fascin,
may also warrant investigation.

Here it is demonstrated the cross linking of actin directly
beneath the plasma membrane may also enhance the
nonspecific interaction of the cytoskeleton with the
membrane, thereby enhancing the picket-fence model of
cytoskeletal-membrane interactions (10). This may occur
within ordered phase membrane microdomains that are
known to facilitate actin-membrane interactions (19) and
have been observed to be enriched at the T cell synapse
periphery (21).

When characterizing membrane dynamics, particularly
for transmembrane proteins, molecules with large extracel-
lular domains, protein segregation, and clustering, it is
important to highlight there are potential differences found
between the optically favorable but rigid antibody-coated
coverslips used in this study, and supported lipid bilayer
or cell-cell interactions used by others (reviewed in (45)).
When studying transmembrane proteins it is important to
Biophysical Journal 112, 1703–1713, April 25, 2017 1711



Ashdown et al.
remember these occupy both dynamic and quasi-static
populations based on their proximity to the cytoskeleton
and their ligands. Moreover, morphological changes in three
dimensions as seen here with IRM imaging may be different
when cells encounter other cells rather than coverslips.

While the role fulfilled by the cytoskeleton in regulating
cell shape, organization, and polarization is well understood
(46–48), the role of the plasma membrane, beyond a plat-
form for signal transduction, is less well known. Some re-
ports suggest cell migration does not lead to a flowing of
the membrane (49), indicating a slipping of the F-actin
cortex relative to the membrane, rather than creating static
adhesions that can drive forces through the membrane.
However, it is known that many of the membrane and mem-
brane-proximal proteins that are required for the regulation
of T cell activation demonstrate microclustering and retro-
grade flow at the synapse (1,2,5,50). We therefore hypothe-
size that this might also be facilitated by the retrograde flow
of the plasma membrane itself, which is driven by the flow
of the cortical actin cytoskeleton.
SUPPORTING MATERIAL
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33. Sjöblom, B., A. Salmazo, and K. Djinovi�c-Carugo. 2008. a-actinin
structure and regulation. Cell. Mol. Life Sci. 65:2688–2701.

34. Kiuchi, T., M. Higuchi, ., N. Watanabe. 2015. Multitarget super-res-
olution microscopy with high-density labeling by exchangeable probes.
Nat. Methods. 12:743–746.

35. Thompson, R. E., D. R. Larson, and W. W. Webb. 2002. Precise
nanometer localization analysis for individual fluorescent probes.
Biophys. J. 82:2775–2783.

36. Sakamoto, T., J. Limouze, ., J. R. Sellers. 2005. Blebbistatin, a
myosin II inhibitor, is photoinactivated by blue light. Biochemistry.
44:584–588.
37. Fiolka, R., L. Shao, ., M. G. L. Gustafsson. 2012. Time-lapse two-
color 3D imaging of live cells with doubled resolution using structured
illumination. Proc. Natl. Acad. Sci. USA. 109:5311–5315.

38. Gustafsson, M. G. L., L. Shao, ., J. W. Sedat. 2008. Three-dimen-
sional resolution doubling in wide-field fluorescence microscopy by
structured illumination. Biophys. J. 94:4957–4970.

39. Rentero, C., T. Zech, ., K. Gaus. 2008. Functional implications of
plasma membrane condensation for T cell activation. PLoS One.
3:e2262.

40. Murugesan, S., J. Hong, ., J. A. Hammer. 2016. Formin-generated
actomyosin arcs propel T cell receptor microcluster movement at the
immune synapse. J. Cell Biol. 215:383–399.

41. Toplak, T., E. Pandzic, ., P. W. Wiseman. 2012. STICCS reveals
matrix-dependent adhesion slipping and gripping in migrating cells.
Biophys. J. 103:1672–1682.

42. Raghupathy, R., A. A. Anilkumar, ., S. Mayor. 2015. Transbilayer
lipid interactions mediate nanoclustering of lipid-anchored proteins.
Cell. 161:581–594.

43. Kelly, D. F., D. W. Taylor,., K. A. Taylor. 2006. Structure of the a-ac-
tinin-vinculin head domain complex determined by cryo-electron mi-
croscopy. J. Mol. Biol. 357:562–573.

44. Benninger, R. K. P., B. Vanherberghen, ., B. Onfelt. 2009. Live cell
linear dichroism imaging reveals extensive membrane ruffling within
the docking structure of natural killer cell immune synapses.
Biophys. J. 96:L13–L15.

45. Balagopalan, L., E. Sherman,., L. E. Samelson. 2011. Imaging tech-
niques for assaying lymphocyte activation in action. Nat. Rev. Immu-
nol. 11:21–33.

46. Burkhardt, J. K., E. Carrizosa, and M. H. Shaffer. 2008. The actin cyto-
skeleton in T cell activation. Annu. Rev. Immunol. 26:233–259.

47. Dustin, M. L., and J. A. Cooper. 2000. The immunological synapse and
the actin cytoskeleton: molecular hardware for T cell signaling. Nat
Immunol. 1:23–29.

48. Samstag, Y., S. M. Eibert, ., G. H. Wabnitz. 2003. Actin cytoskeletal
dynamics in T lymphocyte activation and migration. J. Leukoc. Biol.
73:30–48.

49. Kucik, D. F., E. L. Elson, and M. P. Sheetz. 1990. Cell migration does
not produce membrane flow. J. Cell Biol. 111:1617–1622.

50. Yokosuka, T., K. Sakata-Sogawa, ., T. Saito. 2005. Newly generated
T cell receptor microclusters initiate and sustain T cell activation by
recruitment of Zap70 and SLP-76. Nat. Immunol. 6:1253–1262.
Biophysical Journal 112, 1703–1713, April 25, 2017 1713

http://refhub.elsevier.com/S0006-3495(17)30291-6/sref24
http://refhub.elsevier.com/S0006-3495(17)30291-6/sref24
http://refhub.elsevier.com/S0006-3495(17)30291-6/sref24
http://refhub.elsevier.com/S0006-3495(17)30291-6/sref25
http://refhub.elsevier.com/S0006-3495(17)30291-6/sref25
http://refhub.elsevier.com/S0006-3495(17)30291-6/sref25
http://refhub.elsevier.com/S0006-3495(17)30291-6/sref26
http://refhub.elsevier.com/S0006-3495(17)30291-6/sref26
http://refhub.elsevier.com/S0006-3495(17)30291-6/sref26
http://refhub.elsevier.com/S0006-3495(17)30291-6/sref26
http://refhub.elsevier.com/S0006-3495(17)30291-6/sref27
http://refhub.elsevier.com/S0006-3495(17)30291-6/sref27
http://refhub.elsevier.com/S0006-3495(17)30291-6/sref27
http://refhub.elsevier.com/S0006-3495(17)30291-6/sref27
http://refhub.elsevier.com/S0006-3495(17)30291-6/sref28
http://refhub.elsevier.com/S0006-3495(17)30291-6/sref28
http://refhub.elsevier.com/S0006-3495(17)30291-6/sref28
http://refhub.elsevier.com/S0006-3495(17)30291-6/sref28
http://refhub.elsevier.com/S0006-3495(17)30291-6/sref28
http://refhub.elsevier.com/S0006-3495(17)30291-6/sref29
http://refhub.elsevier.com/S0006-3495(17)30291-6/sref29
http://refhub.elsevier.com/S0006-3495(17)30291-6/sref29
http://refhub.elsevier.com/S0006-3495(17)30291-6/sref29
http://refhub.elsevier.com/S0006-3495(17)30291-6/sref30
http://refhub.elsevier.com/S0006-3495(17)30291-6/sref30
http://refhub.elsevier.com/S0006-3495(17)30291-6/sref30
http://refhub.elsevier.com/S0006-3495(17)30291-6/sref31
http://refhub.elsevier.com/S0006-3495(17)30291-6/sref31
http://refhub.elsevier.com/S0006-3495(17)30291-6/sref31
http://refhub.elsevier.com/S0006-3495(17)30291-6/sref32
http://refhub.elsevier.com/S0006-3495(17)30291-6/sref32
http://refhub.elsevier.com/S0006-3495(17)30291-6/sref32
http://refhub.elsevier.com/S0006-3495(17)30291-6/sref32
http://refhub.elsevier.com/S0006-3495(17)30291-6/sref33
http://refhub.elsevier.com/S0006-3495(17)30291-6/sref33
http://refhub.elsevier.com/S0006-3495(17)30291-6/sref33
http://refhub.elsevier.com/S0006-3495(17)30291-6/sref34
http://refhub.elsevier.com/S0006-3495(17)30291-6/sref34
http://refhub.elsevier.com/S0006-3495(17)30291-6/sref34
http://refhub.elsevier.com/S0006-3495(17)30291-6/sref35
http://refhub.elsevier.com/S0006-3495(17)30291-6/sref35
http://refhub.elsevier.com/S0006-3495(17)30291-6/sref35
http://refhub.elsevier.com/S0006-3495(17)30291-6/sref36
http://refhub.elsevier.com/S0006-3495(17)30291-6/sref36
http://refhub.elsevier.com/S0006-3495(17)30291-6/sref36
http://refhub.elsevier.com/S0006-3495(17)30291-6/sref37
http://refhub.elsevier.com/S0006-3495(17)30291-6/sref37
http://refhub.elsevier.com/S0006-3495(17)30291-6/sref37
http://refhub.elsevier.com/S0006-3495(17)30291-6/sref38
http://refhub.elsevier.com/S0006-3495(17)30291-6/sref38
http://refhub.elsevier.com/S0006-3495(17)30291-6/sref38
http://refhub.elsevier.com/S0006-3495(17)30291-6/sref39
http://refhub.elsevier.com/S0006-3495(17)30291-6/sref39
http://refhub.elsevier.com/S0006-3495(17)30291-6/sref39
http://refhub.elsevier.com/S0006-3495(17)30291-6/sref40
http://refhub.elsevier.com/S0006-3495(17)30291-6/sref40
http://refhub.elsevier.com/S0006-3495(17)30291-6/sref40
http://refhub.elsevier.com/S0006-3495(17)30291-6/sref41
http://refhub.elsevier.com/S0006-3495(17)30291-6/sref41
http://refhub.elsevier.com/S0006-3495(17)30291-6/sref41
http://refhub.elsevier.com/S0006-3495(17)30291-6/sref42
http://refhub.elsevier.com/S0006-3495(17)30291-6/sref42
http://refhub.elsevier.com/S0006-3495(17)30291-6/sref42
http://refhub.elsevier.com/S0006-3495(17)30291-6/sref43
http://refhub.elsevier.com/S0006-3495(17)30291-6/sref43
http://refhub.elsevier.com/S0006-3495(17)30291-6/sref43
http://refhub.elsevier.com/S0006-3495(17)30291-6/sref44
http://refhub.elsevier.com/S0006-3495(17)30291-6/sref44
http://refhub.elsevier.com/S0006-3495(17)30291-6/sref44
http://refhub.elsevier.com/S0006-3495(17)30291-6/sref44
http://refhub.elsevier.com/S0006-3495(17)30291-6/sref45
http://refhub.elsevier.com/S0006-3495(17)30291-6/sref45
http://refhub.elsevier.com/S0006-3495(17)30291-6/sref45
http://refhub.elsevier.com/S0006-3495(17)30291-6/sref46
http://refhub.elsevier.com/S0006-3495(17)30291-6/sref46
http://refhub.elsevier.com/S0006-3495(17)30291-6/sref47
http://refhub.elsevier.com/S0006-3495(17)30291-6/sref47
http://refhub.elsevier.com/S0006-3495(17)30291-6/sref47
http://refhub.elsevier.com/S0006-3495(17)30291-6/sref48
http://refhub.elsevier.com/S0006-3495(17)30291-6/sref48
http://refhub.elsevier.com/S0006-3495(17)30291-6/sref48
http://refhub.elsevier.com/S0006-3495(17)30291-6/sref49
http://refhub.elsevier.com/S0006-3495(17)30291-6/sref49
http://refhub.elsevier.com/S0006-3495(17)30291-6/sref50
http://refhub.elsevier.com/S0006-3495(17)30291-6/sref50
http://refhub.elsevier.com/S0006-3495(17)30291-6/sref50


STED-FLCS: An Advanced Tool to Reveal Spatiotemporal
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ABSTRACT: Heterogeneous diffusion dynamics of molecules play an important role
in many cellular signaling events, such as of lipids in plasma membrane bioactivity.
However, these dynamics can often only be visualized by single-molecule and super-
resolution optical microscopy techniques. Using fluorescence lifetime correlation
spectroscopy (FLCS, an extension of fluorescence correlation spectroscopy, FCS) on
a super-resolution stimulated emission depletion (STED) microscope, we here extend
previous observations of nanoscale lipid dynamics in the plasma membrane of living
mammalian cells. STED-FLCS allows an improved determination of spatiotemporal
heterogeneity in molecular diffusion and interaction dynamics via a novel gated detection scheme, as demonstrated by a
comparison between STED-FLCS and previous conventional STED-FCS recordings on fluorescent phosphoglycerolipid and
sphingolipid analogues in the plasma membrane of live mammalian cells. The STED-FLCS data indicate that biophysical and
biochemical parameters such as the affinity for molecular complexes strongly change over space and time within a few seconds.
Drug treatment for cholesterol depletion or actin cytoskeleton depolymerization not only results in the already previously
observed decreased affinity for molecular interactions but also in a slight reduction of the spatiotemporal heterogeneity. STED-
FLCS specifically demonstrates a significant improvement over previous gated STED-FCS experiments and with its improved
spatial and temporal resolution is a novel tool for investigating how heterogeneities of the cellular plasma membrane may
regulate biofunctionality.

KEYWORDS: Super-resolved microscopy, stimulated-emission-depletion microscopy, time-resolved, fluorescence-correlation spectroscopy,
time-correlated single-photon counting

The role of the cellular plasma membrane is central in many
biological processes. It is well acknowledged that the

plasma membrane is not just a simple fluidic system, but it is
rather a highly heterogeneous environment constituting a
plethora of different lipids, proteins, and sugars, with links to
the underlying actin cytoskeleton and the extracellular matrix.
Important cellular functions are often triggered by specific
interactions between these entities.1−3 Such interactions usually
result in highly heterogeneous diffusion patterns of the involved
molecules4,5 (Figure 1a). For example, molecules will not
diffuse freely but are transiently trapped when interacting with
immobilized or slow moving entities. Further, compartmental-
ization of the membrane by the underlying actin cytoskeleton
can result in a hindered, e.g., hop-like, diffusion.
A widespread tool for investigating molecular diffusion

dynamics is fluorescence correlation spectroscopy (FCS),
which determines average molecular diffusion coefficients D
from thousands of molecular transits through the microscope’s

observation spot.6,7 With measurement times of only a few
seconds, and by placing or scanning the spot over distinct
points in space, FCS may deliver information on heterogeneity
in diffusion over space and time.8,9 Revealing heterogeneous
diffusion modes requires probing diffusion coefficients D at
different spatial scales, i.e., for different observation spot
diameters d5,10 (Figure 1b). Unfortunately, due to the limited
spatial resolution of conventional far-field microscopy, nano-
scopic details of such heterogeneity are usually only indirectly
inferable in such spot-variation FCS experiments, by extrapolat-
ing to relevant sub-100 nm spatial scales.
A remedy to this limitation is the use of FCS on a super-

resolution stimulated emission depletion (STED) micro-
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scope.11 STED microscopy delivers spatial resolution of <50
nm in living cells and allows a straightforward tuning of the
observation spot by the intensity of the added STED laser
beam, i.e., a straightforward determination of the D(d)
dependency down to the relevant scale.12,13 Using STED-
FCS, we have previously shown that this D(d) dependency
varies for the diffusion characteristics of fluorescent lipid
analogues of phosphoethanolamine (PE) and sphingomyelin
(SM) (Figure 1c) in the plasma membrane of live mammalian
PtK2 cells, revealing transient trapping for the SM analogue
(once again experimentally verified in Figure 1d). Close
inspection of the FCS data at small d and for different lipid
analogues revealed that, at least for the cell types inves-
tigated:12−14 (i) trapping was due to lipid-specific transient
interactions with other membrane entities such as proteins on
time-scales of 1−10 ms; (ii) that the lipids hardly moved during
trapping (i.e., the binding partner is relatively slow-moving or

even immobilized); (iii) that trapping was locally confined in
spots of <80 nm in size that were transient in the time scale of
1−10 s; and (iv) that these interactions were independent of
the lipid’s preference for liquid-ordered or -disordered
environments in model membranes (often referred to as
“rafts”). Furthermore, with previous control experiments using
different dye labels and label positions as well as different
experimental conditions,12−15 we ensured a nondetectable (at
least by STED-FCS) influence by the dye label on the lipid
dynamics, by photobleaching, heating, or other (nonlinear)
laser-driven effects, and the accurate integration of the lipid
analogues into the membrane. Moreover, as expected16

diffusion of both the Atto647N-labeled PE and SM was free
in a fluid model membrane such as (100% DOPC) supported
lipid bilayers (SLBs) on plasma-cleaned glass, as here
experimentally verified in Figures 1d and S1.
In the previous STED-FCS experiments, the recording of the

D(d) dependency took at least minutes since it required the
recording of at least 5−15 s-long FCS data for various
intensities of the STED laser, with an unavoidable displacement
of the observation (i.e., laser) spot in-between measurements.
As a consequence, the STED-FCS experiments averaged over
temporal and spatial heterogeneity. Notably, the standard
deviations of the averaged values determined for D in live-cell
membranes were much larger than those recorded for the
fluorescent lipid analogues diffusing in the fluid SLB (Figure
1d), revealing a hidden heterogeneity in the plasma membrane
data. To better highlight heterogeneity in diffusion modes, we
urged for a measurement mode that can access the D(d)
dependency within one FCS recording, i.e., within 5−15 s only.
Most STED-FCS experiments so far employed pulsed laser

light for both excitation and stimulated emission action. In this
configuration, the only way to tune the observation spot is by
varying the intensity of the STED laser, which is unfortunately
not straightforwardly realizable within a single FCS recording.
However, we have previously shown that in an experimental
arrangement that uses pulsed excitation, continuous-wave
(CW) STED laser beams and time-gated detection, the
observation spot size d can also be tuned by the position of
the time gate (gated STED, gSTED).17,18 This is because in
this arrangement, the (cumulative) probability for stimulated
emission increases over time after the excitation laser pulse, and
thus, fluorescence photons detected after different time-delays,
i.e., at different time-gates starting from time Tg with respect to
the excitation laser pulse, originate from increasingly decreased
central areas of the observation spot18,19 (Figure S2). As a
consequence, FCS data can be generated for different
observation spot sizes d and thus the D(d) dependencies
constituted out of a single measurement (not requiring
recordings at multiple STED intensities as before). Specifically,
by setting different time gates Tg and calculating data from
photons arriving only at times > Tg, different correlation data
are acquired out of a single photon stream recorded by time-
correlated single-photon counting (TCSPC) for one STED
laser beam intensity (Figure 2a).18 However, the gSTED-FCS
analysis in its current state is still limited. For small time delays
Tg, the gSTED-FCS approach averages over a large time period
of STED laser beam action, resulting already in rather reduced
spot sizes d. As a consequence, the range of diameters accessed
by gated STED-FCS from a measurement at a single STED
laser beam intensity is rather low, e.g., 50 nm < d < 110 nm, as
determined both theoretically (Figure S3d) and experimentally
(Figure 2b, gated STED-FCS analysis of free diffusion of PE in

Figure 1. Diffusion modes and impact on STED-FCS measurements.
(a) Sketch of representative molecular tracks for different diffusion
modes, such as free diffusion (red, upper), trapping diffusion or
transient partitioning into domains of higher molecular order (blue,
upper, with dots marking the points of transient stops in diffusion),
and hop diffusion (black, lower) due to compartmentalization of the
membrane by the underlying actin meshwork (brown). (b) Schematic
dependency of the apparent diffusion coefficient D on the diameter d
of the observation spot, as expected for the different diffusion modes
and as for example determined by STED-FCS. Insets: Exemplary
observation spots of decreasing size (arrows) as formed by scanning
over single emitters for increasing STED intensities. (c) Molecular
structures of the fluorescent lipid analogues PE (phosphoethanol-
amine, acyl chain length C15, saturated, label at headgroup) and SM
(sphingomyelin, C13, saturated, labeling via acyl-chain replacement)
labeled with the organic dye Atto647N (red) as used in this study. (d)
Dependency D(d) measured by single-point STED-FCS for PE in a
supported lipid bilayer (SLB, DOPC MICA-supported lipid bilayer,
left) and for PE and SM in the plasma membrane of live PtK2 cells
(right, PE, black; SM, red), exemplifying free diffusion of PE in both
cases, trapping diffusion for SM in cells, and an increased
heterogeneity for diffusion in cells (error bars as s.d.m. from 20
measurements).
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the fluid SLB). Consequently, a full D(d) dependency (from
confocal >150 to 50 nm diameters) would require the
recording at additional, lower STED intensities, again limiting
the time resolution.
The basics of gSTED-FCS are similar to that of fluorescence-

lifetime-correlation spectroscopy (FLCS), where also different
FCS data is generated from the same TCSPC photon stream.
In FLCS, the photons are weighted differently as to separate
FCS data between labels of different fluorescence lifetime.20,21

Starting from that idea, we here introduce STED-FLCS as an
improved version of gSTED-FCS. In STED-FLCS, correlation

data is separated for different observation spot sizes d by
choosing photons from time gating intervals ΔT centered at
different Tg (instead of from the whole time span > Tg as for
gSTED-FCS) (Figure 2a). By choosing intervals ΔT instead of
whole time spans, we both theoretically (Figures S2c and S3a)
and experimentally (Figure 2b) showed a continuous reduction
of the diameter d of the observation spot from close to
diffraction-limited 240 nm down to in this case approximately
50 nm. In addition, the spatial profile of the fluorescence
emission in the observation spot of the STED-FLCS data was
well described by a Gaussian, while this was less the case for

Figure 2. Principle of STED-FLCS. (a) Time t courses (left panels) of the excitation laser (green, upper, sketched), the STED laser (brown, below,
sketched), decay of fluorescence emission (middle, experimental data from single emitter) at the focal center (green) and periphery (hollow green),
and detection windows (lower panels) for cwSTED-FCS (light blue), gSTED-FCS (dark blue with time gate Tg), and STED-FLCS (violet) with
detection window ΔT and for increasing time gate Tg (red arrow). The right panels show experimental images of the focal intensity distribution of
the excitation (upper, green) and STED (second upper, brown) lasers, as well as the fluorescence images of a single emitter as obtained for the
different gating conditions, as labeled or indicated in the left panels. Scale bars 200 nm. (b) Experimentally determined dependency of the
observation spot diameter d (full width at half-maximum, fwhm) on the time gate Tg for the different STED-FCS modes as indicated in the legend,
and for different STED laser powers PSTED in the case of STED-FLCS, as indicated in brackets in mW (PSTED(gSTED-FCS) = 300 mW). The
dynamic range in d is highest for STED-FLCS. The diameter d was determined from FCS analysis of free diffusion of the PE analogue in the SLB.
(c) Dependency of anomaly α on d for the gSTED-FCS and STED-FLCS data of free diffusion of PE in the SLB (PSTED = 300 mW). An apparent
anomaly appears in the case of gSTED-FCS, especially for small Tg, i.e, . larger d; an artifact that is avoided in the STED-FLCS recordings. (d)
Representative dependencies of the apparent diffusion coefficient D on d for single 10 s STED-FLCS recordings of PE diffusion in SLBs, allowing the
determination of Dmax and Dmin for large and small diameters, respectively (gray bars). Inset: Scatter of value pairs (Dmax, ΔD = Dmin/Dmax) for 20
STED-FLCS recordings of different measurement times (green, 5 s; red, 10 s; black, 25 s), indicating low heterogeneity of diffusion with a free
Brownian characteristics (center at ΔD = 1 and D0 = 3.8 μm2/s).
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gSTED-FCS (Figure S3b). Since the gSTED-FCS data,
especially for small Tg, results from averaging over a large
time period of STED laser beam action, the profile of the
fluorescence emission in the observation spot is more
Gaussian−Lorentzian.22 gSTED-FCS data thus revealed a
more stretched decay (compared to conventional FCS data
resulting from free diffusion through a Gaussian-shaped
observation spot), and in our case we had to introduce an
anomaly α < 1 to accurately fit the experimental gSTED-FCS
data (PE diffusing freely in the fluid SLB) using conventional
FCS data analysis (Figure 2c). Unfortunately, values of α < 1
usually indicate anomalous or hindered diffusion. Thus, the
accurate fitting of gated STED-FCS data would have required
more complex fitting routines.23,24 Yet, we received α ≈ 1 from
the conventional FCS analysis of the STED-FLCS data
instituted from the same data set (Figure 2c).
To highlight the advantages of the STED-FLCS analysis, we

anticipated a direct comparison to the previous STED-FCS
studies, thus using again the example of the membrane diffusion
dynamics of the PE and SM analogues. Figure 2d shows
representative D(d) dependencies from the analysis of
subsequent 5−25 s long STED-FLCS measurements of the
diffusion of the PE lipid in the fluid SLB. As expected, the D(d)
dependencies were constant, indicating free diffusion. Also, the
FCS data revealed a sufficient quality (Figure S4), and
consequently the variation in parameters was very low, even
for measurement times as low as 5 s. Each STED-FLCS
recording let us determine two important parameters at once,
the apparent diffusion coefficient Dmax of the confocal
recordings, roughly outlining the overall macroscopic mobility,
and the ratio ΔD = Dmin/Dmax of the apparent diffusion
coefficients determined for the smallest observation spots
(Dmin) and the largest observation spot (Dmax). This ratio is ΔD
= 1 for free diffusion, <1 for heterogeneous diffusion due to, for
example, transient trapping, and >1 for hop diffusion13,14,25

(compare Figure 1b,d). For both parameters and for measure-
ment times of 5−25 s, we observed a low scatter in values
around average values of Dmax = 3.8 μm2/s and ΔD = 1, as well
as expressing the negligible change in D(d) and thus diffusion
mode in the time regime of seconds (inset Figure 2d, for SM
see Figure S1b). The observation of variation of diffusion
modes on the second time scale was impossible before since
Dmax and Dmin had to be accessed from separate measurements,
i.e., with decreased time resolution.
The range of diameters d accessed for different time delays

Tg within a single STED-FLCS measurement varied with the
STED intensity as well as with the width ΔT of the detection
windows. As shown experimentally and theoretically in Figures
2b and S5a, respectively, the smallest observation spots for
determining Dmin were created with larger STED intensities, but
this also came along with a reduction of the observation spot
determining Dmax, i.e., the whole range of diameters accessed
(max to min) was shifted to smaller values. While the choice of
ΔT did not change the size of the smallest observation spots
reached for large Tg, we more closely approached the
diffraction-limited observation spot for small Tg with narrower
time windows, i.e., smaller ΔT (Figure S5c). As pointed out
before (Figure 2b), this results from the fact that, especially for
small Tg, large ΔT entail averaging over a larger time periods of
STED laser beam action. Consequently, the largest range of
diameters d (max to min) within a single STED-FLCS
measurement is in principle realized with small ΔT. However,
smaller ΔT impose decreased number of detected photon and

thus decreased signal-to-noise ratios; the signal-to-noise ratio in
any case decreases with increasing Tg

18,19 (Figure S5c).
Therefore, one has to balance the range of accessible d-values
against signal-to-noise ratios. In our case, when using
Atto647N-labeled lipids and powers PSTED = 300 mW of the
STED light at 770 nm we achieved sufficient signal-to-noise in
the FCS data for ΔT = 1.5 ns and 10 s recordings (Figure S4).
We next moved to the investigation of the diffusion

characteristics of the fluorescent lipid analogues in the plasma
membrane of living cells.12−14 Using STED-FLCS with
parameters as defined in the previous paragraph, various D(d)
dependencies were determined from 10 s recordings of the
Atto647N-labeled PE and SM lipids diffusing in the plasma
membrane of living Ptk2 cells at different times and places
(Figures 3a and S6a). Compared to the model membrane data
(Figure 2d), the D(d) dependency varied strongly in time and

Figure 3. STED-FLCS measurements of lipid diffusion in the plasma
membrane of live PtK2 cells. (a) Dependencies D(d) for
representative 10 s measurements of SM with the parameters Dmax
and Dmin marked by gray bars. A large heterogeneity in diffusion modes
becomes obvious (purple, free; blue, trapping; magenta, hopping). (b−
d) Scatter of value pairs (Dmax long-range apparent diffusion constant,
ΔD = Dmin/Dmax diffusion mode) for STED-FLCS recordings of (b) PE
(red, N = 28) and SM (green, N = 84, the dotted vertical line indicates
the arbitrary threshold for events of strong trapping Dmax < 0.14), (c)
SM following LatrB treatment for actin depolymerization (N = 109),
and (d) SM following COase treatment for cholesterol depletion (N =
56). Diffusion of PE is mainly free (ΔD ≈ 1), while most of the SM
measurements indicate trapping (ΔD ≪ 1), which is much less upon
treatment with COase or LatrB. In all cases, diffusion is very
heterogeneous as indicated by the strong scatter in values. (e,f)
Boxplots of values of Dmax (e) and ΔD (f) determined from the
respective data of b−d as labeled, indicating average values and
standard deviations. For SM we differentiated between strong (Dmax <
0.14) and weaker (Dmax > 0.14) trapping events. Heterogeneity in
membrane diffusion (especially in ΔD) is slightly reduced after COase
treatment.
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space, with changing values in both Dmax and ΔD (compare also
Figure S7, depicting specifically changes in Dmax and ΔD over
time). However, averaging over a multiple of these data again
revealed a D(d) characteristic as in Figure 1d, with the same
large standard deviations. The heterogeneity in space and time
of plasma membrane lipid diffusion is further highlighted in
Figure 3b, where the scatter in value pairs (Dmax, ΔD) is
depicted for the STED-FLCS recordings of PE and SM. Both
fluorescent lipid analogues not only showed vast changes in
diffusion modes, mainly between free (ΔD ≈ 1) to trapping
(ΔD ≪ 1) diffusion, but also strong changes in overall
macroscopic mobility Dmax over space and time. While the
values scattered around Dmax = 0.4 μm2/s and ΔD = 1 for PE,
confirming close to free diffusion, in the case of SM these
parameters ranged from values similar to PE down to values as
low as Dmax < 0.1 μm2/s and ΔD < 0.14, indicating trapping
diffusion, i.e., interaction with less mobile membrane entities at
these points in space and time. For SM, values of Dmax and ΔD
correlated in a positive way (compare also Figure S6). This is to
be expected since trapping also leads to a macroscopic slow-
down.12 Especially incidences of more pronounced free
diffusion (ΔD around 1) showed large variations in overall
macroscopic mobility Dmax, indicating, for example, variations
in membrane viscosity, fluidity or molecular crowding.
Therefore, distinct interaction sites and spots of different
mobility changed strongly over space and time. Since values of
Dmax and ΔD were distinct even for the STED-FLCS recordings
of 10 s, the different conditions (trapping, free diffusion, or
certain overall mobility) had to be stable for at least a few
seconds; otherwise, they would not have dominated the
respective 10 s long single recordings. These findings are in
accordance with previous STED-FCS recordings using fast
beam-scanning, revealing for SM several distinct interactions
sites that were stable for several seconds up to 10 s.14 However,
those scanning STED-FCS recordings could not determine
Dmax and ΔD out of one recording (but rather either only Dmax
or DSTED). Therefore, while scanning STED-FCS highlighted
changes in space at a distinct time-point in either Dmax or Dmin,
our current STED-FLCS recordings directly revealed changes
in Dmax, Dmin and most importantly ΔD over time (Figure S7).
In contrast, heterogeneity in space was only approached by
comparing value pairs (Dmax, ΔD) taken at different spots and
different cells at different time points (Figure 3).
Our STED-FLCS data also observed some incidences of hop

diffusion (ΔD ≫ 1). In this mode, diffusion of molecules is
hindered by compartments.4,10,25,26 While molecules diffuse
freely within these compartments, diffusion from one compart-
ment to the next is hindered (Figure 1a). One reason for such
compartmentalization is the cortical actin cytoskeleton, which
usually forms a meshwork and might act as a barrier for
diffusion. As a consequence of this hop or compartmentalized
diffusion, apparent diffusion coefficients measured for large
observation spots (Dmax) are rather low since a molecular
transits involve crossing of several of these barriers, while those
measured for small observation spots (Dmax) are large since
they probe the free diffusion inside the compartments only.13,25

This characteristic was reflected in our data, but present for a
few points only. A recent study indicated that hop diffusion was
not a dominant feature in STED-FCS recordings on PtK2 cells
due to an average meshwork size of 25 nm, i.e., below the
spatial resolution of those as well as our current measure-
ments.25 The few incidences of hop diffusion might indicate
larger meshwork sizes at that point in space and time.

Our previous STED-FCS recordings demonstrated a
dependency of the transient trapping of SM on levels of
cholesterol and on the actin cytoskeleton.13 Figure 3c,d depicts
the scatter in value pairs (Dmax, ΔD) as determined from STED-
FLCS recordings of SM diffusion in the plasma membrane of
live Ptk2 cells treated with Latrunculin B (LatrB, for actin
cytoskeleton depolymerization) or Cholesterol Oxidase
(COase, for cholesterol depletion). While the overall variation
in values of Dmax and ΔD was still strong, the extent of trapping
decreased, as reflected by an overall increase in values of ΔD
(and more strongly for COase than for LatrB, compare also
Figure S6). The STED-FLCS data confirmed our previous
observations that the transient interactions of SM were
cholesterol assisted and the mobility of the binding partners
was hindered by the actin cytoskeleton.13 Yet, our STED-FLCS
data now allowed us to take a closer look on whether
heterogeneity in membrane mobility had changed upon COase
or LatrB treatments. Figure 3e,f depicts the boxplots (average
and standard deviations) of the values Dmax and ΔD for all cases,
diffusion of PE, of SM, and of SM following COase or LatrB
treatments. For SM we have differentiated between events of
strong trapping (Dmax< 0.14) and weak trapping or free
diffusion (Dmax > 0.14). Clearly, as noted before, average values
of both Dmax and ΔD were highest for the generally free
diffusing PE lipid analogue, and those of SM whether for the
case of D0 > 0.14 or after LatrB or COase treatment all revealed
weak trapping only. However, more notably, the standard
deviations indicate that the variation in both overall macro-
scopic mobility (Dmax) and more strongly in differences in
diffusion modes (ΔD) was reduced following COase treatment.
Consequently, heterogeneity in lipid diffusion dynamics was
reduced upon cholesterol depletion.
For the drug treatments, one cannot fully exclude incidences

where a cell started apoptosis. However, we applied
concentrations and incubation times for these drugs (Support-
ing Information) as used multiple times before in membrane
diffusion studies, allowing a safe comparison.5,12,13 In addition,
we checked for a correlation between trapping ΔD and
fluorescent lipid analogue concentration. We estimated the
concentration from the average particle number N = 1/G(0) in
the observation spot (calculated from the amplitude G(0) of
the correlation data generated for large observation spots) and
determined a random distribution in value pairs (ΔD, N) and
no notable change in scatter of values when changing the
concentration in fluorescent lipid analogues by an order of
magnitude (Figure S8).
In conclusion, we have introduced STED-FLCS as an

advanced tool to investigate molecular diffusion modes and
especially their spatiotemporal dynamics. We highlighted
changes in diffusion modes with a time resolution of down to
a few seconds. Extending our previous studies, we now
demonstrated large spatiotemporal heterogeneity in the
diffusion dynamics of fluorescent lipid analogues in the plasma
membrane of living cells. Specifically, a sphingolipid analogue
SM showed distinct temporal and spatial incidences of
interaction or trapping sites, where, as pointed out
before,12,13,27 individual lipids resided for approximately 10
ms. The interaction sites were transient for at least a few
seconds, and confirmed previous scanning FCS data, but now
directly highlighting that the diffusion mode in these trapping
sites was indeed transient trapping. As expected, treatments for
cholesterol depletion and actin depolymerization reduced the
occurrence of these interaction sites. However, STED-FLCS
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also for the first time demonstrated a slight reduction in the
spatiotemporal heterogeneity of lipid diffusion upon treatment
for cholesterol depletion, specifically with regards to changes in
diffusion mode. We have to note that due to the need to record
data for at least 10 s (to reach an accurate enough signal-to-
noise ratio) the STED-FLCS recordings averaged over any
heterogeneity on faster time scales than around a second. The
only way to increase the time resolution will be the
development of fluorescent labels with further increased
brightness. An option in STED-FLCS analysis is the adaptation
of the width ΔT of the gating window to the position of the
time gate Tg, specifically reducing the width for smaller Tg and
thus optimizing the range of accessible observation spot
diameters from a single recording (Figure S5d), as discussed
above. In addition, STED-FLCS can readily be applied on a
commercial STED setup (Figure S9). The ultimate STED-FCS
measurement would be scanning STED-FLCS, i.e., the
combination of fast beam-scanning and STED-FLCS, allowing
the simultaneous disclosure of diffusion modes (D(d) depend-
encies) at different spatial points (e.g., along a line or circle).
This would with great precision allow highlighting changes in
heterogeneity of lipid diffusion dynamics over different parts of
a single cell (e.g., cell body versus lamellipodia). STED-FLCS
represents a new technology to highlight important molecular
processes in the cellular plasma membrane, but should be
extendable to other (intracellular) membranes or cytosolic
processes.
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Switchable Solvatochromic Probes for Live-Cell Super-resolution
Imaging of Plasma Membrane Organization
Dmytro I. Danylchuk+, Seonah Moon+, Ke Xu,* and Andrey S. Klymchenko*

Abstract: Visualization of the nanoscale organization of cell
membranes remains challenging because of the lack of
appropriate fluorescent probes. Herein, we introduce a new
design concept for super-resolution microscopy probes that
combines specific membrane targeting, on/off switching, and
environment sensing functions. A functionalization strategy for
solvatochromic dye Nile Red that improves its photostability is
presented. The dye is grafted to a newly developed membrane-
targeting moiety composed of a sulfonate group and an alkyl
chain of varied lengths. While the long-chain probe with strong
membrane binding, NR12A, is suitable for conventional
microscopy, the short-chain probe NR4A, owing to the
reversible binding, enables first nanoscale cartography of the
lipid order exclusively at the surface of live cells. The latter
probe reveals the presence of nanoscopic protrusions and
invaginations of lower lipid order in plasma membranes,
suggesting a subtle connection between membrane morphol-
ogy and lipid organization.

The complex nature of cell plasma membranes raised
intensive research in the last decades, stimulated by the
hypothesis of membrane microdomains (lipid rafts).[1] In
model membranes, these domains are identified in terms of
lipid order,[2] in which liquid-ordered phases (Lo) rich in
sphingomyelin and cholesterol “swim” in a pool of disordered
phase (Ld) formed by unsaturated lipids. The challenge to
visualize lipid domains in cells is linked to their highly
dynamic nature, nanoscopic size, and non-flat geometry of
plasma membranes with protrusions and invaginations.[3]

One approach to visualize membrane organization is
fluorescent labeling of lipids, such as sphingomyelin[4] and
ceramide,[5] but labeling may alter properties of lipids.[6]

Another approach is to label proteins that specifically target
sphingolipids,[7] although the effect of these large molecules

on lipid order is still unclear. New possibilities are offered by
the environment-sensitive probes,[8] sensitive to polarity
(solvatochromic dyes), viscosity (molecular rotors),[9] and
membrane tension (flippers).[10] The emission color of sol-
vatochromic probes, like Laurdan,[2b] di-4-ANEPPDHQ,[11]

and Nile Red,[12] directly reflects the lipid order because it is
linked with the local polarity and hydration, so that Lo and Ld
phases can be distinguished in model membranes. Previously,
based on Nile Red, we designed probe NR12S that reports
lipid order selectively at the outer leaflet of cell plasma
membranes.[12] Owing to its high brightness and capacity to
work at nanomolar concentrations, it became a common tool
to study transmembrane asymmetry,[13] apoptosis,[14] matura-
tion of endosomes,[15] membrane potential,[16] lipid traffick-
ing,[17] and other processes.[8] The current challenge is to adapt
this type of probes for super-resolution microscopy.[18]

Super-resolution microscopy, including single-molecule
localization microscopy (SMLM), is making a revolution in
the structural and functional characterization at the subcel-
lular level.[3,19] Numerous efforts have been made to develop
fluorescent probes for super-resolution techniques,[20] in
which on/off switching, required for SMLM, was imple-
mented through photo-switching,[7a, 21] isomerization,[22] tran-
sient binding of dyes[23] and proteins[24] to the membrane, and
DNA hybridization.[25] A largely underexplored direction,
which can open a new dimension in SMLM, is to implement
a sensing function into this type of probes. It became possible
with recently introduced spectrally resolved PAINT (SR-
PAINT) for super-resolution imaging of biomembranes.[26] It
uses the solvatochromic dye Nile Red, which lights-up upon
reversible binding to biomembranes[23a] and changes its
emission color in response to the lipid order.[6a, 8, 12, 26a,b]

However, this dye is not plasma membrane specific, as it
binds to all lipid components of cells. Herein, based on the
Nile Red fluorophore, we designed the first probe combining
plasma membrane specificity, controlled on/off switching, and
sensing functions, which enabled imaging of both nanoscale
morphology and lipid order in biomembranes.

To develop probes for SR-PAINT, we fundamentally
changed the design strategy used for the original NR12S
(Figure 1a). First, we inverted the position of the Nile Red
modification and thus removed the phenolic oxygen from the
dye (NR12A and NR4A), which was hypothesized to cause
lower photostability. Second, we introduced a new mem-
brane-targeting moiety based on an anionic sulfonate head
group and a lipophilic alkyl chain of varied lengths. We
reasoned that dyes with long alkyl chains (NR12A and
NR12S) should label plasma membranes quasi-irreversibly
(Figure 1b), which is suitable for conventional fluorescence
microscopy. By contrast, a short alkyl chain (in NR4A) may
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enable reversible labeling (Figure 1c) and thus the desired on/
off switching required for PAINT.[23a] Compounds NR12A
and NR4A were thus synthesized in six steps starting from m-
anizidine (Supporting Information, Figure S1).

In organic solvents of varying polarity, the absorption and
emission characteristics of NR4A and NR12A were close to
those of Nile Red (Figure S2 and Table S1), indicating that
the functionalization did not perturb the fluorophore proper-
ties. All studied probes showed a fluorescence intensity
increase (fluorogenic response) on binding to large unilamel-
lar vesicles (LUVs) composed of DOPC, but the titration
curves varied strongly (Figure 1d). NR12A showed signifi-
cantly higher affinity to LUVs than the parent Nile Red,
displaying rapid intensity increase followed by a plateau at
higher concentrations, similarly to NR12S. In sharp contrast,
NR4A displayed a slow increase in the fluorescence intensity
with liposome concentration, even weaker than the parent
Nile Red. These results confirmed that we obtained a weak
(NR4A) and a strong (NR12A) binders of lipid membranes.

Fluorescence spectra of both NR4A and NR12A (Fig-
ure 1e and Figure S3) exhibited a blue shift by about 45–
50 nm in Lo phase vesicles, composed of sphingomyelin/
cholesterol (SM/Chol), compared to Ld phase vesicles, made
of dioleoylphosphatidylcholine (DOPC). This behavior is
similar to NR12S,[12] Nile Red (Figure S3), and other solva-
tochromic probes,[2b,11] reflecting lower local polarity/hydra-
tion in the Lo phase.[6a] Remarkably, the intensity ratio of the
blue to red part of emission band for both new probes was
more sensitive than NR12S to lipid order (from Ld to Lo

phase it increased 5.9-, 4.9-, and 2.9-fold for NR4A, NR12A,
and NR12S, respectively), as their emission bands were
narrower (Table S2). In phosphate buffer, NR12A displayed
blue-shifted absorption compared to Nile Red (Table S1) and
negligible fluorescence (Figure 1 e), similarly to NR12S,
indicating that the NR12A forms self-quenched aggregates
in water. In contrast, NR4A showed red-shifted absorption
(Table S1) and non-negligible fluorescence (Figure 1e), sim-
ilarly to Nile Red, suggesting that NR4A is well dissolved and
does not aggregate in water. Importantly, NR12A and NR4A
displayed high fluorescence quantum yields in LUVs (39–
53%, Table S1). Moreover, in DOPC LUVs they were
significantly more photostable than NR12S (Figure 1 f),
confirming our hypothesis on the negative effect of the
phenolic oxygen on the photostability of the Nile Red
fluorophore. In giant unilamellar vesicles (GUVs), using
two-color confocal microscopy, NR12A and NR4A provided
excellent contrast between Lo phase, characterized by high
intensity ratio I550-600/I600-650 (in yellow, Figure 1g, S4), and Ld
phase with low I550-600/I600-650 (in blue). The ratio changes
between the two phases were higher than that of NR12S
(pseudo-color change from yellow to green), in line with the
spectral data in LUVs.

Single-molecule microscopy of the probes in supported
DOPC lipid bilayers showed that the weak binders, NR4A
and Nile Red, exhibited a large number of single-molecule
turn-on events that lasted well over 104 frames (Figure 1h,i
and Movie S1), thanks to the continuous probe exchange
between the solution and the membrane. In contrast, the

Figure 1. Design of probes and their characterization in model membranes. a) Chemical structures of NR12A and NR4A as well as the previously
reported NR12S and Nile Red. Design concept of the fluorogenic probes that b) irreversibly or c) reversibly bind to biomembranes owing to the
presence of long or short hydrophobic chains, respectively. d) Titration of the four membrane probes (100 nm) with lipid vesicles: fluorescence
intensity at 620 nm vs. lipid concentration. Errors are s.d.m. (n = 3). e) Fluorescence spectra of NR12A (2 mm) in buffer (20 mm phosphate buffer,
pH 7.4) and liposomes (LUVs) of different lipid composition (1 mm lipids). lex = 520 nm. All spectra were corrected by dividing by the absorbance
at the excitation wavelength. f) Fluorescence intensity of the different probes (400 nm) under continuous illumination vs. time in DOPC liposomes
(200 mm), lex = 540 nm and lem =620 nm. g) Ratiometric confocal microscopy of giant vesicles composed of DOPC/SM/Chol, 1:1:0.7, stained with
NR12A, NR4A, NR12S, or Nile Red (200 nm). h) Typical single-molecule raw images recorded at 9 ms integration time (110 frames per second) in
DOPC supported bilayers, for the four probes (10 nm). i) Time-dependent counts of single molecules detected per mm2 per second for the four
probes over the full camera view. j) Distribution of single-molecule brightness of probes in DOPC supported bilayers, expressed in terms of
photon count after 50 % splitting to the imaging channel. The average value for each probe is given in the legend.

Angewandte
ChemieCommunications

2 www.angewandte.org � 2019 Wiley-VCH Verlag GmbH & Co. KGaA, Weinheim Angew. Chem. Int. Ed. 2019, 58, 1 – 6
� �

These are not the final page numbers!

http://www.angewandte.org


strong binders, NR12A and NR12S, showed few turn-on
events (Figure 1h,i), probably because most molecules were
quasi-irreversibly bound to the membrane and then photo-
bleached before single-molecule images could be recorded.
Remarkably, single-molecule brightness histograms further
showed that NR4A surpassed all other probes, including Nile
Red, by the number of photons collected per molecule
(Figure 1 j), in line with our photostability data in solution
(Figure 1 f). Finally, single-molecule spectroscopy confirmed
the sensitivity of NR4A to lipid order in membranes (Fig-
ure S5).

Next, the probes were incubated with HeLa cells and
imaged using fluorescence microscopy (Figure 2a). In con-
trast to Nile Red, showing intracellular fluorescence, NR12A
exclusively stained the plasma membranes, being over 2-fold
brighter than NR12S. NR4A also showed specific staining for
plasma membranes, but the signal was more than 10-fold
lower, in line with its weak affinity to biomembranes. Among
the studied dyes only NR4A showed no signs of photo-
bleaching (Figure S6), which confirmed that it binds rever-
sibly to cell membranes, so that bleached probe species are
quickly replaced by intact ones, as required by PAINT.[23a]

Overall, NR12A appears as a significantly improved analog of
NR12S for conventional imaging, which enables, for instance,

obtaining high-quality three-dimensional (3D) confocal imag-
ing of membrane surface (Figure 2b). Meanwhile, NR4A, for
its reversible binding capability, appears promising for
PAINT. NR4A is also attractive for stimulated emission
depletion microscopy[19a] because exchangeable probes solve
the problem of photobleaching.[27]

We then performed 3D PAINT super-resolution imaging
of live cells. With 10 nm dye in the imaging medium, NR4A
reversibly bound to the plasma membrane, thus achieving
high counts of single molecules over 5 � 104 frames (Fig-
ure 2d), as in supported bilayers (Figure 1h), hence good
PAINT images within 1 min acquisition (Figure 2c,e and
Figure S7). In contrast, NR12S performed poorly with low
counts of single molecules (Figure 2d), and so resulted in very
dim final PAINT images (Figure 2c). Although Nile Red also
allowed decent image quality, it strongly labeled internal
membranes (Figure S8), consistent with confocal data (Fig-
ure 2a) and previous PAINT results.[26b] We also examined
CM-DiI and DiD, two common plasma membrane probes for
SMLM,[28] and found both to nonspecifically label internal
membranes in live cells (Figure S8).

Owing to its high specificity, NR4A helps unveil rich
nanoscale structural features of the plasma membrane (Fig-
ure 2e–j). For HeLa cells, 3D PAINT showed numerous

Figure 2. Cellular studies show NR12A and NR4A as superior probes for conventional and super-resolution microscopy, respectively. a) Spinning
disk confocal microscopy images of HeLa cells stained with NR12A, NR4A, NR12S, and Nile Red (20 nm) after 10 min incubation at r.t. b) A 3D
stacked image of KB cells stained with NR12A. c) Zoom-out views of 3D PAINT results of COS-7 cells with NR4A (10 nm) and NR12S (20 nm).
d) Time-dependent counts of single molecules detected per mm2 per second for the two probes in representative regions: 5 � 104 frames were
recorded for >450 s at 110 frames per second. e) 3D PAINT image of the top plasma membrane of a HeLa cell stained by NR4A. f) Zoom-in of
the white box in (e). g–i) Virtual cross sections in the xz plane along lines 1–3 in (f). j) Zoom-in in-plane (xy) image, and a time series of the
vertical (xz) images of the endocytosis site marked by the arrow in (f). All 3D PAINT images are rendered with color to present the depth (z)
information [color scale bar in (e)].
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outward curves of the plasma membrane, including mildly
bulging sites that raised up circa 100 nm in height over circa
1 mm lateral distances (Figure 2 f,g), tube-like protrusions
with higher curvatures (circa 100 nm radius; Figure 2 f,h), as
well as tall protrusions above the limit of our working z range
(> 400 nm above the focal plane), so that they appear dark at
the center (Figure 2 f,i). The observed nanoscale protrusions
of the plasma membrane were highly dynamic, showing
significant structural changes on the time scale of 1 min
(Figure S8). Meanwhile, we also noted 150–200 nm-sized, pit-
like invagination structures that dynamically moved into the
cell on the time scale of minutes (Figure 2 j and Figure S7),
indicative of endocytosis. Similar membrane features were
also observed in COS-7 cells (Figure S9).

We next exploited solvatochromism of NR4A to examine
the nanoscale distribution of local chemical polarity in plasma
membranes, reflecting lipid order. To this end, we performed
SR-PAINT, in which the fluorescence spectrum of every
single molecule of NR4A was measured together with its
super-localized position.[26b, 29] The obtained spectral mean,
calculated as the intensity-weighted average of the emission
wavelengths of each probe molecule and presented in pseudo-
color, allowed us to describe local lipid order with nanometer-
scale spatial resolution and minute-scale temporal resolu-
tion.[26b] In live COS-7 cells, NR4A showed a variation of
pseudo-color from blue to cyan (Figure 3a,b), with the
averaged single-molecule spectra peaked at circa 610 nm
(Figure 3d), similar to that of Nile Red in the plasma
membrane.[26b] Interestingly, upon chemical fixation, NR4A
became cell permeable and so labeled internal organelle
membranes with a distinct circa 20 nm redshift (Figure 3c,f),
similar to the results obtained earlier with Nile Red,[26b]

indicating lower lipid order for the organelle membranes.

The high specificity of NR4A to the plasma membrane in
live cells enabled nanoscale cartography of lipid order of cell
surface, which has been a challenge so far as Nile Red exhibits
a strong background signal from internal membranes.
Remarkably, for the tube-like nanoscale protrusions, in cyan
pseudo-color, the locally averaged single-molecule spectra
showed a circa 4 nm redshift when compared to smooth parts
of the plasma membrane, predominantly in blue (Fig-
ure 3a,d). This difference indicates slightly reduced local
lipid order, possibly related to the dynamic structural changes
of these protrusions under forces. More drastically, a strong
redshift of circa 20 nm, i.e., even lower lipid order, was
observed for the circa 200 nm-sized membrane pits (Fig-
ure 3b,e), assigned above to endocytosis sites (Figure 2 j).
Recent works[30] suggest that membrane curvature formation
is closely related to the lipid composition. Our results above
provide direct evidence of decreased local packing orders for
the highly curved structures in the plasma membrane. In view
of lipid rafts hypothesis,[1] our work suggests that nanoscopic
domains of low lipid order can originate from protrusions and
extensions at the cell surface.

Thus, we introduce the concept of a fluorescent probe for
super-resolution microscopy that combines target specificity,
on/off switching, and polarity sensing. It was realized based on
solvatochromic dye Nile Red and a newly introduced low-
affinity membrane binder that ensures reversible bind/
unbinding events and targets specifically cell plasma mem-
branes. The developed probe (NR4A) revealed lipid order
heterogeneity at the cell surface and its connection to
nanoscale membrane topology.
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Fluorescent Probes

D. I. Danylchuk, S. Moon, K. Xu,*
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Switchable Solvatochromic Probes for
Live-Cell Super-resolution Imaging of
Plasma Membrane Organization

Targeting, switching, and sensing were
combined in one fluorescent probe to
achieve the nanoscale cartography of cell
plasma membranes. The proposed
design is based on a new functionaliza-
tion strategy of solvatochromic dye Nile
Red, which is sensitive to lipid order, and
a new membrane-targeting moiety that
controls binding/unbinding-induced on/
off switching for super-resolution mi-
croscopy.
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Fluorescence Microscopy
DOI: 10.1002/anie.201302341

Improved Super-Resolution Microscopy with Oxazine Fluorophores in
Heavy Water**
Steven F. Lee,* Quentin V�rolet, and Alexandre F�rstenberg*

Advanced fluorescence microscopy techniques including
single-molecule and super-resolution imaging require bright
and photostable fluorophores that can be selectively attached
to biomolecules. There is therefore an ongoing interest in the
development of improved chromophores for biology, espe-
cially ones that absorb and emit in the near-infrared owing to
the reduced cellular autofluorescence and phototoxicity at
these wavelengths.[1] Besides photostability, single fluoro-
phore brightness is an essential parameter in localization-
based super-resolution imaging techniques such as (F)PALM,
STORM, dSTORM, and GSDIM[2] where images are recon-
structed from the localizations of individual fluorophores and
the precision s is dictated by the number of photons N
detected from every emitter,[3] with s/N1/2 ; the brighter the
emitter, the more precisely it can be localized and the better
the resolution is in the final image. Nonetheless, with very few
exceptions, most commercially available fluorophores excit-
able beyond 630 nm have poor fluorescence quantum yields
with values on the order of 0.3 or lower (Table S1 in the
Supporting Information), limiting their brightness.

We introduce here a simple, cost-effective, and biocom-
patible method to enhance the fluorescence quantum yield of
a whole class of commonly used commercially available red-
emitting fluorophores (oxazines) such as ATTO655,
ATTO680, and ATTO700. We demonstrate that their fluo-
rescence quantum yield in heavy water (D2O, deuterium
oxide) is more than twice that water (H2O). Although
enhancements in fluorescence quantum yield in heavy water
have been long known,[4] we make use of this effect in single-
molecule imaging and show that it leads to the detection of
twice as many photons per oxazine molecule and to a corre-
sponding improvement in the mean localization precision,
which enables higher resolution in biological subdiffraction
imaging.

Oxazines such as cresyl violet and Nile blue are well-
studied laser dyes and histological markers used for their
excellent photostability and high fluorescence quantum yields
in organic solvents.[4b] ATTO655, ATTO680, and ATTO700
belong to a new generation of oxazines compatible with
bioimaging owing to their increased water solubility and
reactive functionalities that enable directed covalent cou-
pling. These dyes display absorption maxima between 650 and
700 nm, have fluorescence quantum yields in water of

Figure 1. a) Photoswitching scheme of ATTO655 (AA: ascorbic acid).[6b]

b) Fluorescence quantum yield of ATTO655, ATTO680, and ATTO700
in H2O (blue) and in D2O (red). c) Jablonski diagram for oxazines. In
H2O, hydrogen bonding (kHB) causes strong nonradiative deactivation
in addition to the other nonradiative (knr) and radiative (krad) pathways.
In D2O and other solvents with weaker hydrogen-bonding capability,
the efficiency of this nonradiative process is greatly diminished.
d) Fluorescence lifetime of ATTO655 in various solvents. e, f) Fixed
CHO cells expressing CCR5 immunostained with ATTO655 and
imaged under identical conditions first in H2O (e) and then in D2O (f).
Images are shown at constant contrast. Scale bar: 5 mm.
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between 0.17 and 0.23, and exhibit very little solvatochrom-
ism (Figures S1–S3 in the Supporting Information). They
have found numerous applications in fluorescence imaging,
particularly in dSTORM[5] as they can efficiently undergo
photoswitching cycles in the presence of a reducing agent
(such as cysteamine or ascorbic acid) which push the
molecules into a reduced, non-emissive state, with the
dissolved oxygen in the ambient solvent restoring the
fluorescent state (Figure 1a).[6]

In order to attain a better understanding of why the
quantum yield of these dyes is far below unity, we studied
their photophysics in different solvents. We found that both
the fluorescence quantum yield (Figure 1b) and the fluores-
cence lifetime (Figure 1 d and Figures S4–S6 in the Support-
ing Information) of oxazines increased with decreasing
capability of the solvent to act as a hydrogen-bond donor:
for ATTO655, quantum yields varied from 0.23 in water to
0.39 in methanol and 0.46 in ethanol, reaching values as high
as 0.57 in solvents unable to act as hydrogen-bond donors
(Table 1). Most interestingly, in D2O, the quantum yield is
0.48 (Figure 1b), 2.1 times higher than that in H2O and very
close to the maximum values observed. Qualitatively identical
observations were made for ATTO680 and ATTO700
(Tables S2 and S3, Figures S5 and S6 in the Supporting
Information). Overall, our data indicate that the radiative
rate is unchanged for these dyes in all solvents and that
a nonradiative decay pathway is selectively operative in
hydrogen-bonding solvents (Figure 1c), and exclusively
responsible for the
reduction in the quantum
yield. Hydrogen-bond-
assisted nonradiative
deactivation of the
excited state has been
described as a fluores-
cence-quenching mecha-
nism for many fluoro-
phores including oxa-
zines and is known to be
much less efficient in
deuterated solvents due
to a kinetic isotope
effect.[4,7] With other flu-
orophores commonly
used in single-molecule
imaging but belonging
to different dye families,
such as ATTO520,
ATTO647N, Alexa
Fluor 647, and rhoda-
mine derivatives, we
also measured an
increase in the fluores-
cence quantum yield in
D2O, but only between 5
and 30% (Table S4 in
the Supporting Informa-
tion), much lower than
the 110% detected with

ATTO655. The occurrence of this process in oxazines can be
rationalized in terms of charge redistribution after photo-
excitation and calculations have suggested that the electronic
density significantly increases in the excited state, in partic-
ular on the central nitrogen and to a lesser extent on the
central oxygen of the oxazine chromophore,[8] leading to
a strengthening of existing hydrogen bonds. The chemical
structure of these ATTO derivatives shares a common central
moiety with an increasing number of conjugated double
bonds in the outer rings causing the shift in absorption and

Table 1: Photophysical properties of ATTO655 in various solvents:
fluorescence quantum yield (Ffl), excited-state lifetime (ts1), radiative
rate constant (krad), and sum of rate constants for nonradiative (knr) and
hydrogen-bond-assisted nonradiative deactivation (kHB).

Solvent Ffl tS1

[ns]
krad

[�108 s�1]
knr + kHB

[�108 s�1]

H2O 0.23 1.9 1.2 4.1
PBS in H2O 0.23 1.9 1.2 4.1
D2O 0.48 3.9 1.2 1.4
PBS in D2O 0.48 3.9 1.2 1.4
methanol 0.39 3.3 1.2 1.8
ethanol 0.46 3.6 1.3 1.5
2-propanol 0.49 3.8 1.3 1.3
acetone 0.55 4.5 1.2 1.0
acetonitrile 0.57 4.4 1.3 1.0
DMF 0.56 4.1 1.4 1.1
DMSO 0.56 3.9 1.4 1.1

Figure 2. Single-molecule characterization of ATTO655 in both H2O (top row) and D2O (lower row). a,d) Number
of photons detected from single ATTO655 molecules immobilized on a glass surface for both H2O (blue) and
D2O (red). b, e) Distribution of localization precisions from dSTORM experiments in fixed cells immunostained
with ATTO655 in both H2O (blue) and D2O (red). c, f) Total number of photons detected before photobleaching
from immobilized ATTO655 molecules imaged in H2O (blue) and in D2O (red) and fitted to a single exponential
decay with the residuals shown in the upper panels. Where appropriate a dashed green line at the peak frequency
bin in H2O is added to guide the eye.
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emission wavelengths.[9] Hydrogen-bond-assisted nonradia-
tive deactivation therefore seems generally operative with
both oxazines and other dye classes in aqueous environments
but the quenching of fluorescence can be strongly reduced
with oxazines by replacing H2O by D2O.

The usefulness of this phenomenon was demonstrated by
imaging fixed Chinese hamster ovary (CHO) cells stably
expressing the C-C chemokine receptor 5 (CCR5),[10] a mem-
brane protein belonging to the G protein coupled receptor
family. CCR5 was stained with a primary antibody labeled
with ATTO655 and imaged under identical conditions by
standard wide-field fluorescence microscopy in H2O (Fig-
ure 1e) and in D2O (Figure 1 f). The image was significantly
brighter for the sample in D2O. Importantly, small amounts of
water do not critically affect the process (Figure S7 in the
Supporting Information) with a simple removal and replace-
ment of the solvent being sufficient to effect a large increase
in brightness. Similarly the presence of salts which contain 1H
atoms such as those in biological buffers have no effect on the
fluorescence quantum yield in D2O due to the relatively low
proportion of 1H atoms, compared to D in the solvent
(Figure S8 in the Supporting Information).

To quantify whether the increase in fluorescence quantum
yield corresponded to a larger number of photons from
individual fluorophores, we covalently immobilized
ATTO655 on a glass surface and imaged isolated emitters
under dSTORM conditions (Figure S9 in the Supporting
Information). As expected, the number of photons detected
(Figure 2a,d) in D2O was
approximately twice as high
as in H2O (where the number
is consistent with other liter-
ature reports[11]) and a corre-
sponding improvement in the
localization precision was
observed (Figure S10 in the
Supporting Information). In
fixed cells, similar observa-
tions were made (Figure 2b,e)
but the complex cellular envi-
ronment resulted in a broad-
ening of the intensity distribu-
tion histogram. Nonetheless,
this led to both an increase in
the number of photons
detected (Figure S11 in the
Supporting Information) and
to an improved experimen-
tally determined localization
precision in D2O (Figure 2 e).
An analysis of the fluores-
cence duty cycle for both sol-
vent conditions did not show
significant changes under
camera exposure times typical
of dSTORM imaging (Fig-
ure S12 in the Supporting
Information). The total
number of photons detected

before photobleaching (roughly 105) remained unchanged in
both solvents (Figure 2c,f) and had values consistent with
those of other bright fluorophores.[1a]

The fact that D2O has no photoprotective effect on the
dyes together with the lifetime and the fluorescence quantum
yield measurements indicate that the speed (not the rate, see
krad in Table 1) at which the photons are emitted is doubled in
D2O compared to that in H2O under constant imaging
conditions.[12] Simply put, the photon budget remains the
same but is spent twice as fast in D2O.

Finally we demonstrate that super-resolution imaging in
D2O can be used to resolve diffraction-limited subcellular
structures. ATTO655-labeled primary antibodies were used
to stain CCR5 in the membrane of stably transfected CHO
cells where the high density of the receptor in the filopodia
served as an excellent platform for structural super-resolution
imaging (Figure 3). Under normal dSTORM conditions[5a]

isolated emitters were localized (Figure 3 c) which enabled
a subdiffraction image to be reconstructed (Figure 3b).[13] In
some instances both the random positioning of the receptor
along the filopodia and the fact that the three-dimensional
structure is imaged only in two dimensions allowed the
distance between the edges of the filopodia to be measured
(Figure 3b, inset), with peak-to-peak separations as small as
128 nm being clearly resolved with a localization precision of
roughly 20 nm.

To summarize, we have demonstrated how to increase the
brightness of a whole class of dim red-emitting fluorophores

Figure 3. Super-resolution imaging in D2O. a) Large field of view dSTORM image of the membrane-bound
CCR5 receptor (top) compared to conventional diffraction-limited image (bottom). b) Enlarged area of the
filopodia where well-defined structures are observed; inset: the filopodium has a peak-to-peak width of
128 nm with a localization precision of roughly 20 nm (green line). This is not resolvable in the diffraction-
limited image (black dashed line). c) Imaging frames showing single isolated fluorescent molecules from
the same field of view as in (b). Other than the increase in the fluorescence quantum yield, dSTORM
imaging was unaffected by the presence of D2O.
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commonly used for biological imaging by replacing H2O in
the imaging buffer by D2O. This increase is caused by
a reduced efficiency of hydrogen-bond-assisted nonradiative
deactivation in the deuterated solvent. This effect is in
principle applicable to any type of fluorescence imaging
involving oxazines, and we show that it can be used in super-
resolution imaging to increase the precision with which single
molecules are localized. Our newly introduced method is very
simple and cost-effective, since D2O is compatible with
biological buffers and only needed at the time of imaging.
Experimenting in heavy water would be advantageous to
time-sensitive measurements because the rate at which
photons are detected is twice as high, allowing for faster
imaging. Furthermore in contrast to other recently introduced
methods[14] our approach is live-cell compatible.[15] Our results
indicate that understanding and modulating the photophysics
of fluorophores broadly used in the life sciences is a worth-
while strategy to significantly improve super-resolution
imaging techniques.
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Abstract: Much of the physiology of cells is controlled by the
spatial organization of the plasma membrane and the glyco-
sylation patterns of its components, however, studying the
distribution, size, and composition of these components
remains challenging. A bioorthogonal chemical reporter
strategy was used for the efficient and specific labeling of
membrane-associated glycoconjugates with modified mono-
saccharide precursors and organic fluorophores. Super-reso-
lution fluorescence imaging was used to visualize plasma
membrane glycans with single-molecule sensitivity. Our results
demonstrate a homogeneous distribution of N-acetylmannos-
amine (ManNAc)-, N-acetylgalactosamine (GalNAc)-, and
O-linked N-acetylglucosamine (O-GlcNAc)-modified plasma
membrane proteins in different cell lines with densities of
several million glycans on each cell surface.

The glycosylation state of proteins controls their function,
localization, and stability.[1, 2] Cell-surface glycans are involved
in many cell–cell recognition processes, as well as tumor
development, and they reflect the developmental stage and
the transformation state of a cell.[3–5] Visualization of the
glycoprotein patterns in plasma membranes with regard to
diseases could thus pave the way for the development of
refined diagnostic tools.

However, until now two obstacles have impeded the
exploitation of quantitative data concerning the architecture
of membrane-associated glycoproteins: the difficulty of
selective and efficient labeling of glycosylated membrane
proteins, and the resolution limit of optical microscopy. This is
of special importance considering the existence of confined
plasma membrane compartments, that is, nanodomains or

clusters with a supposed size of 5–300 nm that are required for
subcompartmentalization and associated functions.[6–10]

Recently, the difficulty in labeling glycans by traditional
molecular and cell biology techniques has been overcome by
the introduction of a bioorthogonal chemical reporter strat-
egy termed “click chemistry”.[11]

Herein, the tolerance of mammalian cells to small
modifications of monosaccharide precursors is exploited.
Upon cellular uptake, azido- or alkyne-modified monosac-
charides are covalently incorporated by the biosynthetic
machinery into the substrates of glycosyltransferases to create
non-native glycans. Once incorporated into components of
the cell surface, these azido- or alkyne-modified glycans can
be covalently labeled with alkyne- or azido-modified fluo-
rophores, respectively, to form triazole-linked products for
the in vitro and in vivo imaging of various glycoproteins.[12–14]

In our study, we combined click chemistry for labeling and
super-resolution fluorescence microscopy for visualization of
membrane-associated glycoproteins with subdiffraction reso-
lution. For the metabolic labeling of sialic acid containing and
mucin-type O-linked glycans, we used analogues of their
biosynthetic precursors N-acetylmannosamine (ManNAc),
and N-acetylgalactosamine (GalNAc), respectively; O-Glc-
NAc-modified plasma membrane proteins were labeled by
using a GlcNAc analogue in human osteosarcoma (U2OS)
and neuroblastoma (SK-M-NC) cell lines. For subdiffraction
resolution fluorescence imaging with single-molecule sensi-
tivity, we used direct stochastic optical reconstruction micros-
copy (dSTORM).[15–17]

Since the biosynthetic machinery tolerates the addition of
chemical reporters to the N-acyl group, we fed cells with the
peracetylated monosaccharides N-azidoacetylmannosamine
(Ac4ManNAz), N-azidoacetylgalactosamine (Ac4GalNAz),
and N-azidoacetylglucosamine (Ac4GlcNAz), which are
incorporated into cell-surface glycans upon cell permeation
and deacetylation.[12–14] Ac4ManNAz and Ac4GalNAz have
been used to visualize sialic acids and mucin-type O-linked
glycans in different cell types as well as in living mice and
zebrafish.[12–14] Ac4GlcNAz is modified by the GlcNAc salvage
pathway enzymes to give uridine diphosphate (UDP)-
GlcNAz, which is used as a substrate by the intracellular
cytosolic O-GlcNAc transferase (OGT). The resulting modi-
fication with O-GlcNAc modulates signaling and regulates
protein expression, degradation, and trafficking.[12–14] O-Glc-
NAc addition is catalyzed by a recently discovered epidermal
growth factor (EGF) domain specific O-linked GlcNAc
transferase (EOGT).

In a first set of experiments, we optimized the labeling of
neuroblastoma cells with different azidoacetyl monosacchar-
ides and alkyne-bearing Alexa Fluor 647 by applying CuI-
catalyzed azide–alkyne cycloaddition in the absence and
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presence of CuI and the CuI-stabilizing
reagent Tris(3-hydroxypropyltriazolyl-
methyl)amine (THPTA). Cells were incu-
bated with 25 mm aqueous solutions of
modified monosaccharides in their culture
medium for two days and then labeled and
fixed in 4% formaldehyde with 0.2%
glutaraldehyde at 25 8C to minimize the
lateral diffusion of membrane molecules
(Figure 1, and Figures S1,S2 in the Sup-
porting Information).[18] A fluorophore
concentration of 20 mm and an incubation
time of 5 min proved to be sufficient for
efficient labeling in the presence of CuI

and THPTA (Figure 1b). Higher fluoro-
phore concentrations do not result in
higher labeling efficiencies.

The resulting dSTORM images of
Ac4ManNAz-, Ac4GalNAz-, and
Ac4GlcNAz-derivatized plasma mem-
brane proteins demonstrate substantially
improved resolution compared to wide-
field fluorescence images and reveal the localization of single
glycans homogeneously distributed over the entire basal
plasma membrane of U2OS and SK-N-MC cells (Figure 1,
Figure 2, and Figure S3 in the Supporting Information). The
use of blocking agents (e.g., bovine serum albumin) to reduce
unspecific binding of the fluorophores to the surface was not
necessary. In control experiments, the number of non-specific
localizations was found to be less than 1% (Figure S4 in the
Supporting Information). To exclude the influence of the
addition of copper ions and THPTA on the distribution of
glycoconjugates on the basal plasma membrane, we per-
formed copper-free experiments with Alexa Fluor 647 con-
jugated to dibenzocyclooctyne (DIBO) for strain-promoted
azide–alkyne cycloaddition. Furthermore, we imaged the

apical membrane of cells by dSTORM to investigate the
influence of the proximal coverslip. The resulting dSTORM
images appear identical and display homogeneously distrib-
uted glycans in the apical plasma membrane as well (Fig-
ure S5 in the Supporting Information). To extract reliable
estimates for localization densities, 12–32 cells were imaged in
all experiments and averaged data are presented (Figure 2a).
Interestingly, we do not see any characteristic glycan nano-
domains or clusters as have been identified in recent super-
resolution imaging studies of membrane proteins.[9,10, 19–21] The
calculation of Ripley�s K-function and nearest-neighbor
distance distributions only reveals characteristic clusters on
the 25 nm length scale that originate from the repeated
localization of a single fluorophores (Figure S6 in the
Supporting Information). Ripley�s K-function might indicate
some more clustering for GalNAz and ManNAz glycoconju-
gates when compared with simulated data for complete
spatial randomness. However, no characteristic length scale
could reproducibly be identified either visually or by stat-
istical analysis (Figure S6 in the Supporting Information).

Our dSTORM images further demonstrate that the
plasma membranes of neuroblastoma and osteosarcoma
cells exhibit the highest density of labeled glycans for
GalNAz glycoconjugates, with 1500–1700 localizations per
mm2, followed by ManNAz-derived glycoconjugates, with
approximately 1100 localizations per mm2 (Figure 2a).
GlcNAz glycoconjugates show the lowest density with
a peculiar dependence on the investigated cell type (Fig-
ure 2a). For neuroblastoma cells, we find on average approx-
imately 600 localizations per mm2, whereas in osteosarcoma
cells (U2OS), the density is substantially lower (Figure 2a).
While Ac4GalNAz and Ac4ManNAz modify various glyco-
proteins and glycolipids, Ac4GlcNAz modifies the extracel-
lular epidermal growth factor (EGF)-like domain of just

Figure 1. Membrane glycans of SK-N-MC neuroblastoma cells stained
through the metabolic incorporation of azido-sugar analogues followed
by copper-catalyzed azide–alkyne cycloaddition (CuAAC). a) A standard
fluorescence image (upper left corner) and a high-resolution dSTORM
image (main image) of Ac4GalNAz-treated neuroblastoma cells stained
with alkyne-bearing Alexa Fluor 647. b) Localization densities of
Ac4GlcNAz-treated neuroblastoma cells for different alkyne–fluoro-
phore concentrations. At an alkyne–fluorophore concentration of about
20 mm, the number of localizations per unit of membrane area as
determined by dSTORM becomes saturated. Scale bar: 1 mm.

Figure 2. Super-resolution imaging and analysis of cell-surface glycoproteins. SK-N-MC neuro-
blastoma cells and U2OS cells were fed with one of the reactive azido sugars (Ac4GlcNAz,
Ac4ManNAz, or Ac4GalNAz) and then visualized and analyzed by click chemistry and
dSTORM. a) Localization density of membrane-associated glycans labeled with Alexa Fluor
647 (20 mm). Error bars represent the standard error of the mean of 12–32 imaged cells.
b–d) dSTORM images of glycoconjugates in the basal membrane of SK-N-MC neuroblastoma
cells. Enlarged images of the sections in white boxes are shown in the lower panels (e–g).
Scale bars: 1 mm (b–d) and 200 nm (e–g).
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a handful of membrane proteins,[22, 23] thus explaining the
lower localization density.

To estimate the number of localizations per fluorophore,
spots with repeated localizations of isolated fluorophore-
labeled glycans were grouped by using the tracking function
of rapidSTORM.[24, 25] To ensure that only single fluorophores
were analyzed, we decreased the fluorophore concentration
to 10 nm to give a very low labeling density (< 20 localizations
mm�2). Fluorescent spots that were switched on for longer
than 10 frames were discarded from further analysis. The
remaining spatially isolated fluorescent spots were tracked
over the whole image stack (15000 frames) within a defined
area (tracking radius) to determine the number of local-
izations per spot. In order to determine the optimal tracking
radius, we varied the tracking radius between 0 and 200 nm.
By using the mean values of the resulting distributions under
saturation conditions, we extracted 2.7� 0.4 localizations per
isolated fluorescent spot (Figure 3 a and Figure S7 in the
Supporting Information). By aligning the coordinates of the
localizations for each isolated fluorescent spot to its center of
mass, we generated a 2D histogram of all localizations, which
resembles a Gauss distribution. The standard deviation of the
Gauss function fitted to the projection in the xy plane reveals
an average localization precision of 10.7� 0.1 nm (Figure 3b).

By using the value of 2.7� 0.4 localizations per isolated
fluorescent spot, we can now estimate the density of GalNAz
and ManNAz glycans on the basal plasma membrane to be
approximately 600 mm�2 and 400 mm�2, respectively. Accord-
ingly, we estimate there to be approximately 220 mm�2 and
70 mm�2 GlcNAz glycans on the basal plasma membrane of
neuroblastoma and osteosarcoma cells, respectively. With
a basal plasma membrane area of approximately 2000 mm2,
these values correspond to around 5 � 106 fluorophore-
labeled plasma membrane glycans per neuroblastoma cell
(considering all three glycan modifications and including the
apical and basal sides of the cell). Considering other studies,
in which it has been estimated that derivatives of azidoacetyl

monosaccharides replace only 4–56% of their natural ana-
logues depending on the cell line used,[26,27] the plasma
membrane of a single cell may easily contain over 10 million
glycans.[28]

To conclude, our data demonstrate that the cell surface of
mammalian cells is homogeneously covered with several
million glycans. None of the glycoconjugates form plasma
membrane clusters or nanodomains on the length scale of ten
to several hundred nanometers. Since the spatial and tempo-
ral organization and functions of all of these mammalian
glycans is diverse, super-resolution imaging methods in
combination with click chemistry hold promise for a refined
understanding of the essential cellular functions associated
with cell-surface glycans.
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Abstract: Using a combination of metabolically labeled
glycans, a bioorthogonal copper(I)-catalyzed azide–alkyne
cycloaddition, and the controlled bleaching of fluorescent
probes conjugated to azide- or alkyne-tagged glycans, a suffi-
ciently low spatial density of dye-labeled glycans was achieved,
enabling dynamic single-molecule tracking and super-resolu-
tion imaging of N-linked sialic acids and O-linked N-acetyl
galactosamine (GalNAc) on the membrane of live cells.
Analysis of the trajectories of these dye-labeled glycans in
mammary cancer cells revealed constrained diffusion of both
N- and O-linked glycans, which was interpreted as reflecting
the mobility of the glycan rather than to be caused by transient
immobilization owing to spatial inhomogeneities on the
plasma membrane. Stochastic optical reconstruction micros-
copy (STORM) imaging revealed the structure of dynamic
membrane nanotubes.

A plethora of evidence suggests that aberrant alterations in
two major types of glycans on membrane proteins, that is, the
N-linked and O-linked glycans, are involved in many major
human diseases.[1, 2] For example, increased levels of mucin
glycoproteins have been found in malignant tumors of the
breast, ovaries, and pancreas, and altered sialylation has been
associated with increased metastatic potential,[3] but the link
between the altered dynamic behaviors of these cell-surface
glycoconjugates and cancer remains obscure.

Although technical advances in glycoscience and chemis-
try have enabled the characterization of global changes in
glycosylation patterns in isolated serum glycoproteins from
human patients[4] and in model organisms (e.g., zebrafish
embryos),[5] only the dynamic behavior of an ensemble of cell-
surface glycosylated molecules has been characterized.[6,7]

The vast majority of studies, however, still utilize labeled
antibodies and lectins, which can alter the dynamic behavior
of the labeled molecules and thus compromise the accurate
characterization of their lateral motion.

Herein, we combine metabolic glycan labeling and a bio-
orthogonal copper(I)-catalyzed azide–alkyne cycloaddition
(CuAAC), a quintessential click reaction,[8, 9] with super-
resolution single-molecule tracking to unravel the dynamics
of N-linked sialic acids and O-linked GalNAc on the
membrane of live cells. Using the method pioneered by
Reutter and Bertozzi,[5, 10, 11] we hijacked glycan biosynthetic
pathways to incorporate a monosaccharide functionalized
with a bioorthogonal chemical tag (i.e., azide or alkyne) into
cell-surface glycoconjugates. As the Bertozzi copper-free
click chemistry can only be used to detect the azide-tagged
glycans,[11] we have applied the super-sensitive and biocom-
patible CuAAC that was developed by the Wu group to
introduce fluorescent probes to both the azide- and alkyne-
tagged glycans in live cells.[8, 9]

The essence of the experimental approach is to implement
total internal reflection fluorescence microscopy (TIRFM)
with short laser excitation pulses (typically 0.5 ms–200 ms)
that are synchronized with the user-defined exposure time of
the detector such that fast moving fluorophores are detected
without blurring.[12] To assure a spatial distribution of
fluorescent molecules that is low enough to minimize overlap
of diffusing single molecules, we generally bleach the initially
high density of fluorescent probes conjugated to cell-surface
glycans. Subsequently, we are able to track single molecules
and analyze the individual trajectories. A large mobile
fraction of labeled glycans enables bleached regions to
become repopulated with fluorescent molecules, thus provid-
ing the option of implementing repeated cycles of bleaching
and tracking. Furthermore, our labeling scheme, which is
based upon the use of red cyanine dyes, has also enabled us to
implement a strategy for super-resolution imaging using
stochastic optical reconstruction microscopy (STORM),[13]

which we demonstrate in live HeLa cells with numerous
“microfibrils”.

We used several measures to characterize the results of
our single-molecule tracking experiments. The basis for this
analysis is a calculation of the square displacement of each
molecule in the transverse plane during the measurement
time. We then determined the mean square displacement
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(MSD) and the cumulative distribution function (CDF). A
linear scaling of the MSD with time revealed diffusive
Brownian motion, whereas a sublinear scaling of the MSD
implied anomalous subdiffusion. Subdiffusion in biological
systems is often associated with constrained protein diffusion
in the plasma membrane[14, 15] or transient immobilization.[15]

We interpreted our observations of anomalous subdiffu-
sion of surface glycans in cancer cell lines with distinct
metastatic potentials as arising from diffusion under a confin-
ing potential (see the Supporting Information).[16] This
damped Brownian motion models the linear scaling of the
MSD at short times and its ultimate saturation.[16–18] The CDF,
which describes the probability of finding a molecule within
a given radius from the origin, provides additional informa-
tion to determine if the probability is governed by the
Gaussian statistics of a single population of Brownian
walkers[19] or if the behavior is anomalous. The unprecedented
spatial and temporal resolution of the movement of surface
glycans that we have achieved enabled the characterization of
the variation of the CDF for N-linked sialic acids and
O-linked glycans with the metastatic potential of a cell.

To label cell-surface mucin-type O-glycans and sialylated
glycans with fluorescent tags, we cultured two mouse mam-
mary carcinoma cell lines, PyMT[20] and its highly metastatic

variant Met-1,[21] in medium supplemented with either
peracetylated N-azidoacetylgalactosamine, Ac4GalNAz[22]

(which is metabolized and installed on mucin-type O-linked
glycoproteins by the polypeptide N-acetyl-a-galactosaminyl
transferase), or peracetylated N-(4-pentynoyl) mannosamine,
Ac4ManNAl[23] (Figure 1A,B). In a second step, cells were
reacted with either an alkyne or azide bearing Alexa Fluor in
the presence of the biocompatible BTTPS/CuI catalyst,[9]

typically for less than three minutes, enabling the fluorescent
tagging of the membrane glycoconjugates. The labeling
specificity was verified by confocal microscopy (Supporting
Information, Figure S1). Western blots suggest that owing to
our short reaction times, the probes were predominately
installed into sialic acids of N-linked glycoproteins (Fig-
ure S2) and not into glycolipids (Figure S3).

To reduce the initially high spatial density, we introduced
a series of controlled excitation pulses (either a brief burst of
strong excitation or a series of shorter, weaker pulses) to
bleach some of the molecules (Figure S5 and S6, Movies S1
and S3).

Images of N-linked sialic acid in Met-1 and PyMT cells,
metabolically labeled with Ac4ManNAl and conjugated with
Alexa Fluor 647 azide or Alexa 488 azide, are shown in
Figure 2. The boundary of the membrane and membrane-

Figure 1. Imaging surface glycans using metabolic labeling and detection with CuAAC-based click chemistry. A) Metabolic labeling of sialylated
glycans with Ac4ManNAl leads to the incorporation of the alkyne-bearing sialic acid (SiaNAl) into the peripheral position of both N- and
O-glycans. B) Metabolic labeling of mucin-type O-glycans with Ac4GalNAz by the GalNAc salvage pathway leads to the incorporation of the azide
tag into the core GalNAc. CuAAC is used to conjugate a probe to this position.
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tunneling nanotubes were observed;[24–26] these nanotubes are
a persistent feature of metastatic cells (Movies S1–S3). The
bright border region in the maximum intensity projection of
Figure 2C (ca. 1.2 mm in width) is particularly pronounced.
Dynamic tracking of single molecules (Movies S1 and S2)
clearly indicates highly mobile glycans. By contrast, fluores-
cently labeled sialylated glycans can aggregate in endocytic
vesicles (Figure 2 D), which are relatively immobile, have
a broad size distribution, and are resistant to photobleaching;
indeed, we have observed that the fluorescence in a vesicle
can increase (e.g., Figure 2E, red trace).

We tracked hundreds of diffusing single molecules for
hundreds of frames and analyzed the individual trajectories of
the cell-surface glycans. Figure 3 shows the MSD and CDF
curves obtained for sialic acid in PyMT and Met-1 cells (blue
and red, respectively) and GalNAc in these cell types (green
and orange, respectively). Glycans appear to move freely for
short time lags (Figure 3A), but the initial linear scaling
saturates as they sense constrained diffusion at longer times.
The slope of the linear portion of the MSD yields the
probability density distribution of diffusion constants for
a population of freely diffusing molecules (see Figure S7 for

histograms of the probability density of the MSD for freely
diffusing glycans).

We modeled the observed anomalous diffusion assuming
that molecules behave as Brownian walkers that experience
a frictional force with coefficient g and are confined by
a harmonic potential, U(r) =

kr2

2 , with stiffness k (see the
Supporting Information).[16–18] The best fits obtained using
this model are shown in Figure 3A, and the parameters are
found in Table 1; the residual errors in these fits are shown in
Figure S9 A.

The CDFs were poorly fit by a single exponential,
indicating that the diffusion is not governed by the motion
of a population of molecules moving with a single diffusion
coefficient (see the Supporting Information). Therefore, we
fitted the data using an alternative model that is based upon
two-component mobility with slow and fast components, a1

and a2, and diffusion constants D1 and D2; a1� 1 corresponds
to normal diffusion with constant D1 (see the Supporting
Information).[15, 19,27] The solid lines (Figure 3B) are fits
obtained with this model; the corresponding parameters are
shown in Table 2 and the residual errors in these fits in
Figure S9 B.

Figure 2. The imaging of sialic acid in cancer cells highlights the
dynamic plasma membrane. A,B) Images of N-linked sialic acid
tagged with Alexa 647 on the surface of Met-1 cells obtained after
bleaching the initial majority of cell-surface molecules and excitation
with 2 ms (A) and 50 ms (B) pulses (scale bars: 20 mm and 10 mm).
C) PyMT cell (clicked with Alexa 488 azide) presented as a maximum
projection of intensities acquired from a series of 3000 frames
obtained with a 10 ms laser pulse per frame and 20 ms intervals
between frames. D) Met-1 cell tagged with Alexa 647 acquired with
a series of 1 ms excitation pulses spaced at 2 ms intervals; two small
vesicles (red and blue) in the cell and a single molecule on the glass
(green) are visible. E) Intensities of the two vesicles in (D) as a function
of time after excitation with 1 ms pulses every 2 ms (red and blue);
a single molecule on the glass undergoes rapid photobleaching
(green). Scale bars: 20 mm (C and D).

Figure 3. MSD and CDF curves for N-linked sialic acid and O-linked
GalNAc glycans. A) MSD plots for the diffusion of sialic acid in PyMT
and Met-1 cells (blue and red, respectively) and GalNAc in PyMT and
Met-1 cells (green and orange, respectively). Fits to the MSD (c)
assuming a confining harmonic potential model with the parameters
given in Table 1. B) CDF for sialic acid and GalNAc in PyMT cells (blue
and green, respectively) and in Met-1 cells (red and orange, respec-
tively); fits to CDF (c) are based upon a two-component model and
the values in Table 2.

Table 1: Spring constant and friction coefficients.

Tagged glycan (cell type) k [mN m�1] g [Pasmm]

sialic acid (PyMT) 0.017 0.004
sialic acid (Met-1) 0.018 0.007
GalNAc (PyMT) 0.07 0.009
GalNAc (Met-1) 0.05 0.01

Table 2: Values of a and diffusion constants.

Tagged glycan (cell type) a D1 [mm2 s�1] D2 [mm2 s�1]

sialic acid (PyMT) 0.71 0.13 1.15
sialic acid (Met-1) 0.63 0.11 0.58
GalNAc (PyMT) 0.72 0.09 0.91
GalNAc (Met-1) 0.55 0.06 0.24

Angewandte
Chemie

1767Angew. Chem. Int. Ed. 2015, 54, 1765 –1769 � 2015 Wiley-VCH Verlag GmbH & Co. KGaA, Weinheim www.angewandte.org

http://www.angewandte.org


Aside from tracking the dynamics of single molecules, we
were also able to superpose the images of hundreds of single
molecules and obtain super-resolution images as a function of
time. Furthermore, we have used our labeling scheme, which
is based upon red cyanine dyes, to implement a strategy for
super-resolution imaging using STORM in live cells. HeLa
cells metabolically labeled with Ac4ManNAl and conjugated
with Alexa Fluor 647 azide are shown in Figure 4. A single

image from a series of 480 images was obtained using
a sequence of 405 nm light (10 ms) followed by excitation
with 637 nm light (30 ms; Figure 4 A, see also the Supporting
Information). Figure 4B shows the corresponding STORM
image produced from 130 021 detected molecules; the cent-
roid of each is displayed by a Gaussian with a standard
deviation that was determined from the localization precision.
The mean localization error is 37 nm;[28] a larger version of
Figure 4B is provided in Figure S10. The STORM approach
enabled the controlled super-resolution imaging of mem-
brane structures and thin nanotubes in live cells.

The delineation of membrane nanotubes using either our
single-molecule tracking method (Figure 2) or STORM
imaging (Figure 4) has enabled the direct visualization of
the dynamic movement of glycans on the surface of these fine
structures. This work complements prior nanotube visual-
ization strategies using direct membrane labeling with lip-
ophilic dyes and indirect measurements using labels for actin
and intracellular organelles.[24,25] Although lipid-containing
photoswitchable probes have enabled membrane imaging
with STORM,[29] and the transfer of intracellular cargo
between cells along nanotubes has been observed, our live-
cell imaging can track dynamic changes in nanotube mor-
phology and the transfer of surface glycans between cells
(Movies S1–S3). Furthermore, our dynamic tracking and live-
cell STORM imaging, as compared to fixed-cell imaging of
glycans using dSTORM,[30] can be used to directly distinguish
between static clusters of glycans and mobile, diffusing
glycans. Many of the features in Figure 4 B may appear

suggestive of static clusters, but we are able to conclude that
these represent dynamic glycans.

The application of single-molecule tracking to quantify
the movement of proteins in the plasma membrane has
revealed a rich behavior, including anomalous diffusion
owing to confinement or immobilization.[14, 15] There are two
key factors, however, that contribute to the mobility of single
fluorescent molecules on labeled glycans: the mobility of the
glycan and the mobility of the protein. Furthermore, the
movement depends upon the location of the fluorescent
molecule on the particular glycan (i.e., whether the probe is in
a rigid or flexible part of the glycan) and upon how the density
of the glycoproteins on the cell surface affects the polymer
brush. Our MSD and CDF measurements provide informa-
tion that capture these complex dynamics.

The CDFs that we have measured for both sialic acid and
GalNAc (in two cell types) are poorly fit with a single
diffusion constant, which suggests that the motion is not
normal Brownian diffusion. Instead, the CDFs are best fit by
assuming a two-component mobility, which provides evidence
of anomalous diffusion. As these two-component fits
(Table 2) share a common slow diffusing component (ca.
0.1 mm2 s�1), but differ mainly in their fast diffusion compo-
nent, we interpret the slower component as representing the
lateral diffusion of the protein in the plasma membrane and
the fast component as representing the diffusion of the
fluorescent molecule on the glycan.

We have determined that the MSD for glycans is linear
when they are observed over short times and that it reaches
a saturation value over longer time periods. The linear portion
is suggestive of Brownian motion, and the saturation indicates
damped diffusion in a confining harmonic potential that
reflects the glycan structure. Consistent with this model, the
data indicate that the spring constant for N-linked sialic acid
is several times weaker than for GalNAc in both cell types,
suggesting that N-linked sialic acid is less constrained
(Table 1).

Furthermore, the distribution of diffusion constants
calculated from the linear, freely diffusing portion of the
MSD (Figure S7) indicates that the diffusion is skewed
towards faster values for N-linked sialic acid relative to
GalNAc in both cell types. The faster motility of sialic acid
may further reflect its position at the non-reducing terminal
position of N-linked glycans attached by galactose by a2,3- or
a2,6-linkages; compared with GalNAc, which is a core
residue attached to the polypeptide backbone, sialic acid
should move more freely.

Significantly, the data suggest that N-linked sialic acid
diffuses more slowly (by a factor of two) in cells that have
a high metastatic potential as compared to cells with a low
metastatic potential, and O-linked GalNAc appears to diffuse
nearly three times more slowly in Met-1 than in PyMT. We
speculate that the observed slower diffusion of glycans on the
surface of cells with higher metastatic potentials may reflect
the increased crowding of the tethered polymers.[31–33] Cur-
rently, we are using mass spectrometry to analyze the glycan
structures from the two cell lines to determine if this is
specifically related to the size of the glycan structures or
a possible increase in overall sialylation.[34, 35]

Figure 4. STORM imaging of sialic acid in HeLa cells. HeLa cells were
metabolically labeled with Ac4ManNAl and conjugated with Alexa Fluor
647 azide. A) Single STORM image (100th frame) from a sequence.
B) STORM image produced from 480 consecutive frames. The 130021
detected molecules are displayed by a Gaussian with a standard
deviation equal to the localization precision. The color bar represents
the integrated fluorescent intensity of each molecule. Scale bars:
10 mm.
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We conjecture that there may be regions on some cell
surfaces, in particular in regions with pronounced galectin
binding[36] and near integrin adhesions, where local spatial
averages will not yield the same result as the MSD calculated
from temporal trajectories. As cell-surface glycans, which act
as sensors of the extracellular matrix, are considerably longer
than integrins, the formation of adhesions likely requires local
glycan clearance by a combination of mechanisms, involving
lateral movement, endocytosis, and shedding.[37, 38] We expect
such processes to have a significant impact on the movement
of glycans in the vicinity of adhesions and in particular for the
tracking of sialic acids on single proteins such as integrins,
which have been shown to undergo constrained diffusion with
diffusion constants and confinement radii that depend upon
whether the integrin is within or outside of adhesions.[39]

Our data also demonstrate that the imaging of surface
glycans in live cells can provide superb detail regarding the
morphology of the plasma membrane. One limitation of our
metabolic labeling approach coupled with bioorthogonal
chemistry, however, is that all glycans on the cell surface
containing the tagged monosaccharide building blocks are
labeled. Accordingly, glycoforms of a specific protein target
cannot be uniquely detected. To overcome this limitation, we
are currently implementing a double labeling strategy that
combines our glycan labeling techniques with recently
developed site-specific protein labeling techniques to enable
the imaging of sialylated glycans of a specific membrane
protein such that we will be able to simultaneously track the
movement of the protein in the membrane and the differ-
ential movement of the tethered glycan.[40]
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Aptamer-recognized carbohydrates on the cell
membrane revealed by super-resolution
microscopy†
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Carbohydrates are one of the most important components on the cell membrane, which participate in

various physiological activities, and their aberrant expression is a consequence of pathological changes. In

previous studies, carbohydrate analysis basically relied on lectins. However, discrimination between

lectins still exists due to their multivalent character. Furthermore, the structures obtained by carbo-

hydrate-lectin crosslinking confuse our direct observation to some extent. Fortunately, the emergence of

aptamers, which are smaller and more flexible, has provided us an unprecedented choice. Herein, an

aptamer recognition method with high precise localization was developed for imaging membrane-bound

N-acetylgalactosamine (GalNAc). By using direct stochastic optical reconstruction microscopy (dSTORM),

we compared this aptamer recognition method with the lectin recognition method for visualizing the

detailed structure of GalNAc at the nanometer scale. The results indicated that GalNAc forms irregular

clusters on the cell membrane with a resolution of 23 ± 7 nm by aptamer recognition. Additionally, when

treated with N-acetylgalactosidase, the aptamer-recognized GalNAc shows a more significant decrease

in cluster size and localization density, thus verifying better specificity of aptamers than lectins.

Collectively, our study suggests that aptamers can act as perfect substitutes for lectins in carbohydrate

labeling, which will be of great potential value in the field of super-resolution fluorescence imaging.

Introduction

Carbohydrates on cell membranes play vital roles in various
physiological processes, such as cell adhesion and cell
recognition.1–3 They are considered as significant biomarkers
and provide a series of specific targets for therapeutic interven-
tion.4 Moreover, alterations in glycosylation are found to regu-
late the growth and progress of cancer.5–7 Previous studies of
cell membrane carbohydrates were mostly concentrated on
their overall characters, such as their functions in cancer cell
adhesion and their microenvironment with glycoproteins,8,9

which limit our understanding of their subtle distribution pat-
terns on cell membranes at the single molecule scale.

Recently, novel super-resolution imaging technologies, includ-
ing stimulated emission depletion (STED),10 (direct) stochastic
optical reconstruction microscopy ((d)STORM),11,12 photoacti-
vation localization microscopy (PALM)13 and structured illumi-
nation microscopy (SIM),14 have overcome the diffraction limit-
ation and helped in investigating the defined structure of
membrane components with nanometer resolution. Therefore,
super-resolution microscopes offer a powerful tool to study the
distribution of membrane-bound carbohydrates.15

Although the development of super-resolution techniques
is becoming increasingly matured and they are applied in
many biological and chemical fields, obstacles exist with the
labeling method for observing membrane-carbohydrates.
Lectins have been widely used to recognize heterogeneous
carbohydrates for a long time.16 Despite their high affinity
with carbohydrates, the multivalent character of lectins can
cause crosslinking interactions with carbohydrates,17,18

leading to the formation of some artifacts. This may be an
important reason why the lectin recognition method has been
debated in recent years. Particularly, in super-resolution fluo-
rescence imaging, multivalent reactions also have a vital
impact on achieving an ideal resolution. Therefore, new label-
ing molecules are needed urgently for investigating cell-
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surface carbohydrates. The emergence of aptamers provides us
with an unprecedented choice.19,20 Single-stranded DNAs or
RNAs can be synthetized using the SELEX (systematic evol-
ution of ligands by exponential enrichment) technology, which
have been designed for recognizing various biological mole-
cules, such as proteins and carbohydrates.21,22 Moreover,
abundant studies have suggested that aptamers are effective
vehicles for drug delivery and disease treatment.21 Currently,
due to their distinct advantages of flexibility, small size and
easy acquisition, aptamers have become increasingly attractive.
For example, Opazo et al. gained clearer structural information
of endosomal tubules using super-resolution imaging with the
aid of aptamers.23 Thus far, most aptamers have been devel-
oped for studying proteins; however, only a few have been
designed for targeting carbohydrates, such as GalNAc,22 Sialic
acid,24 and Globo H.25

N-Acetylgalactosamine (GalNAc) α-linked to serine or threo-
nine on the cell surface is called the Tn antigen,6,8 which rep-
resents a series of O-glycans. This type of carbohydrate contrib-
utes to over 50% of the molecular mass in mucin 1.22

Moreover, aberrations in glycosylation cause pathological
changes.7 Herein, we used dSTORM to investigate the distri-
bution pattern of cell-surface GalNAc with aptamer probes and
compared the results with lectin labeling. We detected the
imaging resolution using both aptamer and lectin labeling.
Although these two labeling methods result in an acceptable
lateral resolution of about 20 nm, the monovalent aptamer
probes have higher epitope identification, which provides
accurate clustering information on GalNAc on the cell mem-
brane. Furthermore, we used N-acetylgalactosidase treatment
to test the recognition specificity of aptamers and lectins,
which suggests that aptamers can act as acceptable substitutes
for lectins for labeling cell-surface carbohydrates.

Results and discussion
dSTORM imaging of aptamer-recognized GalNAc

As mentioned above, O-linked glycans are abundantly present
on the cell membrane and GalNAc is one of the most impor-
tant carbohydrates in this branch. This membrane component
is difficult to be recognized partially because of its small size
and the multivalence of its labeling molecules—natural
lectins. SBA26,27 (soybean agglutinin) is a widely used lectin for
labeling GalNAc. Abundant studies have found that SBA has
four saccharide-binding sites against GalNAc,28 and this tetra-
mer can also bind to adjacent structures similar to GalNAc.
This indicates that one lectin can occupy at least two carbo-
hydrates. A schematic diagram of SBA recognition is shown in
Fig. 1a. Since this recognition character of lectins can cause
inaccuracy in observing carbohydrates, we introduced apta-
mers to our experiments. Aptamers are regarded as mono-
valent DNA or RNA chains, which have only one binding site
to distinguish GalNAc (Fig. 1a). Therefore, to elucidate the dis-
tribution pattern of GalNAc on the apical membranes of HeLa
cells more comprehensively and precisely, we utilized apta-

mers to label them, which were observed by dSTORM imaging.
Moreover, the SBA labeling method was performed as a
contrast.

To ensure adequate labeling of GalNAc, the saturated con-
centrations of aptamers and lectins were determined by calcu-
lating the localization density (the number of localizations per
μm2) on cell membranes at different concentrations (Fig. S1†).
Since the binding ratios of aptamers or lectins to carbo-
hydrates are different (1 : 1 for aptamers and >2 : 1 for lectins),
the selected labeling concentrations to determine the satur-
ation were also different between aptamers and lectins (see
Experimental section for details). Both localization curves
increased first and exhibited a plateau as the concentration
increased. The localization density stabilized at 801 ± 83 and
662 ± 89 when the aptamers and lectins reached a concen-
tration of 8 μM and 3 μM, respectively. These values are also

Fig. 1 Recognition and dSTORM imaging of GalNAc using aptamers
and lectins. (a) Schematic of the recognition principle of aptamers and
lectins on the apical cell membrane. Aptamers are specifically recog-
nized and can label as many carbohydrates as possible (left). Lectins
have multiple recognition sites that may easily cause carbohydrates to
cross-link (right). (b) Conventional TIRF image and the corresponding
dSTORM image of the aptamer-labeled and lectin-labeled GalNAc on
HeLa cell membranes, respectively. Scale bars: 5 μm.
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generally consistent with the theoretical binding ratio. Thus,
we used these two saturated labeling concentrations in our
subsequent experiments. As shown in Fig. 1b, the conventional
TIRF images display a diffraction-limited distribution of
GalNAc on the cell membranes with either aptamer or lectin
labeling. Comparatively, dSTORM imaging improved the
resolution substantially and clearer structures of GalNAc were
obtained. From intuitive observation, GalNAc is hetero-
geneously distributed on the cell membranes.

High localization precision of aptamer probes

To achieve super-resolution, dSTORM employs stochastic acti-
vation of single fluorophores and transformation of quantities
of fluorophores between the “ON” and “OFF” states. In the
process of acquiring localizations, the active fluorophores were
kept at a low density for better separation of the individual
recorder. Eventually, localizations of targets were identified
through sufficient cycles of activation and a super-resolution
image was reconstructed.12 As one of the widely used single
molecule localization microscopes, resolution and localization
precision are key factors for successful dSTORM imaging.
Thus, we first detected the resolution of TAMRA conjugated
GalNAc aptamer or lectin with a low concentration of ∼20 nM
on an empty coverslip and HeLa cell membranes (Fig. S2†). In
addition to the different properties of lectins and aptamers
such as size and shape, other external factors and experi-
mental operations, including fluorescent dyes, labeling ratio of
dye to aptamer/lectin, imaging system, and analysis method,
also influence the detected resolution to some extent. To rule
out these influences, we kept the experimental conditions as
same as possible and implemented the measurements
repeatedly.

As shown in Fig. S2,† we aligned two-dimensional distri-
bution of repeated localizations from 100 fluorescent mole-
cules in 10 independent experiments and determined the
resolution by measuring the full-width at half-maximum
(FWHM) of the Gaussian profile.39–41 The resolution was
23.0 ± 6.3 nm for single TAMRA-conjugated aptamers on the
coverslip (Fig. S2i†), while it was 24.2 ± 7.3 nm for single
TAMRA-conjugated lectins (Fig. S2k†). Since we intended to
observe the carbohydrates on the cell membrane that might
cause a different background, to exclude this possibility, we
also used these two fluorescent probes to measure the resolu-
tion on HeLa cells with the same concentration. Consequently,
the aptamers achieved a resolution of 23.0 ± 7.3 nm (Fig. S2j†),
while the lectins achieved a resolution of 24.4 ± 6.5 nm
(Fig. S2l†). Collectively, the results indicated that both the
aptamer and lectin linked-dyes achieved good resolution of
∼20 nm on the empty coverslip and the cell membrane and
there was no significant difference between the aptamer and
lectin probes. Since the same fluorescent dyes were conjugated
to the aptamers and lectins, the detected resolutions under
the four conditions were similar. Although the DNA aptamers
did not show an overwhelming advantage in the imaging
resolution, it was still sufficient to visualize the refined struc-

ture of GalNAc on the cell membrane with a resolution of
about 20 nm.

Clustered distribution of GalNAc analyzed by SR-Tesseler

For detailed comparison of the GalNAc spatial organization
with aptamer and lectin recognition, it is necessary to employ
a suitable analysis method. With the development of single-
molecule localization microscopy (SMLM), increasing number
of algorithms based on different principles have been explored
to analyze clusters and tiny structures in various fields. For
example, Ripley’s K29,30 function is widely used to characterize
the clustering ability of molecules and provide related cluster
information such as cluster size and shape. It is mainly aimed
at homogeneous clusters. DBSCAN31 (density-based spatial
clustering analysis with noise) is a universal algorithm that
can identify irregular clusters; however, the determination of
its parameters requires many attempts and there is a large
degree of subjectivity, which may affect the accurate extraction
of cluster information. Recently, a newly proposed method
called SR-Tesseler32 has been used to acquire SMLM data,
which has the predominant advantages of characterizing
heterogeneous structures and clusters and is easy to perform.
The principle of SR-Tesseler is based on Euclidean distances
and the extraction of clusters depends on the localization
density. The segmentation regions determined by localizations
are called Voronoï polygons, and each polygon is centered on
localizations. The edges of the Voronoï polygons are bisectors
between the nearest seeds. We first circled a region of the cell
membrane as the analysis target (Fig. 2a). Next, we segmented
the membrane region into many polygons by bisectors
between the nearest localizations (Fig. 2b). Then, we identified
objects within the polygons. If the localization density of a
polygon, δi

1, was larger than the average localization density of
the membrane region, δ, the localizations within the polygon
were selected and connected as an object (Fig. 2c). Finally, we
extracted clusters among the objects in which the localization
density was higher than the average localization density of all
the objects (Fig. 2d). Fig. 2e–g display the representative poly-
gons, objects and clusters, respectively. Therefore, cluster
information such as shape, area and number could be read
directly.33–35

Based on the above processing procedure, we analyzed our
dSTORM data and characterized the cluster information for
the cell membrane GalNAc labeled with aptamers (Fig. 3a) or
lectins (Fig. 3b). The statistical results indicate that the cluster
areas had a wide distribution range and three groups of clus-
ters occupied the three largest proportions (Fig. 3c). For
aptamer labeling, 25.6% of the clusters had an area in the
range of 1000 to 3000 nm2, 12.4% of the clusters from 9000 to
20 000 nm2, and 13.9% of the clusters from 100 000 to
300 000 nm2. Similarly, the proportions of the above three
groups of clusters for lectin labeling were 25.1%, 14.2%, and
9.7%. We also calculated the percentage of clusters with
different diameters (Fig. 3d). The obtained results indicate
that the diameters of the clusters had two main distribution
domains (Fig. 3d). For aptamer labeling, one domain was from
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30 to 100 nm, which occupied 55.5% of the clusters and the
other was domain was from 100 to 1000 nm, which was shared
among the remaining clusters. The clusters with a diameter
from 100 to 200 nm were the most abundant (approximately
20%) and clusters with diameters of 40–50 nm, 50–60 nm and
200–300 nm were all over 10%. This distribution was similar to
that observed through lectin labeling. The only difference was
that the clusters with 100–200 nm diameters were nearly 25%,
which was more than those labeled by aptamers. Accordingly,
it seems that the two probes exhibit no significant differences
in recognizing the morphological information of carbo-
hydrates. However, as we further analyzed the labeling localiz-
ation density, the two probes differed greatly. The localization
density of the total GalNAc on the cell membrane was 801 ± 83
for aptamer labeling and 662 ± 89 for lectin labeling (Fig. 3e),
indicating that the aptamer had a higher labeling efficiency.
Moreover, the number of localizations per cluster was larger by
aptamer recognition than that by lectin (149 and 109, respect-
ively, Fig. 3f), illustrating more precise and detailed identifi-
cation of carbohydrate molecules within clusters by aptamer
labeling.

Through dSTORM imaging and cluster analysis, we found
that most of the GalNAc formed clusters on the cell membrane
and both aptamer and lectin labeling showed similar results

for the distribution of cluster areas and diameters. The irregu-
lar shapes and different sizes of the clusters indicate their
heterogeneous distribution on the cell membranes. Moreover,
the clustered distribution of GalNAc was also observed on Cos-
7 cell membranes by aptamer probes (Fig. S3†). Previous
studies have also found that carbohydrates can form clusters
to enhance their interactions.36,37 We reasoned that the clus-
ters may serve as the functional units, which shorten the dis-
tances between carbohydrates and facilitate a fast response to
external signals. It is noteworthy that there are more and
larger clusters on cancer cell membranes than on normal cell
membranes (Fig. S3c and d†), which indicates that the distri-
bution of carbohydrates may be related to cell carcinogenesis

Fig. 2 The illustration of the SR-Tesseler analysis. (a) Representative
localization map of GalNAc after dSTORM reconstruction. The cell
membrane is circled as the analysis target. (b) Segmentation of the local-
izations by bisectors between the nearest localizations. (c) Identification
of objects (blue) after thresholding the object density δi

1 > δ. (d) Finally
extracted clusters (green districts covered on the blue regions) with a
higher localization density than the average localization density of all
objects. (e) Magnified image of the segmented polygons boxed in (b).
The black outline shows the selected object boundary. (f ) Magnified
image of the objects boxed in (c). (g) Magnified image of the clusters
within the objects boxed in (d). The green regions are extracted clusters.
Scale bars: 5 μm in (a–d) and 300 nm in (e–g).

Fig. 3 Cluster analysis of the aptamer- and lectin-recognized GalNAc
on the cell membrane using the SR-Tesseler method. (a) Representative
reconstructed image of the aptamer-labeled GalNAc on the cell mem-
brane after cluster extraction by SR-Tesseler. Eligible clusters are shown
in green and magnified in the upper right corner. Scale bars: 5 μm in the
original image and 500 nm in the enlarged image. (b) Representative
reconstructed image of lectin-labeled GalNAc. (c) Percentage of
different areas of GalNAc clusters labeled with aptamers or lectins. (d)
Distribution of the cluster diameters with aptamer or lection reco-
gnition. (e) Number of localizations per μm2 on the cell membranes
labeled with aptamers or lectins. (f ) Average number of localizations per
cluster. Data were acquired from ten cells in three independent experi-
ments. “**” means P < 0.01 and “***” means P < 0.001. Analysis of var-
iance was processed using the two-tailed unpaired t-test. LOCs is the
abbreviation for localizations.
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and the clustering feature may become a valuable biomarker
for the diagnosis of tumorigenesis.

Despite the similar morphological information, the higher
localization density of both the entire membrane and the clus-
ters demonstrates that aptamers have stronger ability to recog-
nize carbohydrates, particularly for molecules within the clus-
ters. Due to the atomic size of carbohydrates, they are difficult
to be recognized using multivalent lectins, while the small size
and steric hindrance of aptamers allow them to more easily
recognize molecules within the clusters.

Better specificity of aptamers than lectins

Another factor to evaluate the type of recognition molecule is
its specificity. Aptamers are usually DNA or RNA strings
selected in vitro22 and thus, suspicion may exist on their speci-
ficity when recognizing targets in vivo. To exclude this doubt,
we first performed dual-color imaging of both the aptamer
and lectin-labelled GalNAc on the same cells (Fig. S4†). Their
colocalization degree calculated using Mander’s coefficient
indicates that both aptamers and lectins could specifically
recognize GalNAc. However, this result did not differentiate
their specificities. To further compare this, we used α-N-acetyl-
galactosaminidase (α-NAcase) to exclusively split the α-N-acetyl
galactosidic bond and then investigated the status of aptamer
or lectin recognition by dSTORM imaging. As shown in Fig. 4a,
both the aptamer- and lectin-labeled GalNAc were reduced

drastically and they were dispersed after the treatment.
Moreover, the statistical result (Fig. 4b) indicates that the local-
ization density of the aptamer-labeled GalNAc decreased more
significantly (from 801 ± 83 to 127 ± 35) than that of the lectin-
labeled GalNAc (from 662 ± 89 to 266 ± 52). We also analyzed
the changes in the cluster properties using the SR-Tesseler
method. The number of clusters per µm2 decreased from 3.41
to 1.25 for the aptamer-labeled GalNAc, while it decreased
from 3.58 to 1.90 for the lectin-labeled GalNAc (Fig. 4c). The
localizations in the clusters dropped from 142 ± 16 to 44 ± 11
in the aptamer group, while they decreased from 109 ± 22 to
73 ± 15 in the lectin group (Fig. 4d). In addition, some labelled
GalNAc were still observed after the treatment. This is because
other types of GalNAc such as β-GalNAc were not disrupted by
the α-NAcase treatment.

Collectively, the above parameters illustrate a more signifi-
cant decrease in the aptamer-labeled GalNAc than the lectin-
labeled GalNAc after destroying the α-N-acetyl galactoside
bonds. These results indicate that selection in vitro did not
affect the labeling specificity of the aptamers in vivo and
remarkably, the aptamers showed better specificity than the
lectins. It is highly probable that aptamers have specific
binding sites and monovalent character. However, SBA has at
least two saccharide residues, including Gal and GalNAc,
resulting in multiple recognition sites. Even though most
glucosidic bonds were broken, SBA could label nonspecific

Fig. 4 N-Acetylgalactosidase treatment weakens the clustering of GalNAc. (a) dSTORM images of GalNAc in the control and N-acetylgalactosidase
treated cell membranes labelled with aptamers or lectins. The red-edge images with an area of 3 × 3 μm2 are the magnifications of the red boxes.
Scale bar: 5 μm in the original images and 500 nm in the enlarged images. (b) Number of localizations per μm2 on the control and treated cell mem-
branes labeled with aptamers or lectins. (c) Number of clusters per μm2 under the same conditions as (b). (d) Average number of localizations per
cluster. The statistical results were obtained from ten cells in three independent experiments. “*” means P < 0.05, “**” means P < 0.01, “***” means
P < 0.001, “****” means P < 0.0001, and “ns” means no significance. Analysis of variance was processed using the two-tailed unpaired t-test. LOCs is
the abbreviation for localization.
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carbohydrates, leading to a smaller reduction in labeled mole-
cules. Therefore, we concluded that aptamers have great speci-
ficity in recognizing carbohydrates and could express the mor-
phology information of carbohydrates on the cell membrane
more accurately.

Conclusions

In summary, we used dSTORM to investigate the distribution
and organization of GalNAc on cell membranes and detect the
imaging resolution, labeling efficiency and recognition speci-
ficity of aptamers and lectins. The results indicated that
aptamer labeling can achieve a high resolution of approxi-
mately 20 nm in dSTORM images of GalNAc. The SR-Tesseler
analysis revealed that GalNAc forms heterogeneous clusters on
cell membranes either by aptamer or lectin labeling and this
clustering distribution facilitates the interactions between
carbohydrates. However, the higher localizations in the clus-
ters indicated that aptamers have stronger capacity to recog-
nize carbohydrates due to their small steric hindrance.
Moreover, there was a more significant decrease in the total
GalNAc and clusters by aptamer labeling when the GalNAc glu-
cosidic bonds were destroyed, demonstrating that aptamers
have better specificity than lectins. Our study verified that the
aptamer is a competent and efficient molecule for labeling
membrane carbohydrates, which can provide more accurate
and detailed information of the spatial localization and aggre-
gation of carbohydrates in super-resolution imaging. With the
development and perfection of aptamer design, we believe that
aptamers will be widely applied in molecular recognition and
labeling, and multi-color super-resolution imaging by apta-
mers will be excellent techniques for investigating sugar–
protein or sugar–sugar interactions.

Experimental section
Cell culture

The HeLa and Cos-7 cell lines were purchased from the
Shanghai Institute of Biological Sciences. Cells were cultured
in high glucose Dulbecco’s modified Eagle’s medium
(HyClone) containing 10% fetal bovine serum (Gibico), 100
units per mL penicillin and 100 mg mL−1 streptomycin
(Sigma). The culture was maintained under 5% CO2 at 37 °C.
Before imaging, cells were passaged on a pre-cleaned cover slip
(22 mm × 22 mm, Fisher) in the culture dish. The experiment
was initiated after the cells reached a covering rate of 60–70%.

Aptamer staining

GalNAc aptamers (GAGACAAGAATAAACGCTCAAAAGGGATGAC
AGGATACGCCAAGCTTTCGACAGGAGGCTCACAACAGGC, 70
bases in all) conjugated with TAMRA were purchased from
Shanghai Sangon Biotech Company. Detailed information22,28

such as kinetics constant, molecular weight and estimated size
are shown in Fig. S5.† We first diluted the aptamers in TE

buffer containing 10 mM Tris-HCl and 1 mM EDTA (pH = 8.0).
Cells were rinsed with pre-warmed PBS three times, fixed in
4% paraformaldehyde (PFA) at 37 °C for 40 min and washed
with PBS three times again. Then, 3% BSA was added to block
non-specific binding. Subsequently, the cell samples were
stained with the TAMRA-conjugated aptamers at 4 °C in dark
for 10 min. For determining the saturated concentration, we
used concentrations of 4, 6, 7, 8 and 10 μM, and 8 μM was
proven to be the most appropriate. Finally, we rinsed the cells
with PBS three times to remove the excess aptamers.
Considering the small size of the aptamers, we tested whether
the aptamers were internalized in the cells under confocal
microscopy (Fig. S6†). The result implied that almost no
aptamer entered the cells, indicating that the staining con-
ditions of low temperature and short time were suitable for
labeling GalNAc on the cell surface.

SBA staining

SBA (soybean agglutinin, Sigma-Aldrich) was first labeled with
TAMRA (Invitrogen). Then, 100 μL SBA (dissolved in PBS, and
final concentration is 100 μg mL−1) and 0.2 μL TAMRA (dis-
solved in DMSO, and the final concentration is 1 mg mL−1)
were mixed and shaken slightly at 25 °C for 3 h. Unconjugated
dye was removed using illustra NAP-5 columns (GE
Healthcare). The absorption at 280 nm (lectin) and 548 nm
(maximum absorbance of TAMRA) was detected using a UV/
VIS spectrophotometer. Tubes with the ratio of A548 to A280
ranging from 0.8 to 1 were selected.

The cells were treated and stained in the manner, similar to
that during aptamer staining. The only difference was the con-
centration of SBA. For measuring the localization precision,
the concentration of SBA was 20 nM. For determining the satu-
rated concentration, we used concentrations of 1.5, 2, 2.5, 3
and 4 μM, and 3 μM was found to be the optimal staining
concentration.

dSTORM imaging

Before performing dSTORM, imaging buffer containing
140 mM beta-mercaptoethanol (β-ME), 0.5 mg mL−1 of glucose
oxidase and 40 μg mL−1 of catalase was prepared. We poured
50 μL imaging buffer on a large slide (24 mm × 50 mm, Fisher)
and then, a small coverslip containing the cells was slowly
placed on the large slide inversely and sealed with nail polish.

dSTORM imaging was implemented under a Nikon Ti-E
microscope with a 100 × 1.49 NA TIRF lens (Nikon, Japan). A
532 nm laser was responsible for single color imaging. For
dual-color imaging, the sample was first excited with a 640 nm
laser for lectin-labeled GalNAc imaging and then activated
with a 532 nm laser for aptamer-labeled GalNAc imaging. The
excitation slit was adjusted to increase the signal-to-noise ratio
maximally. A high-sensitive EMCCD (electron-multiplying
charge-coupled device, Photometrics, Cascade II) camera was
used to acquire frames (512 × 512 pixels, 130 nm each pixel) at
a high speed with an exposure time of 30 ms. The raw image
data was captured with a Micro-Manager (U.S. National
Institutes of Health). In total, 5000 frames per cell were
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recorded, and the acquisition time was usually less than
3 minutes. Microspheres were added as fiducials to correct the
x–y drift and the optical registration between Alexa 647 and
the TAMRA channels. The z-drift was eliminated by a focus
lock.30 The reconstruction of the super-resolution images was
performed by QuickPALM in Image J.38 We also used
ThunderSTORM42 to reconstruct the image. The results indi-
cated that both algorithms provided good and detailed mor-
phology of the GalNAc clusters (Fig. S7†).

Measurement of the resolution

Alexa 647-labeled aptamers or lectins were first diluted in the
imaging buffer with the final concentration of 20 nM. We
measured the localization precision under two conditions: (1)
the solution was poured on an empty large coverslip and a
small coverslip was placed on it and sealed with nail polish;
(2) the solution was poured on a small coverslip where cells
were cultured and then sealed. Finally, dSTORM imaging was
performed as mentioned above. The average FWHM was used
to illustrate the resolution (Fig. S2†).

Cluster analysis

SR-Tesseler was applied to our dSTORM data to characterize
the clustering of GalNAc. A reconstructed dSTORM image of
membrane GalNAc was selected for analysis, and bisectors
between every two closest localizations were drawn. Then, the
membrane region was segmented into many polygons contain-
ing a different number of localizations. The localization
density of a polygon was defined as δi

1 and the average localiz-
ation density of the total membrane region was defined as δ.
Initially, if the polygon δi

1 was larger than δ, the localizations
in this polygon were selected and connected to form a new
region called ‘object’ (Fig. 2f). The localization density of an
object was defined as δi

0 and the average localization density
of all objects was defined as δ0. Next, the objects with δi

0 larger
than δ0 were selected as clusters (Fig. 2g) and therefore, cluster
information could be obtained easily. SR-Tesseler is freely
available at http://www.iins.u-bordeaux.fr/team-sibarita-
SR-Tesseler.32,35
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Super-Resolution Microscopy: Shedding Light on the Cellular Plasma
Membrane
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ABSTRACT: Lipids and the membranes they form are fundamental building blocks of
cellular life, and their geometry and chemical properties distinguish membranes from
other cellular environments. Collective processes occurring within membranes strongly
impact cellular behavior and biochemistry, and understanding these processes presents
unique challenges due to the often complex and myriad interactions between membrane
components. Super-resolution microscopy offers a significant gain in resolution over
traditional optical microscopy, enabling the localization of individual molecules even in
densely labeled samples and in cellular and tissue environments. These microscopy
techniques have been used to examine the organization and dynamics of plasma
membrane components, providing insight into the fundamental interactions that deter-
mine membrane functions. Here, we broadly introduce the structure and organization of
the mammalian plasma membrane and review recent applications of super-resolution
microscopy to the study of membranes. We then highlight some inherent challenges
faced when using super-resolution microscopy to study membranes, and we discuss
recent technical advancements that promise further improvements to super-resolution microscopy and its application to the
plasma membrane.
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1. INTRODUCTION

The cell membrane is a complex mixture of lipids and proteins in
close contact with the cortical cytoskeleton and the extracellular
matrix, whose composition and dynamics is highly regulated
through a vast array of cellular processes. In addition to its func-
tion as an electrical and physical barrier, the plasma membrane is
the site of diverse cellular biochemistry responsible for regulating
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how the cell interacts with and responds to its environment.
Signals that originate at the plasma membrane play a critical role
in cell growth, differentiation, secretion, autocrine and paracrine
signaling, and immunity, for example. While many of the protein
players in these vital pathways have been identified, a more
complete picture will illustrate how these molecules interact in
time and space, and will describe the ways in which the complex
landscape of the membrane modulates these interactions. Recent
advances in fluorescence microscopy, including single molecule
and super-resolution imaging, have contributed new information
to these vital questions, and hold enormous promise for elucidating
many features of the plasma membrane.
In the following pages, we provide an overview of the

organizing principles that underlie plasma membrane structure
and function, review how super-resolutionmicroscopy approaches
have shed light on processes occurring within membranes, and
discuss some limitations faced by these methods when applied to
studies of plasma membrane processes. Single molecule and
super-resolution fluorescence microscopy has a long history in
the study of membranes, where some of the earliest single
molecule studies pioneered the observation of the motion and
nanoscale organization of plasma membrane proteins. We briefly
discuss this history and provide an extensive review of more
recent work that characterizes plasma membrane structure and
function through fluorescence-based super-resolution imaging
methods. The plasma membrane imposes some specific chal-
lenges for experiments, and thus we discuss several technical
considerations that are particularly applicable to super-resolution
imaging of membranes, emphasizing the challenges in observing
clustering and colocalization of membrane components. Within
this context, we present simple simulations illustrating the
challenges and caveats of super-resolution localization micros-
copy with emphasis on quantitative data analysis using correla-
tion functions. Recent advances in fluorescent probes, imaging
technology, and data quantification have pushed the limits of
super-resolution microscopy, and we conclude with our view on
how these and other developments will shape future studies.

1.1. Anatomy of the Mammalian Plasma Membrane

In their simplest form, bilayer membranes are composed of
lipids surrounded by an aqueous fluid. Lipids are amphiphilic
molecules with a hydrophilic headgroup and typically two
hydrophobic hydrocarbon chains that collectively self-assemble
into bilayer structures when placed in excess water. Lipid chains
themselves are short polymers that can take on many confirma-
tions within the hydrophobic core of the bilayer, helping to
maintain the membrane as a two-dimensional fluid. Lipid head-
groups are anchored at the oil−water interface, shielding the
membrane core from the surrounding water and ions, and acting
as the molecular interface with the surrounding fluids. Lipids in
bilayers can be in a variety of physical states, with characteristic
levels of mobility and molecular ordering. Bilayers can be in a
rigid solid-like state often referred to as the gel phase, or in one of
two more fluid liquid phases, or can contain mixtures of these
phases.1−5 The two liquid phases, called liquid-ordered and
liquid-disordered, are distinguished by their composition and
physical properties such as membrane thickness and the exten-
sion of lipid hydrocarbon chains. Lipids can also assemble into
nonbilayer topologies, including the highly curved inverse-
hexagonal phase and cubic phases important for both biological
processes and crystallizing membrane proteins.6−12 These
natural tendencies of lipids and lipid mixtures to self-organize
in different ways provide the cell with a flexible toolbox, with the

ability to tune membrane spontaneous curvature and stiffness,
viscosity, and ion permeability, and to even organize components
within the membrane plane.
There is large chemical diversity of lipids in cellular mem-

branes. This diversity is most easily seen in the lipid headgroups,
which can vary in size, charge, and surface chemistry. There are
two dominant types of linkages connecting headgroups to
hydrophobic acyl chains, and the chains themselves can vary
dramatically in length (number of carbons) and level of unsatura-
tion. These chemical variations are combinatorially varied by
enzymes involved in lipid metabolism, and as a result there are at
least 800 distinct lipid species in a typical mammalian plasma
membrane.13 Cholesterol is by far the most abundant single
lipid in the plasma membrane of mammalian cells, sometimes
exceeding 40 mol % of total lipid.14,15 The chemical structure of
cholesterol is distinct from other cellular lipids: it is more
hydrophobic, contains fused planar rings, and has a single short
hydrocarbon chain.15 Lipids can also be covalently modified with
sugars or proteins, or can bind with high affinity to soluble
proteins. This broad chemical diversity is highly regulated by cells
in order to tune a broad array of physical and biological prop-
erties that are vital to its function. The molecular composition of
lipids varies dramatically within cellular organelles and even
within leaflets of the same bilayer, due to both lipid trafficking
and biogenesis.2 Recent efforts to quantitatively map lipid
components using mass spectrometry have highlighted the vast
diversity and interconnectivity of lipids.13,16,17 In addition to
acting as ligands and signaling molecules, the molecular com-
position of lipids establishes collective physical properties of the
membrane as a wholeproperties such as electrical resistance,
viscosity, bending rigidity, and electrostatic charge.18

The plasma membrane also contains nearly 50% mass fraction
of proteins.19 These take the form of proteins that span the
plasma membrane through a single α-helical segment, proteins
that traverse the membrane multiple times, and those that
associate only with a single membrane leaflet20 as illustrated
graphically in Figure 1A. Many plasma membrane proteins are
post-translationally modified with lipid chains, and some of these
can be dynamically added and removed by enzymes resident
within the plasma membrane itself.21 The membrane association
of soluble and peripheral proteins can be achieved through
directly binding to lipids or membrane-embedded proteins, and
is often regulated through enzymatic modification (e.g.,
phosphorylation) of both lipid and protein species.22−24 Some
proteins can bend or even break membranes, playing important
roles in endocytosis and exocytosis, as well as viral fusion.25,26

As with plasma membrane lipids, the protein content of the
plasma membrane is highly regulated and dynamic. Both plasma
membrane lipid and protein components can vary dramatically
between cell types and during different stages of cellular develop-
ment.27

The plasma membrane is in direct physical contact with both
the extracellular matrix and the cortical cytoskeleton, depicted
in Figure 1A. This association acts to add mechanical strength
to the cellular interface, provides a means to control cell shape
and mobility, and can dictate interactions with other cells or
extracellular factors.28 Association with these elements also
influences the localization and dynamics of some membrane
constituents. Many lipids and proteins facing the extracellular
space are modified with sugars that directly intercalate into the
extracellular matrix. The plasma membrane is also conjugated to
the rigid protein filaments that make up the cortical cytoskeleton.
This occurs through direct protein−protein and protein−lipid
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binding as well as through indirect coupling through electro-
statics or fluid dynamics.29−32 Inversely, membrane proteins and
dynamics can influence the polymerization and reorganization of
cytoskeletal networks, through the binding of actin-modifying
proteins to phosphoinositides, for example membrane-bound
Wiscott-Aldrich Syndrome protein (WASP).33 Taken together,
the plasma membrane is a complex molecular assembly which is
directly coupled to both the extracellular and intracellular spaces.
Membrane phases are also thought to influence the spatial

organization of membrane components, and are conceptually
shown in Figure 1A. Bilayer membranes made of purified lipids
can undergo phase transitions between more ordered and more
disordered fluid states, where more ordered phases have acyl
chains that are more aligned resulting in tighter packing and a
slightly thicker bilayer. These liquid-ordered and liquid-dis-
ordered phases can coexist in the same phase-separated mem-
brane, reminiscent of oil and water demixing in three dimensions.
It is proposed that similar forces influence the lateral organization
of intact plasma membranes,34 and in support of this, cellular
plasma membranes exhibit phase separation when isolated and
examined at low temperature.35 The concept that lipids can help
organize proteins within cellular membranes is commonly referred
to as the lipid raft hypothesis,36 and remains controversial in part
due to the lack of reliable experimental methods to probe these
membrane structures.37,38 However, biophysical investigations
have provided support that the membrane can exhibit domains of
relatively ordered or disordered membrane, especially around
clustered proteins and receptors.39 It is also thought that the
tendency for plasma membrane lipids to assemble into non-
lamellar phases can play important roles in functional processes
that require membrane bending.8 Understanding the impact of
phase effects in the plasma membrane is an important goal for
membrane research, as these subtle effects may influence a variety
of processes occurring at the plasma membrane.

Membrane properties influence the nature of interactions
between proteins that reside within the bilayer. Just like soluble
proteins, membrane proteins can form complexes through
electrostatic and van der Waals interactions. Membranes tend to
orient embedded protein binding sites, often lowering the
entropic free energy cost of binding. These direct associations are
responsible for the stability of many multiprotein complexes
present among plasma membrane proteins. In membranes,
proteins can also interact indirectly via interactions mediated
through the membrane itself, as shown in Figure 1A. These
interactions tend to be weaker than those accessible through
direct binding, but can act over larger distances. Examples
include protein associations due to a shared preference for a
specific membrane curvature, bilayer thickness, or membrane
composition. Plasmamembrane proteins and lipids are also often
organized via interactions outside of the membrane plane. These
can include interactions mediated through adhesion to another
membrane surface,40 to protein assemblies proximal to the
membrane,41 or through direct interactions with cytoskeletal or
extracellular matrix components.42,43 In a living membrane,
biochemistry occurs within this complex and dynamic environ-
ment to provide a wide array of cellular functions.
Interactions between membrane components such as those

detailed above can be cooperative and complex, and relevant
biological events often exhibit a mixture of these interactions as
shown in Figure 1B. Experimental investigation of membrane
physical chemistry has thus been greatly aided by techniques that
provide specific molecular information in the context of the
intact membrane. Further, experimental methods that are
compatible with cellular plasma membranes are of very high
value due to the practically impossible task of reproducing the
complex membrane environment in vitro. Among these methods,
single molecule and super-resolution microscopy stand out due to
their ability to observe the localization and dynamics of individual
molecules and thus interpret the molecular interactions that are
acting upon the molecule of interest.

1.2. Early Single Molecule and Super-Resolution
Investigations of the Plasma Membrane

Cell plasma membranes are particularly well-suited for single
molecule and super-resolution studies. The plasma membrane
is inherently two-dimensional (2D), and it is often possible
to orient the sample such that the 2D motion occurs entirely
within a single focal plane of an optical microscope. Also, many
membrane-bound lipids and proteins can be visualized through
binding to modified ligands or antibodies that are simply
incubated with live cells. Finally, the membrane has higher
viscosity than the surrounding cytoplasm or extracellular space,
slowing the motions of its membrane-bound constituents. These
features enabled numerous early studies of the organization and
mobility of membrane components.
In the first single particle tracking (SPT) studies in live

cells, Barak and Webb reported on the motion of low density
lipoprotein (LDL) receptors when bound to LDL particles
preloaded with a lipophilic fluorescent dye.44,45 Soon after,
several groups established methods to visualize the motion of
gold beads bound to membrane components with nanometer-
scale accuracy.46−48 The robust scattering of gold particles
could be imaged using standard or differential interference con-
trast (DIC) microscopy over extended time periods since gold
particles do not exhibit photobleaching, allowing the tracking of
particles at fast frame rates and for arbitrarily long times. Early
experiments with gold probes were highly nonspecific, such as

Figure 1. Fundamental interactions between membrane components
are the building blocks for large-scale cooperative events. (A) Examples
of fundamental interactions between membrane components include
protein−protein interactions, lipid−lipid and lipid−protein interac-
tions, electrostatic interactions, and membrane-curvature-based inter-
actions. (B) A sample of large-scale cooperative events occurring at the
membrane are shown here, including membrane adhesion, immune
receptor activation, cytoskeleton corralling, and membrane vesiculation
and budding. These events are comprised of many fundamental
interactions between components.
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colloidal gold conjugated to poly-L-lysine49 or ConA.50 Greater
specificity for target labeling was achieved by coating beads with
specific ligands, such as transferrin and α2-macroglobulin
receptor,51 as well as EGF and E-cadherin.52

Over the years, improvements in labeling, imaging, and camera
technologies have made it such that most single molecule
and SPT measurements are accomplished through fluorescence
detection. The now common use of expressible fluorescent
protein conjugates allows for specific and nonperturbative
labeling of membrane proteins, and further developments in
single molecule methods allowed the localization and tracking of
proteins of interest labeled with green fluorescent protein
(GFP).53−56 The development and commercialization of total
internal reflection (TIR) microscopy has played an important
role in this revolution,57,58 making it possible to confine illu-
mination of fluorophores to within roughly 100 nm of a glass
surface. This allows for selective illumination of the plasma
membrane of adherent cells while reducing background fluo-
rescence, improving the detection of single fluorophores. Finally,
driven largely by applications in astronomy, cameras have
becomemore sensitive and efficient, and are now commonly able
to detect single photons with increasingly fast acquisition rates.
With modern cameras and imaging platforms, it has become
routine to image and track the single molecule mobility of
membrane proteins in a wide range of contexts. These studies
have uncovered heterogeneity of motion within and between
membrane components, and highlight the complexity of the
plasma membrane environment.59,60

Plasma-membrane-associated proteins and lipids were among
the initial targets for fluorescence-based super-resolution
imaging methodologies since they allowed investigators to
observe both the spatial distribution and dynamics of membrane
components. The clustered spatial distributions of the viral
membrane proteins Gag61 and hemagglutinin62 were observed
with (fluorescence) photoactivation light microscopy ((f)PALM),
and the 2D63 and 3D64 supramolecular structures of clathrin-
coated vesicles were measured using stochastic optical recon-
struction microscopy (STORM). The high resolution geo-
metries of model membranes were also shown by point
accumulation for imaging in nanoscale topography (PAINT)
with membrane partitioning fluorophores.65 Dynamic maps of
membrane component location and diffusion could now be
produced from super-resolution point localization data, as was
shown for the viral proteins VSVG and Gag66 and adhesion
complexes.67 Further, stimulated emission depletion (STED)
microscopy can create diffraction-unlimited excitation volumes,
allowing for STED−fluorescence correlation spectroscopy
(FCS) measurements of membrane component diffusion to
elucidate nanometer scale trapping and nonlinear diffusion of
individual membrane components in live cells.68 Since then,
super-resolution fluorescence microscopy methods have been
broadly applied to the study of plasma and other membranes,
resolving the spatial distribution and dynamics of important
membrane components.

2. SUPER-RESOLUTION INVESTIGATIONS OF
BIOLOGICAL MEMBRANES

The plasma membrane has proved to be a useful system to
demonstrate the power of single molecule and super-resolution
approaches in cells. These methods have been applied to the
study of numerous biological processes at the cell surface. Many
structures present within the plasma membrane have character-
istic length scales between 10 and 100 nm. This dimension is

larger than the individual proteins and lipids that make up
the membrane but smaller than the diffraction limit. Super-
resolution microscopy enables the direct imaging of these
structures, enabling their investigation in the context of intact,
and often living, cells. In this section, we review a subset of more
recent work where super-resolution fluorescence microscopy
techniques have been applied to better understand membrane
receptors, membrane curvature, and lipid-mediated heteroge-
neity within membranes.

2.1. Membrane Receptors

Membrane receptors allow the cell to sense its environment by
translating varied extracellular stimuli into intracellular chemical
signals. Drug therapies often target membrane receptors due to
their accessibility on the external surface of the cell and because
of the impact of signaling cascades on many facets of cellular
behavior. Receptor signaling is carefully controlled by regulatory
factors that can have diverse mechanisms, including direct
interaction with specific signaling partners, assembly of signaling
complexes around receptors, and receptor internalization. The
local physical environment of the plasma membrane around
receptors can influence these biochemical processes through
both the distinct partitioning and activity of proteins within
these environments. Fluorescence microscopy of receptors in
their native membrane environment plays an important role
in elucidating the function and interactions between receptors
and regulatory proteins, and super-resolution microscopy gives
high resolution information on receptor dynamics and spatial
organization. Here we focus on recent applications of super-
resolution microscopy to two broad classes of plasma membrane
receptors: G protein coupled receptors (GPCRs) and immunor-
eceptors.

2.1.1. GPCRs. GPCRs are an important class of receptors as
they mediate a wide variety of signaling outcomes and are also a
widely used target for drug therapies. GPCR conformational
states determine the nature of interactions with heterotrimeric
G proteins as well as signaling regulators such as arrestins.69−72

There is growing evidence that the proper functioning of many
GPCRs is dependent on their local membrane environment.
This can take the form of modulation of receptor interactions
with allosteric regulators, G proteins, or even local lipids. There
is also active debate regarding the oligomeric state of many
GPCRs and how this influences their function. These topics are
being actively investigated using single-molecule and super-
resolution approaches, and various labeling methods for GPCRs
have been extensively reviewed73 and include incorporation
of unnatural amino acids into proteins, fluorescent labeling of
GPCR ligands, and the use of nanobodies for labeling GPCRs.
β2AR is a GPCR expressed in many cell types that mediates a

diverse set of functions including blood vessel dilation, smooth
muscle relaxation, and insulin secretion. Dimerization, oligome-
rization, and higher-order clustering have been implicated in
the functional regulation of β2AR function.74,75 Early super-
resolution studies using near field scanning optical microscopy
(NSOM) reported self-clustering of β2AR and association of
clustered receptors with caveolae.76 B2AR was an early target for
experiments aimed at molecular counting by PALM,77 and
appears highly self-clustered in cardiomyocytes but not in other
cell types where PALM microscopy was used to reconstruct
super-resolved images of receptor positions.78 The dynamics of
β2AR have also been studied extensively using single particle
tracking methods, which find evidence for oligomerization79,80 as
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well as a mechanistic role for the cytoskeleton in clustering and
confinement of receptor motion.81

Another commonly studied GPCR is the chemokine receptor
CCR5, which is expressed on T-cells and also functions as a
coreceptor for HIV. The spatial organization of the GPCRCCR5
was observed usingD2O-enhanced dSTORMmicroscopy, where
D2O was used to increase the fluorescence quantum yield and
thus the precision of single particle localizations.82 Other studies
have probed CCR5-dependent changes in regulators of CCR5
signaling such as β-arrestin, which is involved in the removal of
CCR5 from the plasma membrane,83,84 and have provided
evidence that GPCR internalization is correlated with arrestin
clustering independent of GPCR signaling. Super-resolution
techniques have been used to investigate the spatial distribution
of other GPCRs, such as CB1,85 which was shown to have a
uniform spatial distribution within presynaptic boutons of
various types, and luteinizing hormone receptor,86 for which
functionally relevant mutations were suggested to exhibit distinct
oligomerization patterns.
2.1.2. Immune Receptors. Immune receptors recognize a

wide array of antigens and are vital to the specific recognition and
clearance of microbiological invasion. Since immune receptors
function to direct inflammatory responses, they also play a role in
many autoimmune diseases. Innate immune receptors such as
the NOD and Toll-like receptors recognize specific antigens,
whereas adaptive immune receptors undergo genetic adaptation
and selection, which allow for the recognition of new antigens
and pathogens. The cellular context and mesoscale organization
of immune receptors are thought to influence their function, and
this feature is reflected in the formation of the T cell−B cell
immune synapse where multiple signaling molecules including
the receptor are organized in a concentric manner.87,88 Super-
resolution imaging is an appropriate tool for studying the spatial
organization in this system, and thus it has been applied to many
different immunoreceptor signaling systems.
T-cell receptors (TCRs) recognize antigen fragments bound

withinMHC proteins. Signaling through the TCR is regulated by
a diverse array of adaptor and signaling proteins, and clustering
of the receptor is thought to impact its function. The spatial
organizations of TCR and its signaling partner Linker for
Activation of T cells (LAT),89 the adaptor protein SLP-76, and
the kinase ZAP-7090 were examined using PALM. These experi-
ments suggest that TCR and LAT exist in a self-clustered state
prior to TCR activation and provide evidence that the spatial
distributions of LAT, SLP-76, and ZAP-70 respond to TCR
ligation.89,90 The phosphorylation state of the receptor and
associated signaling molecules have also been investigated using
super-resolution localizationmicroscopy,91,92 and the correlation
of cluster size and density with colocalization with phosphor-
ylation suggests spatial distribution of TCR impacts its sig-
naling.91 Recent technical advances combining light sheet
illumination and dSTORM imaging have also enabled high
resolution imaging of the TCR within lymph nodes, and this
study also suggests that TCR exists in a self-clustered distribution
prior to binding antigen.93

B cells are another crucial player in the adaptive immune
system. The B cell receptor (BCR) recognizes intact antigen in
the blood and lymph, and the successful maturation of B cells
leads to the production of antibodies from former BCRs.
Clustering of the BCR is known to be important for its function,
as well as the interaction between BCR, the cytoskeleton, and
adaptor proteins.94 The spatial distribution of IgM, IgD, and IgG
BCRs prior to and after receptor clustering by antigen has been

investigated by several groups with dSTORM.95−97 These
studies suggest that BCR is self-clustered prior to binding
antigen, and that clustering behavior is distinct for IgM vs IgD
and IgM vs IgG BCRs. Additionally, the diffusion of BCR and
CD19 were measured in wild type and CD81 knockout cells,96

suggesting that the diffusion of these proteins is influenced by an
actin and tetraspannin network. BCR clustering and diffusion
was also shown to be dependent on Ezrin expression in primary B
cells,98 supporting the hypothesis that the actin network influ-
ences BCR organization and dynamics. The spatial colocalization
and dynamics of BCR and Lyn in live cells was investigated with
two-color simultaneous STORM and PALM,99 which mea-
sured direct binding of Lyn to BCR through the reduction of Lyn
mobility and colocalization with BCR following antigen stimu-
lation.
Another well-studied immune receptor is FcεRI, expressed

primarily in mast cells and basophils, which binds 1:1 to soluble
IgE antibodies and becomes activated upon receptor clustering.
The organization and dynamics of FcεRI have been targets of
single molecule and super-resolution investigation for deca-
des.101−104 One application of STORM simultaneously probed
the mobility and localization of receptors in live cells undergoing
signaling,105 and showed that slowdown and clustering of
receptors in response to antigen begins prior to calcium release in
these cells. FcεRI mobility and dynamics have also been studied
utilizing FcεRI labeled with fluorogen-activating proteins
(FAPs).104 Similar to PAINT microscopy,65 FAP labels “blink”
through transient binding of a cognate fluorogenic dye.106 Single
molecule tracking showed that the dynamics of the signal-
transducing γ subunit of FcεRI is controlled by the IgE-binding α
subunit. Additionally, a recent multicolor study in chemically
fixed cells probed interactions between FcεRI and the kinase
Lyn, showing that drug-induced perturbation of actin networks
leads to increased interaction between receptors and Lyn.107

Innate immune receptors have also been the target of super-
resolution microscopy investigations. For example, the inter-
action between the immune receptor NOD1, its kinase RIP2, and
bacterial peptidoglycan in early endosomes was observed using
STORMmicroscopy.108 Further, the clustering and coclustering
of the C-type lectins CD-SIGN and CD206, which mediate the
uptake of pathogens, was investigated with Blink microscopy.109

2.1.3. Other Receptors. Many receptors have also been
studied using super-resolution techniques. Glycine receptor is a
ligand gated ion channel important for neuronal polarization, and
splice variant α3L comprising of a 15 AA intracellular insert alters
the receptor’s gating and desensitization. It was shown that this
longer splice variant exhibits a highly clustered membrane dis-
tribution in contrast to the shorter variant α3R.110 Epidermal
growth factor receptor (EGFR) mediates many aspects of cell
growth and proliferation, and its function has been linked to its
oligomerization and dimerization. EGFR dimerization was
studied using a PAINT approach where fluorescently labeled
EGF binding and unbinding served as the PAINT probe.111

Further, EGFR clustering has been shown to be distinct between
apical and basal membrane surfaces, suggesting that these two
membrane environments play distinct roles in EGFR cluster-
ing.112 Finally, natural killer T cells are crucially dependent upon
their namesake receptor in order to deliver cytolytic granules to
target cells. The spatial distribution of the cortical actin mesh-
work around natural killer TCR clusters was observed using 3D
structured illumination microscopy (SIM),113,114 which showed
that themembrane-proximal actinmeshwork is actively remodeled
in these cells to allow secretion of lytic granules.
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2.1.4. General Notes on the Use of Super-Resolution
Microscopy To Query Receptor Self-Clustering. As
evidenced by the wealth of research reviewed above, receptor
clustering and spatial organization is a focal point for
investigations into the signaling and regulation of many types
of membrane receptors. Self-clustering of receptors, coclustering
of receptors with effector proteins and signaling partners, and
other modes of spatial patterning can create specialized
microenvironments where specific biochemical processes can
be favored or suppressed. Although super-resolution fluores-
cence microscopy has been extensively used to query the
clustering of receptors and effector proteins, distinct challenges
prevent the simple interpretation of this data because it is difficult
to simply distinguish monomers from small self-clustered
oligomers by this method. This is a topic discussed more exten-
sively in sections 3.1 and 3.2.

2.2. Membrane Organizational Modes

Membranes are often organized over distances much longer than
the sizes of individual molecules through cooperative inter-
actions between membrane components. For example, mem-
branes curve through the actions of numerous proteins and
lipids,115 and the collective tendency for membrane components
to phase separate leads to heterogeneity on the 10−100 nm
length scale in both model membranes and cells.116 Interactions
between the plasma membrane, cortical cytoskeleton, and
extracellular matrix are thought to be important in regulating
the structures arising from collective interactions within the
membrane plane, including the maintenance of overall cell shape
and plasticity. Super-resolution fluorescence microscopy techni-
ques are well-suited for probing membrane organization on
intermediate length scales, and hold promise for revealing how
individual molecules and their interactions shape the large-scale
processes and collective behavior of the membrane.
2.2.1. Curvature. Curvature plays a role in a diverse set

of processes occurring at the plasma membrane and within
membrane-bound organelles. One important question is how
this curvature arises and how proteins and lipids react to and
maintain membrane curvature. Super-resolution allows the
locations of individual proteins to be resolved with respect to the
local membrane curvature, and can illuminate membrane curvature
in areas that are difficult to reach with traditional microscopy.
Individual proteins are generally much smaller than the length

scale of relevant membrane curvature, yet it has been suggested
that they can both sense and localize to sites of curvature, and can
also stabilize the formation of large membrane deformations
when working in tandem.115 This distinction between curvature
sensing and active membrane remodeling was explored using 3D
SIM in the context of the behavior of the septin CDC11. Here,
SIM allowed for collection of high resolution images of mem-
brane topology and protein spatial distribution, enabling
geometric classification of membrane regions and colocalization
analysis.117 CDC11 proteins were found to localize to areas of
high positive curvature, and polymerization of CDC11 stabilizes
its association with the membrane. Similarly, SIM imaging of the
negative curvature-preferring ESCRT complex found that
ESCRT proteins preferentially localized to high negative curva-
ture regions of a supported bilayer system, and assembled a ring
of enrichment where negative curvature was the highest.118

These experiments illustrate that highly curved membrane
structures involve a combination of complex nucleation through
sensing of existing curvature and cooperative assembly of cur-
vature-favoring proteins. Caveolae are poorly characterized

invaginated membrane structures that exhibit high curvature.119

The caveolin Cav-1 was imaged in the context of living zebrafish
embryos120 and with respect to cytokine receptor121 using
PALMmicroscopy, which showed that assembly of caveolae was
important for initiation of receptor signaling. Curvature is also
involved in the assembly of structures on the membrane, such as
in viral budding and virion formation, which require defor-
mation of the membrane. The immune system has adapted
mechanisms to sense this deformation through expression of the
protein tetherin, and super-resolution localization techniques
have been used to clarify the role of curvature in its mechanism of
action to inhibit formation of the virion.122

Super-resolution microscopy can also shed light on membrane
deformation events and large scale membrane shape changes
that occur in the context of the plasma membrane and internal
organelles through labeling of the lipid bilayer itself. The size
distribution of mitochondria and ER organelles, the diffusion of
individual dye molecules within these structures, and the fusion
and fission of the mitochondrial and ER membranes was
queried with STORM using lipophilic membrane dyes.123 The
restricted orientation of lipophilic dyes in the lipid bilayer
can also be used to examine the orientation and topology of the
membrane using fluorescent molecule localization under polar-
ized light.124 This scheme is an extension of polarized total
internal reflection fluorescence microscopy (pTIRFM), which is
able to differentiate between membrane orientations by selecting
dye molecules based on their alignment with a polarized TIRF
excitation field.125

2.2.2. Phase-like Membrane Heterogeneity. It has been
hypothesized that heterogeneous distributions of membrane
components can arise within plasma membranes as a con-
sequence of favorable interactions between particular classes of
lipids. Originally referred to as “lipid rafts”,36 these membrane
heterogeneities are now understood to be highly transient and
very small (10−100 nm), making them difficult to study by
conventional fluorescence means.39 Super-resolution micros-
copy has been applied to observe the spatial distribution as well
as dynamics of membrane components that are hypothesized to
be heterogeneously sorted into membrane domains.
Numerous measurements have explored raft heterogeneity by

monitoring the self-clustering of membrane associated proteins,
for example.126−129 Another more robust method to monitor
partitioning into ordered domains is to localize a protein of
interest alongside a marker known to partition with ordered
lipids. Two common markers are GPI-linked proteins and
cholera toxin B subunit (CTxB).130 Multicolor STORM and
PALM have shown nonrandom spatial correlation between
clustered GPI and actin,131 CTxB and EGFR,112 as well as
between GPI and the μ-opioid receptor,132 suggesting that these
proteins have favorable interactions with order-preferring lipids.
We have also shown the exclusion of a disorder-favoring probe
from BCR clusters in live cells, supporting the hypothesis that
ordered domains exist around BCR clusters.99 Additionally,
ordered membrane domains are thought to have slightly increased
hydrophobic thickness, and dual-color STED microscopy was
used to show the coclustering of SNARE proteins as a function of
their transmembrane domain length.133

The diffusion of membrane components is thought to be
different in the ordered and disordered domains, and thus
trapping and anomalous diffusion have also been used as proxies
for membrane domains.129,134−136 However, recent work has
shown that viscosity and compositional differences between the
two domains may be small compared to what is observed in
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purified membranes, and diffusion is more strongly influenced by
the cytoskeleton and other factors.43 This may explain why one
recent study did not detect evidence for “rafts” when monitoring
the mobility or distribution of probes in a plasma membrane
adhered to a patterned support.137 STED−FCS can measure
molecular diffusion within small areas of the plasma membrane
spanning only a few tens of nanometers. This technique revealed
that the sphingomyelin lipids, but not other lipid types, are
transiently immobilized in the plasma membrane.43,138 This
pinning is cytoskeleton-dependent, and suggests a general
mechanism through which cytoskeleton pinning sites may
template order and disorder domains in the plasma mem-
brane.139 In reconstituted systems, similar coupling between
membrane and cytoskeletal elements acts to modulate mem-
brane domains when imaged using STED microscopy.140

Separate from ordered and disordered domain demixing, it has
been suggested that electrostatic interactions between certain
acidic phospholipids can meditate their clustering and domain
formation.141 Super-resolution STED microscopy was used to
observe the clustering of PI(4,5)P2 in PC12membrane sheets.142

This study also provides evidence that PI(4,5)P2 acts to regulate
the clustering of proteins containing positively charged domains,
such as those containing polybasic sequences. The clustering of
these proteins being mediated by PI(4,5)P2 is also supported by
work in model membranes.142,143 The spatial distribution of
PI(4,5)P2 and PI(3,4,5)P3 was also examined using STORM
microscopy, where authors have reported contrasting results of
both a clustered144 and uniform145 distribution of these lipids in
the plasma membrane. Future work will be necessary to reveal
the true spatial distribution of this biochemically important class
of lipids.
2.2.3. The Cortical Cytoskeleton and Its Regulation of

Membrane Structure. The integrity of cell morphology
depends on the anchorage of the plasma membrane to the
cytoskeletal architecture. Complex coordination of both the
cytoskeleton and membrane are required for large-scale changes
in cell morphology such as those that occur during cell migration
and cytokinesis. Furthermore, certain cell types may contain
complex structures incorporating the cytoskeleton and the
membrane in order to perform specialized tasks. Interactions
between the membrane lipids and the cytoskeleton can have
varying degrees of specificity; certain lipids can interact strongly
with immobilized cytoskeletal elements through specific binding
sites, and some proteins bind to the plasma membrane by less
specific mechanisms such as charge and hydrophobic embed-
ding. Super-resolution microscopy techniques reveal the detailed
ultrastructure of the membrane and cytoskeleton and indicate
the nature of the interactions.
Specialized cellular structures often require complex coordi-

nation between the cytoskeleton and membrane. Dual objective
STORM was employed to observe the 3D ultrastructure of the
cortical actin cytoskeleton, revealing distinctions between the
dorsal and ventral layers.146 Sensitive STED−FCS experiments
have been be used to infer the size of the actin meshwork and
show that cortical actin restricts phospholipid diffusion in a
manner that depends upon the actin remodeling protein
Arp2/3.147 Liver sinusoidal endothelial cells exhibit a pore-like
structure which allows the filtration of objects between the blood
and hepatocytes based on size selection. The spatial distribution
of the cytoskeleton and plasma membrane was observed in liver
sinusoidal endothelial cells using combination 3D-SIM and
STORM microscopy, revealing a close association between the
membrane and cytoskeleton.148 A periodic structure of actin,

spectrin, ankyrin, and sodium channels was shown in neuronal
axons using STORM microscopy, revealing a strikingly regular
assembly of these cytoskeletal elements.149 This periodic actin
structure was also observed in both the axons and dendrites of
living neurons using STED.150 Axons are also often wrapped by
myelin, multiple membranes that form a protective sheath
around axons and assist in nerve pulse propagation. STED−FCS
experiments showed that lipid diffusion was faster and less con-
fined in myelin, possibly due to the lack of cytoskeletal networks
in these structures.151 Further, the mobility of the viral protein
hemagglutinin (HA) is restricted by membrane-proximal actin,
and the spatial organization of actin-binding proteins around HA
clusters suggests a dynamic coregulation of the cytoskeleton and
viral proteins.152

Large scale shape changes within the cytoskeletal and mem-
brane network are vital for the growth andmaturation of cells and
tissues and play important roles in cancer metastasis as well as
normal cellular development. Cytoskeletal fibers conduct
contractile forces along the cell; however, determining the
forces acting on specific fiber classes has proven difficult. Three-
dimensional SIM was employed to observe the spatial patterning
of stress fibers during motility and large scale shape changes,
allowing for the forces acting on specific cytoskeletal elements to
be mapped.153 Related to this, the molecular spatial composi-
tions of cell adhesions were also mapped using iPALM.154

Further, new applications of STED to traction force microscopy
allow for increased resolution for measuring the forces that cells
exert on extracellular substrates.155

3. PROMISE AND CHALLENGES OF
SUPER-RESOLUTION IMAGING APPLIED TO
COMPLEX BIOLOGICAL MEMBRANES

As a two-dimensional fluid comprised of a complex mixture of
lipids and proteins, the plasma membrane provides a unique
environment which cells utilize to accomplish a broad array of
functions, a few of which are described above. This environment
also presents unique challenges to experimental investigations.
In the sections below, we describe several features of membranes
and super-resolution imaging methods that present specific
experimental obstacles, with a focus on fluorescence localiza-
tion based super-resolution techniques. We also suggest how
advances in super-resolution fluorescence microscopy may
provide new approaches to overcome these obstacles.

3.1. Obstacles to Molecular Counting in Super-Resolved
Images

A common theme in membrane biology is that nanosized
assemblies of membrane components are often required to
accomplish some cellular function.156 These assemblies can be
protein homo- or heterodimers, small oligomers, or complexes
where direct binding occurs between proteins and lipids, and
these complexes can additionally be highly dynamic. The detailed
stoichiometry of these complexes can impact the functional
regulation of the proteins involved, and characterizing the
stoichiometry of these assemblies is often considered important
for understanding their molecular mechanisms.
Several robust fluorescence-based methods exist for counting

molecules within protein complexes when complexes are well
separated on the cell surface.157 These include inferring the copy
number of proteins present by calibrating the molecular bright-
ness of single fluorophores and the variance of the fluorescence
signal. Another routinely used method is to observe the
sequential stepwise photobleaching of labeled proteins within
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complexes. In this method, one counts the molecular con-
stituents by counting quantized decreases in brightness with the
help of filtering algorithms and statistical methods. Bothmethods
require that fluorophores are conjugated to target proteins at a
1:1 ratio, which is often accomplished by expressing the protein
conjugated to a single fluorescent protein. Both of these methods
have been applied successfully in a range of contexts,158−161 but
require that individual oligomers are separated by distances much
greater than the diffraction limit of visible light. Super-resolution
methods such as stimulated emission or STED microscopy
reduce this resolution limit and therefore enable this type of
quantitative imaging on more densely labeled samples.
Molecular counting in super-resolution fluorescence local-

ization microscopy measurements has proven to be more
challenging.162 This is because most fluorophores used for
localization microscopy either blink reversibly, or are capable of
activating multiple times before being bleached into an irre-
versible dark state. This effect is compounded if target molecules
are labeled with proteins or antibodies that can be conjugated
with multiple fluorophores, or if antibodies can bind to mul-
tiple sites on single target proteins. We refer to this effect as
“overcounting”, since a single labeled molecule is observed
several times in the same position. Fluorophores can also
undercount the components they label. This can occur when
activation occurs stochastically and data are not acquired for a

long enough time to fully sample all fluorophores. There are well-
documented situations where fluorophores are systematically
undercounted. For example, there is often a finite population of
photoactivatable or photoswitchable fluorophores that do not
activate or switch into an observable state,163−167 and reductive
caging of organic fluorophores often leads to some probes losing
their ability to activate.168 Also, some fluorophores quench when
in close proximity to protein residues or other fluorophores.169−171

These issues with over- and undercounting are not limited to
investigations of membrane proteins, but have been studied
mostly in this context. Some examples of mechanisms that can
give rise to over- and undercounting are shown in Figure 2A.
Several methods have been developed to compensate for the

systematic over- and undercounting of single probes when a large
number of target proteins are imaged. One method is to simply
calibrate the average number of times a given probe is observed
in a sparsely labeled sample imaged under the same con-
ditions.131,172 When probes are sparsely distributed, it is often
assumed that multiple fluorophore localizations occurring at
roughly the same position arise frommultiple observations of the
same target protein. This experiment can be used to calibrate the
average number of probes localized within regions of interest in a
more densely labeled sample as long as antibodies can only bind
target proteins at single sites. Regions within a super-resolved
image can be segmented using clustering algorithms such as

Figure 2.Overcounting in super-resolution fluorescence localization microscopy. (A) Several schematic examples of how individual labeled molecules
can be under- or overcounted in a super-resolution fluorescence localization microscopy measurement. (B) Simulations of molecular counting in
complexes. First, either 3 (left) or 20 (right) molecular locations were chosen at positions within each of the blue circles representing complexes with
radii of 40 nm. When present, the white numbers in corners represent the counts detected in each complex divided by the number of times each
molecule is detected on average. Molecular positions were converted into a probability distribution function (PDF) by blurring with a Gaussian function
with standard deviation equal to the localization precision (20 nm). The bottom panels show this PDF stochastically sampled according to different rules
alongside the reconstructed image associated with this sampling. In the case of “no overcounting” the Gaussian point spread function (PSF) is sampled
exactly once for each molecular position. This sampling accurately counts the stoichiometry of the complex. For the case of “low overcounting”, each
PSF is sampled on average once, or the entire PDF is sampled either 12 (left) or 80 (right) times. Here, the counts detected per complex vary widely,
with greater relative variance when the stoichiometry is low. For the case of “high overcounting”, each PSF is sampled on average 20 times. High
overcounting reduces the variance in molecules detected per complex and produces reconstructed images that more closely resemble the original PDF.
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DBSCAN,173 ClusterViSu,174 or other home-built algorithms,175

which are used to define extended objects within point resolved
images.
More statistically sophisticated methods to count the average

number of probes present in a segmented region have been
devised; however, most require some calibration of probe
photophysics and reactivation statistics.176,177 These methods
report on the stoichiometry of the average cluster because each
individual observation has an intrinsically high variance. In
principle, it is possible to count the number of proteins in
complexes when proteins are labeled with single fluorophores
and when fluorophore blinking is irreversible or reversible only
within a finite time window, as has been reported for select
proteins and fluorophores.178,179 A simulated example that
graphically highlights some of the pitfalls facing molecular
counting in super-resolution fluorescence localization data is
shown in Figure 2B. When stoichiometry and overcounting are
low, the relative variation in the number of events in a given
complex is high, making estimation of true stoichiometry within
individual complexes difficult.

3.2. Labels Appear Self-Clustered When Super-Resolved
Images Are Undersampled and Overcounted

The properties of fluorophores and labeling strategies that result
in overcounting artifacts are also part of what make them useful

for localization microscopy: if for some reason a label is not
localized in one image frame, there is a finite probability that a
label originating from the same labeled molecule will be observed
on a second (or third) occasion if the sample is imaged over time.
Observing single labeled molecules multiple times also produces
more visually pleasing reconstructed images (Figure 2B), and
provides a means to estimate localization precision from a data
set without relying on the outputs of fitting algorithms.180,181 As
discussed above, a negative consequence of overcounting is that
it is difficult to distinguish single labeled molecules from small
clusters of labeled molecules. While this has the obvious impli-
cations for molecular counting discussed above, it has analogous
effects on measures of self-clustering that are less appreciated in
the literature. Overcounting impacts measures of self-clustering
even when each labeled molecule is observed only once on
average. This is because the probability of observing the same
molecule multiple times always increases (and often dominates)
the probability of detecting several localizations in the same
super-resolved position.180

Another important aspect that determines the quality of super-
resolved images is spatial sampling, or how well the labeled mole-
cules sample the underlying structures present in the system.
An example is shown graphically in Figure 3A.Most super-resolved
images of membranes are undersampled, in that labeled mole-
cules are separated by distances that are much greater than the

Figure 3. Spatial sampling and overcounting impact the quality and quantitation of super-resolved images. (A) Schematic representation of low and high
spatial sampling of a membrane structure. (B) Increased spatial sampling greatly improves the quality and information content of reconstructed super-
resolution images. The underlying structure shown at the top left is made up of randomly placed circles with a radius of 50 nm. This structure is randomly
sampled at the surface density indicated (without replacement) to select labeled molecules. This molecular distribution is then used to generate a PDF
(not shown) by blurring centers with a Gaussian shaped PSF with a standard deviation of 20 nm. This PDF is resampled to simulate overcounting, such
that the average molecule is localized five times, and then localizations are blurred by the same PSF to generate the reconstructed images shown. More
undersampled images appear more self-clustered because the eye is drawn to individual overcounted components rather than the underlying structure.
(C) Autocorrelation functions for the conditions shown in (A), where error bars indicate the standard error of the mean between five trials.
Autocorrelation functions provide a quantitative measure of self-clustering where a value of 1 indicates a random distribution, and values greater than 1
indicate self-clustering. Autocorrelation functions are influenced by overcounting in a spatial sampling dependent manner,143 with lower spatial
sampling giving rise to more apparent self-clustering. (D) Images are generated in the same way as in (A), but with the underlying structure sampled by
two distinguishable target molecules (without replacement) at the densities indicated. Note that coclustering is not apparent by eye at the lower
sampling densities shown. (E) Cross-correlation functions tabulated between distinguishable probes for the examples shown in (C). In contrast to
autocorrelations, cross-correlations do not depend on spatial sampling density beyond affecting signal-to-noise.143 Scale bars are 100 nm.
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localization precision of the measurement. This will be discussed
in the particular context of compositionally complex membranes
in section 3.6. Figure 3B shows simulated super-resolved images
of the same structure at both low and high spatial sampling. The
most visually pleasing and statistically significant images are
obtained under conditions of high spatial sampling and high
overcounting. Most often, super-resolved images of membranes
are made up of components that are overcounted and poorly
sampled in space. These images resemble collections of self-
clustered spots and often require careful statistical analysis in
order to extract information regarding the lateral distributions of
the objects that they are labeling.
There are several methods available to quantify average self-

clustering and coclustering from super-resolved images that do
not rely on molecular counting. Pair correlation functions
quantify the average local density as a function of distance around
an average probe.131,180 A related measure, the Ripley’s K or H
functions, quantifies the local density within a given radius and
reports its statistical significance away from a random distribu-
tion.128,182 Both of these measures are impacted by overcounting
when only a single color is imaged,180 although in some cases it
is possible to estimate and correct for the contributions of
overcounting. Figure 3B,C shows how single color images and
their quantifications are impacted by overcounting, with
overcounting producing higher levels of aberrant self-clustering
when images are poorly sampled in space. This effect can be
thought of intuitively: at low spatial sampling, the image only
contains information on the location and apparent size of a few
labeled molecules, while at high spatial sampling, the underlying
structure begins to emerge.
Conveniently, overcounting does not impact quantifications of

colocalization when two distinguishable probes are imaged.180

This is demonstrated in Figure 3E, where the cross-correlation
between two distinguishable probes remains consistent for a
wide range of sampling densities, beyond effects on signal-to-
noise. Overcounting and undersampling also impact the sensi-
tivity of quantitative super-resolution measurements, which is
discussed in detail in subsequent sections and Figures 4 and 5.

3.3. Labeling Lipids and Membranes Often Alters Their
Function

Lipids are small biomolecules that contain both hydrophobic
and hydrophilic regions and rely on subtle variation in chemical
structure to convey different physical and biological properties.
Because of this, it is often not possible to label a lipid with a
fluorophore while retaining its full functional identity. Several
considerations for labeling lipids applicable to conventional and
super-resolution fluorescence imaging are discussed below.
It is possible to directly conjugate certain lipids to fluorophores

via headgroup modifications (most commonly for the case of PE,
but also for other lipids), or through fluorescent conjugation of
fatty acid chains. In both cases, the addition of the fluorophore
dramatically alters lipid structure, both in the addition of bulk and
in the modification of chemical and physical properties. The
molecular weight of a typical lipid is roughly 750 g/mol, which is
not much larger than even small fluorophores such as fluorescein
(323 g/mol) or rhodamine (479 g/mol). When using chain-
modified lipids, it is important to consider that fluorophore
structures do not resemble the linear hydrocarbon acyl chains
that they replace and will greatly impact physical properties. For
the case of headgroup-modified lipids, the hydrophobic nature of
many fluorophores can lead to surprising changes in lipid
physical properties. For example, most headgroup-labeled lipid

probes partition with more disordered lipids even when the
unconjugated form is expected to prefer the ordered phase.35,183

Similar results are found for unmodified vs fluorescently
modified cholesterol. One successful strategy to overcome this
perturbation is to instead conjugate the fluorophore via an
extended hydrophilic linker.183−185 In this case the resulting
probe does not closely resemble the specific molecular structure
of the lipid being emulated, but it can capture components of its
behavior.
Another common strategy is to fluorescently tag proteins that

bind to specific lipid headgroups. Examples include bacterial or
fungal toxins that can be labeled and added exogenously and that
bind specifically to outer leaflet lipids such as gangliosides or
cholesterol. Lipid-binding peptides or proteins conjugated to
fluorescent proteins or tags can also be expressed in cells. Several
considerations need to bemade when using proteins to tag lipids.
First, a protein-bound lipid has dramatically different structural
and physical properties than a free lipid, so its localization or
dynamics may not accurately represent that of the free lipid. For
example, a PI(4,5)P2 lipid usually caries a charge of −3,186 but
this electrostatic charge is shielded by divalent cations,187 and
may mediate PI(4,5)P2 clustering and higher order interac-
tions.188 PI(4,5)P2 binding domains compete for binding with
divalent cations,189 and can thus alter the behavior of PI(4,5)P2.
Also, many toxins that bind gangliosides tend to bind
multivalently, clustering their bound lipids. An example is
cholera toxin B subunit (CTxB), which can bind to up to five
GM1 lipids.190 In model membranes, CTxB binding can induce
the formation of ordered membrane domains,191,192 and there is
evidence that simply labeling the plasma membrane with CTxB
can invoke a cellular signaling response.193−195

A separate concern is that labeling lipids through protein
binding acts to prevent the specific lipid component from
participating in its normal function. A good example of this
phenomenon is cholesterol binding by the fungal toxin Filipin,
which is used to both label and perturb cholesterol in cells.196

Another example is phosphatidylinositol (PI) binding domains.
PI lipids bound by the probe are no longer able to bind to other
endogenous protein domains, resulting in altered rates of
hydrolysis and possibly other biochemical functions.197 One
strategy to overcome potential complications evoked by lipid-
binding proteins and peptides is to probe membranes with
proteins that bind with low affinity, although there is some
evidence that lower affinity probes are more likely to oligomerize
upon membrane binding, which is also perturbative.23 This
perturbation is worsened in the case of high overexpression; thus
expressing proteins at endogenous levels using CRISPR/CAS9
genetic knock-in techniques is an attractive potential solution.198

In all cases, care needs to be taken in the design and inter-
pretation of experiments where lipids are labeled.
Of special relevance to super-resolution microscopy studies

of membranes, many fluorescent proteins themselves tend to
oligomerize, which can significantly change the behavior of
labeled proteins. The photoactivatable protein mEos2 is a
popular PALM probe due to its brightness, photostability, and
compatibility with buffers needed for STORM and organic
fluorophore photoswitching.199 However, it has been shown to
form homodimers.167,200 This dimerization behavior can be
accentuated in membranes, where binding sites are oriented and
the probability of collisions between labeled proteins is often
increased due to the reduced dimensionality of this system.201,202

The photoactivatable proteins mEos3.2, Dronpa2, and mMaple3
were shown to be relatively free of this dimerization potential
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using a ClpP reporter clustering assay;167 however, this does not
rule out dimerization of these fluorescent proteins.

3.4. Membrane Components Are Not Easily Chemically
Fixed

The vast majority of super-resolution imaging experiments are
conducted on chemically fixed cells, since it often takes tens of
seconds to tens of minutes to acquire a single reconstructed
image. Most chemical fixation techniques work by using
aldehydes to form chemical cross-links between reactive lysine
groups abundant on proteins. Most lipids are not strongly
reactive with aldehydes and therefore remain mobile even after
chemical fixation. Exceptions to this are those lipids that contain
amine groups (such as phosphoethanolamine and phosphoser-
ine), and the production of unstable hemiacetals during reactions
between alcohols and aldehydes. Membrane proteins and
peptides also tend to be less accessible to chemical fixatives
and require harsher fixation methods than are typically required
for studies involving soluble proteins.203 Another problem is
fixation protocols that involve “cytosolic washout” steps. These
usually involve co-incubation of samples with a weak fixative and
a detergent such as Triton X-100. Triton X-100 is well-known to
partition into membranes and selectively solubilize certain
membrane components,204,205 therefore can dramatically alter
membrane structure.
It remains an open question if chemical fixation produces

structure withinmembranes. Fixation itself can induce large-scale
vesiculation of the plasma membrane.206 In our experience, we
obtain good quantitative agreement in colocalization measure-
ments conducted in live cells and in cells chemically fixed with
paraformaldehyde and glutaraldehyde in the absence of
calcium,99,100 suggesting that fixation does not impact membrane
organization at least in this specific context. Another common
sample preparation procedure is to produce membrane sheets by
shearing adherent cells off a surface prior to chemical fixa-
tion.89,207 Although this method can preserve many structural
aspects of membranes when done quickly,208 it is still not known
how it impacts the subtle structure that super-resolution
methods have the sensitivity to detect. Finally, incomplete
fixation with only paraformaldehyde that is followed by primary
antibody labeling can lead to spurious clustering of membrane
proteins detected by super-resolution microscopy.209 Impor-
tantly, addition of glutaraldehyde can prevent postfixation
antibody-induced clustering. Care should be taken when
interpreting super-resolution microscopy data from chemically
fixed cells, and when possible observed spatial distributions
should be compared to measurements in live cells or between
fixation conditions.

3.5. Super-Resolution Imaging of the Dynamic Membrane

Super-resolution microscopy in live cells offers a wealth of data
on the dynamics of biological structures and as well as the
components that comprise the structures; however, temporal
resolution limits and harsh experimental conditions need to be
carefully considered when applying these techniques to live cells.
Biological structures have a variety of characteristic lifetimes that
can depend on cellular and environmental contexts. For example,
even in the absence of cell motility and chemoattractant
stimulation, cortical actin filaments in Dictyostelium discoideum
undergo rearrangements on the scale of seconds or longer,210

whereas rapidly diffusing individual lipids diffuse at around
4 μm2/s and are only rarely immobilized in one location.138 Super-
resolution microscopy image reconstruction has an intrinsically
limited temporal resolution, since subsets of molecules must be

observed independently in STORM, PALM, and STED meth-
odologies.
Advancements in STED microscopy allow for images to be

reconstructed in 0.2 s using a beam-scanning variant of STED,211

and advances to sCMOS camera technology and analysis
algorithms have allowed for reconstruction of super-resolved
images at high frame rates.212 However, super-resolution
microscopy can also lend important information that does not
rely upon reconstructing images of particle locations. The single
molecule dynamics and cross-correlation between two diffusing
super-resolved objects can be obtained simultaneously using
steady-state cross-correlation methodologies which compile
correlation functions over a time window.99 Additionally, the
dynamics of individual molecules can be queried with extremely
high temporal and spatial resolution using STED−FCS.138
Ideally, these correlation functions should be averaged over time
windows smaller than the time scales of any cellular process being
investigated. The specialized buffers and high illumination powers
required for some modes of super-resolution imaging can also
stress live cells, leading to altered behaviors.213,214 In cases where
systems under investigation are not amenable to super-resolution
imaging or single particle tracking, dynamics can also be queried
using correlative variants of traditional microscopy, such as
Bayesian total internal reflection fluorescence correlation spec-
troscopy (TIR-FCS)215 and spatiotemporal image correlation
spectroscopy (STICS).216

3.6. Membranes Contain Thousands of Different Molecular
Species

A major characteristic of the plasma membrane is its vast
molecular diversity. There are nearly 800 distinct lipid species in
a typical plasma membrane,13 and roughly half of the membrane
by weight is made up of proteins.19 This differs dramatically from
other cellular structures frequently visualized by super-resolution
microscopy such asmicrotubules and other cytoskeletal elements
or clathrin-coated pits, where a single protein species or a small
collection of proteins makes up the majority of a given structure.
The consequence of this molecular diversity is that imaging any
one element will necessarily produce a picture of the plasma
membrane that appears undersampled as long as probes are
immobile. For example, if an experiment is imaging an abundant
membrane protein present at several hundred copies per square
micrometer (for example an immune receptor that is highly
expressed on an immune cell surface), then these proteins would
be on average 10−50 nm apart if they are all randomly dis-
tributed. A less abundant protein might be present at 10 copies
per square micrometer, and these would be separated by on
average 300 nm if randomly distributed. One consequence of this
inherent undersampling is that super-resolved images of
membrane proteins often resemble a collection of spots rather
than filled-in structures, as illustrated in Figures 2 and 3. Another
consequence of low molecular density is that image quantifica-
tion methods aimed at examining colocalization will have
reduced signal-to-noise when interactions are weak or occur on
short length scales.

3.7. Membranes Are Not Always Flat

One major advantage of studying the plasma membrane with
light microscopy is that it tends to spread into a relatively
flat sheet at the glass−water interface of a microscope cover glass
and can be forced to adhere to surfaces by coating them with
adhesion molecules. This geometry is well-suited to TIR micro-
scopy, in which excitation light penetrates only a few hundred
nanometers past the substrate. This approach provides a significant
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increase in signal-to-noise and enables quantitative localization
and tracking of labeled membrane components.
Although the membrane of adherent cells tends to be flat,

many topological features may still exist that complicate this
interpretation, especially with the resolution and sensitivity
provided by super-resolution imaging methods. For example,
cellular structures such as podosomes,217 microvilli,218,219 and
filopodia220 can create significant topology that can lead to the
false interpretation of organization within the membrane plane
when only a 2D projection is imaged. Consideration of mem-
brane topology may be particularly important in phagocytes and
other cells which have natural ruffling and excess membrane to
accommodate large scale membrane and cellular shape transi-
tions and bending.219 Three-dimensional STORM,64 PALM,
iPALM,221 and STED222 can be applied for this purpose, and
sequential photobleaching using multiangle TIRF imaging also
yields axial resolution.223 For example, STORM was utilized64 to
resolve the half-spherical structure of clathrin coated pits with
a diameter of 180 nm. However, some topological features may
not be resolvable by these techniques because the resolution
achieved by STORM and PALM with commonly used fluoro-
phores may be less than the radius of curvature of interest.
Finally, it is important to note that membrane topology and
curvature can affect the measurement of membrane pro-
tein diffusion, clustering, and coclustering as reviewed else-
where.224

3.8. Weak Interactions Have Low Contrast

In addition to the strongly associated protein−protein and
protein−lipid complexes described above, functional processes
that occur in membranes also exploit weak associations, such
as those driven by curvature, electrostatics, or compositional
heterogeneity often referred to as “lipid rafts”. The interaction
energies involved in these processes tend to be less than the
thermal energy (1 kBT, where kB is the Boltzmann constant and
T is temperature in units of kelvin). This is much smaller than
typical protein−protein interactions, such as the binding of SH2
domains to phosphorylated peptides, which vary from 6 to
15 kBT,

225 although some soluble proteins bind to lipids with
energies approaching these values.226 While membrane-medi-
ated interactions may be weak, they can impact cellular
biochemistry because individual molecules can act collectively
to maintain robust structures. Nonetheless, membrane compo-
nents that interact weakly will necessarily be less colocalized than
those that interact strongly, and this presents some complica-
tions in the execution and interpretation of experimental results.
This is highlighted in Figure 4, which shows that apparent
coclustering and calculated correlation functions depend on
both density of colocalized structures (Figure 4A,B) and the
strength of partitioning of each molecule into these structures
(Figure 4C,D). Figure 4A,B demonstrates that coclusters need to
be sparsely distributed with respect to the localization precision

Figure 4. Measurements of coclustering require greater sensitivity when coclusters are distributed at high average density and when coclustering is
incomplete. (A) Reconstructed images of molecular complexes containing two distinguishable components that are constitutively associated and
randomly distributed at the indicated surface density. (B) Cross-correlation functions from simulations like those shown in (A) indicate that
coclustering is more easily observed when molecular complexes are sparsely distributed at the lateral resolution probed. (C) Reconstructed images of
molecular complexes at a density of 100/μm2 (as indicated in (A) by red box) containing two distinguishable components that are partially associated,
where the percentage of molecules present in complexes varies as indicated. (D) Cross-correlation functions from simulations like those shown in (C)
indicate that coclustering can be hard to detect when the fraction of labeledmolecules in complexes is low. For (A) and (C), the top image is a simulation
where aggregates are both undersampled and probes are overcounted as described in Figure 3. Each point is observed on average 5 times. The bottom
images represent what would be observed with perfect sampling and extensive overcounting with a 20 nm localization precision. In these simulations,
structures are 4 nm2 objects distributed randomly at the indicated surface density. Scale bars are 100 nm.
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in order to be detected. Figure 4C,D illustrates that colocalization
within even sparse complexes can be difficult to detect when a
large percentage of labeled molecules are present outside of
complexes. Overall, colocalization is often hard to simply visua-
lize in an image due to effects such as spatial undersampling,
overcounting, weak interactions, and low molecular density.
Consequently, measurements of colocalization generally require
quantificationmethods that involve averaging over multiple areas
or multiple cells to reach statistical significance.
When imaging with a single color, apparent self-clustering

arising from overcounting of single target molecules often
dominates measurements when probing weak signals like those
described above. This is because it is often muchmore likely for a
single fluorophore to blink multiple times within a 20 nm radius
than for there to be multiple molecules within that radius,
especially if molecules are distributed uniformly. The exception
would be if the molecules were present at very high local
densities, such as occurs after a receptor has been cross-linked
with a multivalent ligand or when membrane-associated proteins
assemble into macromolecular structures such as a nascent viral
bud or clathrin-coated pit. While there are methods to correct
for counting effects, this component usually dominates self-
clustering observations in a way that makes it difficult to accu-
rately account for in postprocessing. A better strategy is to
produce distinguishable molecules labeled with different colors.

In this case, when two differently colored events are observed in
the same location, there is no ambiguity with regard to whether
the two signals originated from different labeled molecules vs the
same molecule.
Colocalization within multicolor images can suffer from

systematic errors when there is spectral overlap between the
probes used. For example, problems can arise when the emission
of blue-shifted fluorophores bleeds into the emission channel for
a second red-shifted probe. In extreme cases, bleed through can
lead to misidentification of signals observed in the red-shifted
channel. In less extreme cases, the presence of weak fluorescence
emission intensity in the red-shifted channel can bias the local-
ization of a true red-shifted probe detected simultaneously. This
is of particular relevance for live cell imaging, when it is often
most useful to probe localizations detected simultaneously or
nearly simultaneously.99 We have also encountered unexpected
sources of cross-talk in point localized super-resolution imaging
measurements, such as far-red probes detected in our near-red
emission channel due to imperfect filters, anti-Stokes shifts,
and fluorescent impurities.99,227 In addition, commonly used
BODIPY fluorophores can undergo photoconversion in the
presence of high laser intensity, altering the chemical nature and
photophysical behavior of the dye.228 Overall, it is vital to control
for all sources of cross-talk and to make estimates on how even
minimal bleed-through levels impact experimental outcomes.

Figure 5. Improved resolution enhances sensitivity and contrast. (A) Reconstructed images of molecular complexes containing two distinguishable
components present at high surface density (2000/μm2). Simulations sample identical underlying structures generated with the localization precisions
shown. (B) Cross-correlation functions from simulations like those shown in (A) have a higher amplitude at short distances with improved resolu-
tion. This occurs because complexes present at a fixed surface density become more distinguishable as the resolution improves. (C) Reconstructed
images of molecular complexes present at a low surface density (100/μm2) where only 25% of components reside within complexes. Simulations sample
identical underlying structures generated with the localization precisions shown (D) Cross-correlation functions from simulations like those shown in
(C) have higher amplitude at short distances with improved resolution. This occurs because the complexed proteins have higher contrast compared to
the bulk as the localization precision improves. Simulations are conducted as described for Figure 4 with the exception that overcounting peaks and
reconstructed images are blurred by a Gaussian with the specified standard deviation. Scale bars are 100 nm.
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The cross-talk artifacts described above will tend to produce
results indicating more colocalization than is present in actual
molecular distributions. One way to gain confidence in a result
of clustering or coclustering is to include controls expected to
produce less coclustering, random codistributions, or exclusion
while utilizing the same fluorescent probes. For example, the vast
majority of existing data supporting the concept of lipid rafts
only probes the self-clustering or coclustering of membrane
components. We have been able to recently show that dis-
ordered-favoring markers are weakly excluded from BCR
clusters, and Lyn is less strongly recruited to BCR upon kinase
inhibition treatment.99 These observations generate additional
confidence in the imaging and analysis methods used, and do not
rely upon observations of cluster size or density.

3.9. Higher Resolution Gives Better Sensitivity

Localization-based super-resolution microscopy provides an
order of magnitude increase in resolution compared to tradi-
tional microscopy. However, this method has not yet achieved
resolution on the order of the size of individual proteins or
molecules. Super-resolution localization methods such as
STORM and PALM rely upon isolating individual fluorescent
events and estimating the position of the fluorophore from
the center of the intensity distribution of this event. The pre-
cision of this localization scales by the inverse square of the
number of photons recorded from the fluorescent event.229

Thus, a 4-fold increase in fluorophore brightness will yield a
2-fold increase in spatial resolution. Advances in the quantum
efficiency of photon detection, increases in fluorescent molecule
brightness and photostability, as well as improved control over
the fraction of probes in dark states all result in better resolution.
Other factors also contribute to reducing image resolution from
this theoretical limit, and addressing these issues improves
resolution. These factors include stage drift,230 fluorophore
orientation effects,231 the finite size of labeling antibodies,232 and
registration error between emission channels.233

Just as in diffraction limited microscopy, better resolution
does not simply improve the ability to observe small struc-
tures. Instead, it improves the ability to distinguish two struc-
tures situated in close proximity. This principle is illustrated in
Figure 5A,B, where coclustering of two components in a crowded
field of molecular complexes becomes easier to detect as resolu-
tion is improved. When structures are small, higher resolution
also acts to improve image contrast, since signals detected from
the small structure are spread out over a smaller area. This
improves contrast because the total number of detected signals
remains constant, as does the total area represented by the cross-
correlation function. This principle is illustrated in Figure 5C,D,
where the partial coclustering of two components in a sparse field
of molecular complexes becomes easier to detect as resolution is
improved.

4. FUTURE OUTLOOK

Over the past decade, super-resolution imaging methods have
enabled an important step forward in how researchers view and
investigate biological membranes, providing relatively simple
access to length scales relevant to macromolecular biological
assemblies within intact cells and tissues. This high resolution
view of the cell membrane has led to both progress toward
answering existing questions in membrane research and the
development of new questions regarding the molecular under-
pinnings of membrane structure and function. Advances in

imaging hardware, fluorescent probes, and analysis algorithms
push resolution limits to even smaller length scales.
Super-resolution microscopy has the potential to benefit many

aspects of membrane biology and biophysics research, and the
relative ease of these experimental systems allows simple
implementation for researchers with a range of backgrounds.
Super-resolution microscopes, including those for STED,
STORM, PALM, and SIM, have been commercialized, and can
practically be used “off the shelf”. Faster and more robust image
processing algorithms make these methods more computation-
ally feasible than ever before, and broadly distributed image
analysis software exists for a wide range of experimental data.
Further, solid-state lasers have become available in a wider range
of wavelengths and with higher output power. These models are
smaller, less expensive, and simpler to handle over time, allowing
for even modest microscope setups to take advantage of some
modern super-resolution techniques.
Major technological advances in recent years hold great

promise for improving the resolution and sensitivity of point
localization based super-resolution methods. For one, sCMOS
based detection modalities allow for large fields of view to be
imaged at fast acquisition rates, enabling video rate image
reconstruction for live cell imaging.212 Each year brings new
improvements in this image acquisition technology, with recent
commercially available detectors incorporating back-illuminated
chips with quantum efficiency approaching 95% in the visible
range. Recent years have also seen the development of new
synthetic and protein based fluorescent probes. These probes
have improved photophysical properties, are more membrane
permeable, and extend further over the spectral range, enabling
the detection of more distinct labels with higher localization
precision and at higher molecular densities.234,235 Some synthetic
probes are now available in a caged, nonfluorescent form234,236

that can be selectively activated with a UV light source. This
feature provides another knob for the experimenter to turn to
optimize imaging conditions for particular applications and
allows better signal-to-noise of single molecule detection without
the need for high readout illumination intensity. There have also
been some notable improvements in the illumination of samples.
For one, higher power continuous wave lasers are becoming
more accessible, making it easier to control the blinking charac-
teristics of existing synthetic fluorophores, improving their
localization precision and enhancing the labeling densities
accessible to experiments. Further, the use of ultrahigh numerical
aperture and TIRF excitation has achieved large improvements in
SIM resolution.237 As shown in Figures 4 and 5, these resolution
gains help to not only see smaller objects, but also to resolve
interactions between weakly associating components in dense
environments. Super-resolution modalities are being combined
to yield novel methodologies, such as structured illumina-
tion microscopy with structured photoactivation,237 light sheet
microscopy with two photon excitation,238 and structured
illumination microscopy with two photon excitation,239 allowing
for improved spatial resolution and the ability to image deep into
thick samples. Finally, there have been large improvements in the
technology for localizing fluorophores in the third dimension.
These include phase retrieval,240−242 point spread function
engineering,243,244 and interferometric PALM microscopy,245

some of which are straightforward to implement on an existing
super-resolution microscope.
Together, these technical improvements have the potential to

push resolution and sensitivity to new levels, enabling scientists
to ask and answer new questions. In the context of the plasma
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membrane, continuous improvements to these tools could
enable the observation and quantification of molecular inter-
actions between individual membrane components, even when
these interactions are weak or collective. Improved resolution in
three dimensions will allow for researchers to fully map out the
macromolecular organization of signaling complexes or other
membrane associated structures, allowing the identification of
conserved higher order structures within molecular complexes.
Current technology is already advancing how we think about the
behavior of individual molecules in membranes, and at the same
time we must critically examine the limits of this technology, the
realities associated with molecular diversity and stochasticity, and
the need to incorporate statistical models for understanding
cellular processes. Utilizing these tools in live cell experiments
will allow for the study of processes in their native context at an
unprecedented level of detail, allowing researchers to probe the
physical mechanisms underlying biological functions. In the light
of these technical advances, the underlying details of macro-
molecular membrane structure can begin to come into focus.
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G.; Junius, M.; Müllar, S.; Diederichsen, U.; Janshoff, A.; Grubmüller,
H.; et al. Hydrophobic Mismatch Sorts SNARE Proteins into Distinct
Membrane Domains. Nat. Commun. 2015, 6, 5984.
(134) Day, C. A.; Kenworthy, A. K. Tracking Microdomain Dynamics
in Cell Membranes. Biochim. Biophys. Acta, Biomembr. 2009, 1788 (1),
245−253.
(135) Kusumi, A.; Shirai, Y. M.; Koyama-Honda, I.; Suzuki, K. G. N.;
Fujiwara, T. K. Hierarchical Organization of the Plasma Membrane:
Investigations by Single-Molecule Tracking vs. Fluorescence Correla-
tion Spectroscopy. FEBS Lett. 2010, 584 (9), 1814−1823.
(136) Pralle, A.; Keller, P.; Florin, E.-L.; Simons, K.; Hörber, J. K. H.
Sphingolipid−Cholesterol Rafts Diffuse as Small Entities in the Plasma
Membrane of Mammalian Cells. J. Cell Biol. 2000, 148 (5), 997−1008.
(137) Sevcsik, E.; Brameshuber, M.; Fölser, M.; Weghuber, J.;
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Introduction

Micron-scale plasma membrane curvature exists at the base 
of neuronal outgrowths, cilia, and the cytokinetic furrow. Al-
though it is well known that proteins can sense and generate 
curvature on the nanometer scale (e.g., BAR domain proteins) 
via numerous mechanisms, it is unclear whether proteins can 
directly sense shape on the micron scale, which is the level of 
many cell shape features (Zimmerberg and Kozlov, 2006). Dy-
namic changes in cell shape are central to processes as diverse 
as blood clotting, neurogenesis, and cancer cell metastasis. 
Thus, we reasoned that cells may have a capacity to sense local 
cell shape and use this information to inform behavior.

Septins, which are conserved filament-forming, mem-
brane-associated proteins, are found at regions of cells which 
are characterized by micron-scale curvature, including the 
cytokinetic furrow and the bases of cell branches in neurons, 
fungi, and ciliates (Fares et al., 1995; Helfer and Gladfelter, 
2006; Tada et al., 2007; Xie et al., 2007; Hu et al., 2010). At 
these sites, septins tether organelles, restrict diffusion, rigidify 
the cell cortex, and spatially localize signaling (Longtine et al., 
2000; Tooley et al., 2009; Gilden and Krummel, 2010; Hu et 
al., 2010; Gilden et al., 2012; Chao et al., 2014). Perturbation 
of septin genes results in abnormal cell morphology, cytoki-
nesis defects, and inviability in many organisms (Gladfelter et 
al., 2005; Mostowy et al., 2011; Mostowy and Cossart, 2012). 
Humans possess 13 septins which are implicated in numerous 
pathologies, including neurodegenerative diseases, infertility, 

and cancers (Dolat et al., 2014). Despite their importance, little 
is understood about the molecular function of septins compared 
with other cytoskeletal proteins. Given their capacity to self- 
assemble into rod-shaped complexes that are tens of nanome-
ters in length and filaments on the plasma membrane that are 
microns in length, we hypothesized that septins are capable 
of micron-scale curvature recognition (Sirajuddin et al., 2007; 
Bertin et al., 2008; Bridges et al., 2014).

Results and discussion

Septins enrich at sites of positive 
curvature in Ashbya gossypii
To assess the curvature dependence of septin localization, we 
used Ashbya gossypii, a filamentous fungus that has similar 
genome organization to Saccharomyces cerevisiae (Dietrich et 
al., 2004). During hyphal growth in A. gossypii, septins assem-
ble into three genetically and spatially separable higher-order 
structures associated with the cell cortex: (1) straight, stable 
bundles or “bars” of filaments; (2) thin, dynamic filaments, 
often enriched at sites of cell growth; and (3) dense assemblies 
at the base of lateral branches, reminiscent of septin localiza-
tion at the base of outgrowths in neurons (Fig.  1  A, Fig. S1 
A, and Video  1; Helfer and Gladfelter, 2006; DeMay et al., 
2009). A. gossypii branches emerge in a variety of orientations 

Cells change shape in response to diverse environmental and developmental conditions, creating topologies with  
micron-scale features. Although individual proteins can sense nanometer-scale membrane curvature, it is unclear if a cell 
could also use nanometer-scale components to sense micron-scale contours, such as the cytokinetic furrow and base of 
neuronal branches. Septins are filament-forming proteins that serve as signaling platforms and are frequently associated 
with areas of the plasma membrane where there is micron-scale curvature, including the cytokinetic furrow and the base 
of cell protrusions. We report here that fungal and human septins are able to distinguish between different degrees of 
micron-scale curvature in cells. By preparing supported lipid bilayers on beads of different curvature, we reconstitute 
and measure the intrinsic septin curvature preference. We conclude that micron-scale curvature recognition is a funda-
mental property of the septin cytoskeleton that provides the cell with a mechanism to know its local shape.
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creating a situation where different curvatures are present lo-
cally at the base of the same branch. We found that the septin 
Cdc11a is asymmetrically localized and preferentially enriched 
on the side of a branch with the highest curvature, even though 
both surfaces have access to the same local soluble pool of 
septins (Fig. 1 B). This suggested that septins localize in a cur-
vature-dependent manner.

To systematically determine the relationship between 
cell shape and septin localization, we visualized the cell out-
line using a cell wall dye and measured curvature proximal to 
A. gossypii branches (Fig. 1 C and Fig. S2, A–C). Considering 

that the bases of branches are saddle shaped, we analyzed septin 
localization versus the two orthogonal principal curvatures and 
mean curvature. For clarity, we report the measured curvature 
of the cytoplasmic face of the cell, which is what septins ex-
perience. From this perspective, A. gossypii are primarily com-
posed of a negative principal curvature, which runs around the 
tube-shaped cells, including at the base of branches. In con-
trast, a positive principal curvature is only found at the base 
of branches, and it runs from the main hyphae into branches, 
where the membrane bends inward toward the cytoplasm (Fig. 
S2 A). We found a strong relationship between Cdc11a-GFP 

Figure 1. Septin abundance scales with positive curvature in A. gossypii. (A) Septin higher-order structures in A. gossypii, visualized by Cdc11a-GFP 
using structured illumination microscopy (SIM). Straight bundles (1), thin filaments (2,) and branch assemblies (3) exist in the same cell. (B) SIM images of 
Cdc11a-GFP signal at the base of four lateral branches emanating from hyphae at distinct angles, producing different curvatures. (C) Mean curvature heat 
map produced by imaging Blankophor in the A. gossypii cell wall followed by curvature analysis. For this display, curvature was mapped onto the external 
surface and values were inverted to represent curvature as viewed from the cell interior. (D) Cdc11a-GFP intensity at the base of branches plotted against 
positive and negative principal curvatures and mean curvature as viewed from the cell interior. Diagrams illustrate the curvature measured in each plot. 
(E) Filament orientation at the base of branches visualized by Cdc11a-GFP SIM. (F) Filament orientation in hyphae, away from sites containing a positive 
curvature component. (G) Filament orientation relative to the hyphal axis was measured compared with a random simulation of filament orientations (solid 
lines, mean; dotted line, SD; n = 263 filaments in 13 hyphae). (H) Colocalization of Cdc11-mCherry (green) and Hsl7-GFP (magenta) at the base of 
branches and straight bundles in A. gossypii.
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enrichment and the positive curvature component (r = 0.850) 
and little correlation with the negative principal curvature (r 
= 0.145; Fig. 1 D). Consistent with a preference for positive 
curvature, septin abundance increased as the mean curva-
ture increased and did not peak at zero, which is what would 
be expected with preference for the saddle point (r = 0.790; 
Fig.  1  D). Individual septin filaments were readily seen to 
align and add along the arc of branches, further supporting that 
septins are likely responding to positive curvature (Fig.  1 E, 
Fig. S1 B, and Video 1). Septins were also detected at locations 
of even higher positive membrane curvature in stressed cells or 
in yeast cells responding to mating pheromone, consistent with 
findings for mammalian cells responding to osmotic shock 
(Fig. S1, D–E; Gilden et al., 2012). In unbranched regions of 
the cell, septin filaments aligned parallel to the hyphal growth 
axis, avoiding the more negative curvature that would be en-
countered if filaments aligned orthogonal to the growth axis 
(Fig. 1, F and G; and Fig. S1 C). Thus, septins enrich at sites of 
positive curvature, and the degree of curvature corresponds to 
the abundance of septins recruited.

If septins do sense positive curvature, we predicted that 
septin-interacting proteins could be differentially recruited to 
distinct higher-order structures. Indeed, we found that Hsl7, 
a methyltransferase involved in regulating nuclear division, 
bound exclusively to straight septin bars but never to septins 
localized at branch sites (n = 41; Fig. 1 H; Helfer and Gladfelter, 
2006). Collectively, these results suggest that eukaryotic cells 
possess a mechanism to recognize micron-scale curvature, and 
signaling proteins (e.g., Hsl7) can distinguish between curved 
and straight septin platforms. It is unclear from these exper-
iments, however, if septins alone possess the ability to sense 
micron-scale curvature or if an upstream factor recognizes the 
local geometry and in turn recruits septins.

Purified septins recognize micron-scale 
membrane curvature
To address if septins can directly differentiate among mi-
cron-scale curvatures, we set up a minimal system to measure 
septin adsorption on positively curved surfaces. We used re-
combinantly expressed and purified yeast septin complexes 
containing Cdc10, Cdc3, Cdc12, and Cdc11-SNAP and sup-
ported lipid bilayers containing anionic phospholipids formed 
on silica beads of different fixed curvatures (diameters, 0.3, 1.0, 
3.0, 5.0, and 6.5 µm; Figs. 2 A and S3 A). Indeed, when we 
mixed septins with bilayer-coated beads, we found septin ad-
sorption was dependent on bead diameter and thus the curvature 
of the bead (Fig. 2, A and B; and Video 2). At physiological 
concentrations, septins were maximally recruited to intermedi-
ately sized beads (1–3 µm), with little to no recruitment to both 
very large (5–6.5 µm) or very small beads (0.3 µm; Fig. 2 C; 
Bridges et al., 2014). These measurements reveal approxi-
mately eight times more septins bound to the 1.0-µm beads 
than the 6.5-µm beads at 100-nM septin complex concentration 
after normalizing for surface area using lipid dye intensity. The 
relative abundance of septin on each bead size was found to be 
highly septin concentration–dependent (Fig. 2, D and E). Nota-
bly, the preference for the intermediate-sized beads is similar to 
the curvatures in cells where septins are enriched (κ = 0.6 µm–1; 
Fig. 1 D). These results demonstrate that septins can readily 
distinguish between micron-scale curvatures in the absence of 
other cellular factors.

Septin affinity for membranes varies 
depending on curvature
How do septins differentiate between membrane curvatures? We 
reasoned that either septins have a higher affinity for membranes 
of specific curvatures (such as found on 1–3-µm beads) or their 
maximum binding capacity (Bmax—effectively how much septin 
can fit on a given curved surface) is greater on these curvatures. 
Because of limitations in protein yield, we were unable to mea-
sure saturation binding curves on all bead sizes. To circumvent 
this problem, we analyzed binding over time to 1- and 5-µm 
beads (Fig. 3 A). We found that septins accumulated faster on the 
smaller beads, suggesting that Bmax differences alone could not 
explain differences in adsorption. In our analysis of saturation 
binding to larger beads, we noticed another interesting feature. 
The intermediate binding of septins to 5-µm beads at high septin 
concentrations, produced by averaging many beads, was actually 
composed of a nearly bimodal distribution of septin adsorption 
(Fig. 3 B). A population of beads displayed nearly the same ad-
sorption as the 1-µm beads, whereas others had almost no septin 
enrichment, suggesting that the adsorption process is highly co-
operative. Because adsorption was found to be highly salt depen-
dent, by lowering the salt conditions to well below physiological 
levels (50 mM KCl), we were able to achieve similar binding of 
septins to 1- and 5-µm beads (Figs. 3 C and S3 B). Collectively, 
these results suggest that an effective affinity difference rather 
than Bmax is the driving force behind septin curvature preference.

Single septin complexes recognize 
curvature but must polymerize for stable 
membrane association
Next, we wondered whether septin curvature sensing re-
quired septin–lipid interaction at their predicted anionic lipid- 
binding module, a short polybasic region on the N terminus of 
each septin protein. To determine this, we used an alternative 
means to recruit septins using lipid mixtures containing Ni2+-
NTA modified headgroups and septin complexes containing an 
N-term 6xHIS tag on Cdc12. With this method, septin com-
plexes still displayed a curvature preference for 1.0-µm beads, 
albeit slightly reduced compared with anionic lipids (1.4× en-
richment on 1- over 3-µm beads compared with 3.7× enrichment 
on anionic mixtures at the same septin concentration; Fig. 4 A). 
This indicates that conformational changes induced by specific 
lipid interactions are not essential for curvature sensing but may 
tune it to a certain degree.

Given the micrometer scale of the curvatures detected by 
septins, we next asked whether complexes must polymerize to 
sense curvature. Alternatively, single septin complexes (32-nm-
long rods) may have a higher affinity for curved membranes. 
To address this issue, we introduced mutations into the α6 helix 
of the Cdc11 N–C interface, which mediates polymerization of 
complexes into filaments (Sirajuddin et al., 2007). These mutant 
septins purified as complexes, yet failed to polymerize (Fig. 4 B 
and Fig. S3, C–E). When we recruited cdc11α6 mutant com-
plexes via the Cdc12 6xHIS tag and Ni2+-NTA lipids, we 
found that the curvature preference was still intact (Fig. 4 C). 
Similarly, wild-type (WT) complexes at high salt concentra-
tions that prevent polymerization and association with anionic 
membranes also retain curvature preference on Ni2+-NTA– 
containing bilayers (Fig. 4 D; Booth et al., 2015). These results 
indicate that individual septin complexes are able to perceive 
micron-scale curvature differences.
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Figure 2. Septins recognize micron-scale positive membrane curvature. (A) Supported lipid bilayer (25% PI and 75% PC) and trace Rh-PE–coated silica 
beads ranging from 0.3 to 6.5 µm in diameter mixed with 50 nM S. cerevisiae septin complex containing Cdc11-SNAP488 for visualization. The Rh-PE is 
shown in magenta, and Cdc11-SNAP488 is shown in green. (B) Mean intensity images of 10 beads for each condition. (C) Septin adsorption to each bead 
size at 100-nM septin complex. (D) Septin adsorption to beads as a function of concentration. (E) Heat map of fold difference in septin adsorption to beads 
as a function of concentration. Data were normalized to the lowest detectable septin adsorption, on 1-µm beads at 10-nM septin complex concentration. 
500 nM was the highest experimentally attainable septin complex concentration that could be mixed with beads. In C–E, n ≥ 32 for each size, and error 
bars represent standard error. Dunn test results: ***, P < 0.005; *, P < 0.05. n.s., not significant.

Figure 3. Septin affinity for membranes var-
ies depending on curvature. (A) Adsorption of 
septins to silica beads over time on 1 µm (κ 
= 2 µm–1) and 5 µm (κ = 0.4 µm–1) at 250-
nM septin complex concentration. Solid lines 
represent means, and shaded areas repre-
sent SD (average n/time point: 2 µm–1 = 158 
beads and 0.4 µm–1 = 18 beads). (B) Adsorp-
tion of 500-nM septin complexes on 1-µm (κ 
= 2 µm–1) and 5-µm (κ = 0.4 µm–1) beads in 
100 mM KCl. (C) Adsorption of 500-nM septin 
complexes on 1-µm (κ = 2 µm–1) and 5-µm (κ 
= 0.4 µm–1) bilayer-coated beads in 50 mM 
KCl. In B and C, n ≥ 50 for each size; black 
bars represent medians.
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We then assessed what happens when a nonpolymerizable 
septin is expressed in cells. When cdc11α6 was expressed in 
A. gossypii cells, we found no incorporation of cdc11α6-GFP 
into septins at the base of branches but could detect very faint 
association in the form of puncta with straight septin bundles 
(Fig.  4  E). Consistent with this result, when we mixed these 
cdc11α6 mutant complexes with 1.0-µm beads coated with 
L-α-phosphatidylcholine (PC)/L-α phosphatidylinositol (PI) 
bilayers, we found that adsorption to bilayers was dramatically 
reduced compared with WT septin complexes (Fig. 4 F). This 
result implies that avidity through polymerization permits sta-
ble septin association with anionic lipids. In addition, this could 
mean that septins in the straight bundles are recruited to the 
cell cortex by other proteins or have lateral interactions that 
are capable of recruiting nonpolymerizing septin complexes. 
Collectively, these data suggest that the septin complex has an 
intrinsic curvature preference; however, for stable association 
with membranes to occur, septins must polymerize, indicating 
that polymerization is critical for retention of septin complexes 
at sites of curvature in cells. In addition, a small difference in 
complex affinity for curved membranes could be amplified by a 
cooperative adsorption process.

Septin curvature recognition is conserved 
beyond the fungal kingdom
Finally, we sought to determine whether septin curvature rec-
ognition is conserved beyond the fungal kingdom. Previous 
work has shown that human septin complexes form rings when  

polymerized in vitro and in the absence of F-actin in mamma-
lian cells and are able to tubulate giant unilamellar vesicles, 
which we hypothesized were a manifestation of the same prop-
erties that could drive curvature sensing (Kinoshita et al., 2002; 
Tanaka-Takiguchi et al., 2009). Similar to fungal systems, many 
distinct septin structures can exist during interphase (Kinoshita 
et al., 2002; Gilden and Krummel, 2010; Bowen et al., 2011; 
Bridges and Gladfelter, 2015). These include straight perinuclear 
filaments, regions of colocalization with the actin cortex, and at 
the base of cell protrusions in NIH-3T3 fibroblasts (Fig. 5 A). 
In an attempt to disentangle these structures, we perturbed the 
actin cytoskeleton and found septin abundance appeared to 
scale with the degree of membrane curvature (Fig. 5 B). To ver-
ify that mammalian septins also intrinsically possess the ability 
to distinguish between curvatures and to measure mammalian 
septin curvature preference, we purified complexes containing 
human SEPT2, SEPT6, and SEPT7 and added them to the an-
ionic lipid bead-binding assay (Figs. 5 C and S3 G). Consis-
tent with our observations with the fungal complexes, we found 
preferential adsorption on 1-µm beads (Fig. 5, C and D). This 
suggests that a fundamental property of the septins from widely 
divergent species is to recognize plasma membrane shape on 
the scale of microns, which has not been reported previously for 
other plasma membrane–binding proteins.

Conclusion
What is the structural basis for micron-scale curvature recog-
nition? One possibility is that septin complexes are curved and 

Figure 4. Curvature preference remains intact in single complexes, but filament formation is required for stable membrane association. (A) Adsorption of 
25 nM 6xHIS WT Cdc11–SNAP488 complexes to 1-µm (κ = 2 µm–1) and 3-µm (κ = 0.67 µm–1) beads coated in 2% DGS-Ni2+ NTA lipids in 100 mM KCl. 
For visualization of fold enrichment, data were normalized to 3-µm beads. (B) WT Cdc11–SNAP complexes and Cdc11-α6–SNAP complexes, containing 
point mutations in the polymerization interface of Cdc11, were diluted to 250 nM in 50 mM KCl to promote filament formation and visualized on a poly-
ethylene glycol–coated coverslip. (C) Adsorption of 100 nM 6xHIS Cdc11-α6–SNAP488 complexes to 1-µm (κ = 2 µm–1) and 3-µm (κ = 0.67 µm–1) beads 
coated in 2% DGS-Ni2+ NTA lipids in 100 mM KCl. (D) Adsorption of 25 nM 6xHIS WT Cdc11–SNAP488 complexes to 1-µm (κ = 2 µm–1) and 3-µm  
(κ = 0.67 µm–1) beads coated in 2% DGS-Ni2+ NTA lipids in 300 mM KCl. (E) WT and α6 mutant Cdc11-GFP expressed and imaged in live A. gossypii.  
(F) Membrane adsorption of 100 nM WT and Cdc11-α6–SNAP488 complexes on anionic-supported lipid bilayer (25% PC, 75% PI, and trace RhPE)–
coated 1-µm beads. In A, C, D, and F, n ≥ 43 for each size. Dunn test results: ***, P < 0.005.
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as such preferentially associate with curved membranes (Fig. 
S3 H; Bertin et al., 2008). Alternatively, the human complex 
may dynamically hinge in the center (Fig. S3 I; Sirajuddin et 
al., 2007). In either case we propose that one of two principles 
drives septin curvature recognition: either the septin–lipid inter-
action is geometrically favorable when membranes are curved 
or interacting with a curved membrane promotes an energet-
ically favorable septin complex conformation. Given that hu-
mans have 13 septin genes, it is likely that alternative septin 
complexes, containing different septin proteins, could tune 
and regulate curvature sensing. From the data presented in this 
work, we cannot rule out that on anionic phospholipid mem-
branes, curvature promotes septin adsorption via additional 
mechanisms other than the affinity of single septin complexes. 
Given the importance of polymerization for membrane adsorp-
tion demonstrated in this work, it is also possible that curved 
membranes promote polymerization and thereby membrane 
affinity. Alternatively, stochastic fragmentation or depolymer-
ization of filaments could be reduced on curved membranes.

This work identifies the first direct sensor of micron-scale 
curvature in eukaryotic cells and demonstrates that septin com-
plexes have an intrinsic capacity to recognize specific curva-
tures (Fig. 5 E). Although a bacterial protein has been shown 
to recognize the micron-scale forespore membrane, and myo-
sin-II has been shown to enrich in areas of low curvature, in 
neither case is it clear how the nanometer to micron scales 
are linked (Ramamurthi et al., 2009; Elliott et al., 2015). The 
elongated rod-shaped complexes make septins sufficiently long 
to perceive micron-scale differences in shape before polym-
erization; however, polymerization must take place for stable 
membrane association. Interestingly, septin complexes can 
make curved bundles of F-actin; however, it is unclear that 

this is related mechanistically or functionally to the work re-
ported here (Mavrakis et al., 2014). Although we acknowledge 
that the same curvature sensing properties of septins could also 
produce membrane curvature, we hypothesize that the forces 
required to deform membranes on the micron scale in a cell, 
particularly in fungi which have a rigid cell wall, are too great 
for septins alone to carry out. We propose that septins at the 
base cell protrusions may serve as landmarks and signaling 
platforms so the cell can know its local shape long after such 
topologies have been constructed.

Materials and methods

A. gossypii growth and imaging
A. gossypii cultures were grown for 15–17 h in A. gossypii full media 
at 30°C. Cells were collected by gentle centrifugation, resuspended in 
A. gossypii low fluorescence media, and mounted between a 1.5 cov-
erslip and a 0.5–1.5% agar pad hydrated with low fluorescence media. 
Before imaging, cells were grown 22°C on the agar pad for 1 h.

Display images (Fig. 1, A and B; and Fig. S1, A, D, and E) were 
acquired on a Nikon N-SIM microscope using a 100× Plan Apo 1.49 NA 
oil lens with 14 bits per pixel on an iXon Ultra DU-897 camera (Andor 
Technology) with EM gain; laser power and exposure were adjusted to 
keep pixel intensities in the first quarter of the camera dynamic range. 
Z-stacks were acquired with 0.125-µm-thick z-sections and 15 images 
per optical slice (three angles and five phases). 3D reconstruction was 
performed in Elements software (version 40.30.01; Nikon). Reconstruc-
tion parameters were chosen to match best septin localization observed 
on traditional wide-field microscopes while maximizing resolution.

For analysis of curvature at the base of A. gossypii branches, the 
cell wall was localized using Blankophor (MP Biomedicals), whereas 

Figure 5. Mammalian septins recognize membrane curvature. (A) Phalloidin (magenta) and SEPT7 (green) localization, visualized by α-SEPT7 immuno-
fluorescence, in NIH 3T3 fibroblasts. (B) SEPT7 localization (green) in NIH 3T3 fibroblasts treated with 1 µM latrunculin A for 15 min to disrupt actin-de-
pendent septin localization. The cell outline (magenta), was produced by imaging Alexa Fluor 647–conjugated wheat germ agglutinin. (C) 50 nM human 
septin complexes (SEPT2–SEPT6–SEPT7) labeled with NHS-Alexa Fluor 488 on supported lipid bilayer–coated silica beads. (D) Adsorption of 50 nM 
human septin complex on bilayer-coated beads (25% PC, 75% PI, and trace RhPE). n ≥ 67 for each size. Dunn test results: ***, P < 0.005; n.s., >0.05. 
(E) Model displaying the scale of septin curvature sensing compared with other established proteins that interact with curved membranes.
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septins were imaged using Cdc11a-GFP replaced at the endogenous 
locus (AG384). Z-stacks of both channels were imaged with a step 
size of 0.2 µm on a Nikon A1RSi laser scanning confocal microscope 
using a 100× Plan Apo 1.49 NA oil lens. Blankophor was excited with 
a 407-nm laser, and GFP was excited with a 488-nm laser with the 
pinhole open to 2 AU. See the following section for a description of 
the curvature analysis.

For imaging Cdc11a-GFP filament orientation (Fig. 1, E and F; 
and Fig. S1 C), super-resolution 3D-SIM images were acquired on a 
DeltaVision OMX V4 (GE Healthcare) equipped with a 60×/1.42 NA 
PlanApo oil immersion objective (Olympus), 405-, 488-, 568- and 
642-nm solid-state lasers (100 mW) and sCMOS cameras (pco.edge). 
Z-stacks were acquired with 0.125-µm-thick z-sections and 15 images 
per optical slice (three angles and five phases). Images were recon-
structed using Wiener filter settings of 0.005, and optical transfer func-
tions were measured specifically for each channel with SoftWoRx 6.1.3 
(GE Healthcare) to obtain super-resolution images with a twofold in-
crease in resolution both axially and laterally. Unless otherwise stated, 
cells were imaged at 22°C.

A. gossypii curvature analysis
Z-stacks of septins in A. gossypii branches were analyzed using Imaris 
7.7.2 (Bitplane AG). For curvature analysis in 3D, images were resa-
mpled using the Imaris “Resample 3D” command to produce voxels 
of isotropic dimensions. Images were subsequently background sub-
tracted using the software’s Gaussian filter for background determina-
tion (width 10.6 µm) and then cropped to eliminate all but the curved 
region on one side of any given branch. Individual surfaces were cre-
ated for the Cdc11a-GFP signal and the Blankophor signal. The GFP 
surface was then used to determine the mean GFP intensity. It also 
served as a guide for the placement of the region of interest (ROI) for 
curvature measurements, which was performed on the surface created 
from the Blankophor signal. Curvature analysis was conducted on the 
cytoplasmic face of the Blankophor surface, as this is the side to which 
septins associate. The ROI used for curvature analysis was the area of 
intersection between the Blankophor surface and the GFP surface (Fig. 
S2 C). The final ROI includes a slightly larger area than the surface 
intersection, thereby including more points in the curvature calculation 
than desired. However, these unwanted points only represented a neg-
ligible percentage of the total number of points used for the curvature 
calculation (∼4.5% in Fig. S2 C), thereby not having a substantial effect 
on the curvature calculation. Using custom curvature analysis Imaris 
XTensions written in MAT LAB R2015a (MathWorks), the following 
curvature values were calculated within the ROI: mean curvature, 
Gaussian curvature, and both principal curvatures. The core of the cus-
tom curvature analysis XTension was created by Matthew J. Gastinger 
(Bitplane). This XTension uses Dirk-Jan Kroon’s “Patch Normals” and 
“Patch Curvature” functions (Kroon, 2009, 2014). Curvature values, as 
well as the mean Cdc11a-GFP intensity, were exported into Microsoft 
Excel files. Files were then imported into R version 3.2.2 using RStudio 
0.99.467 (R Foundation for Statistical Computing), where all of the 
statistical analyses took place. Plots were generated using the ggplot2 
package in R (Wickham, 2009).

Analysis of hyphal filament orientation
To evaluate whether filaments within hyphae were aligned to minimize 
negative curvature, filament orientation was compared with the hyphal 
growth axis. This analysis focused on one straight segment of a single 
hypha at a time to avoid areas where hyphal bending occurred. To 
determine the hyphal orientation, the cell outline was traced using 
Fiji (version 1.50b; National Institutes of Health), and the arithmetic 
mean of both sides of the hypha served as the orientation relative to 

the horizontal axis. Angle measurements were always performed in 
the direction of cell growth using the “Measure_Angle_and_Length” 
macro available at http ://rsb .info .nih .gov /ij /macros /.

Within the cell outline, filament angles with respect to horizontal 
were measured. Using a custom MAT LAB script, the filament orienta-
tion with respect to hyphal orientation was calculated. A total of 263 
filament angles were measured. The distribution of these measurements 
was then compared with a random distribution. To obtain the random 
distribution, 263 angles between –90 and 90° were chosen randomly 
from a uniform distribution using R’s runif function. This process was 
repeated 1,000 times, which allowed for the calculation of mean and 
SD density values. The measurement and random values were com-
piled and plotted in R (Wickham, 2007; Winston, 2014).

Yeast septin purification and labeling
BL21 (DE3) Escherichia coli cells were transformed with a duet septin 
expression platform (see Generation of strains section), selected for 
with ampicillin and chloramphenicol, and induced to express with 
1  mM IPTG at an OD600 of 0.6–0.7.  After 24  h of growth at 22°C, 
cells were harvested by centrifugation at 10,000 relative centrifugal 
force (RCF) for 5 min. Pellets were either lysed immediately or stored 
at –80°C until lysis. Cells were thawed and incubated in lysis buffer 
(50 mM KH2PO4, pH 8.0, 1 M KCl, 1 mM MgCl2, 1% Tween-20, 10% 
glycerol, 1× protease inhibitor [Roche], and 20 mM imidazole), with  
1 mg/ml lysozyme for 30 min on ice. Cells were then sonicated for 
20  s, and resulting whole-cell extract was clarified by centrifugation 
at 4°C for 30 min at 20,000 rpm in an SS-34 rotor in a Sorvall RC-6 
centrifuge. Clarified supernatant was placed on an equilibrated Ni2+-
NTA agarose (QIA GEN) column containing 2 ml of resin per liter of 
E. coli culture. Bound protein was washed three times (5× column vol-
ume) with wash buffer (50 mM KH2PO4, pH 8.0, 1 M KCl, and 20 mM 
imidazole) and eluted with a high imidazole concentration (50  mM 
KH2PO4, pH 8.0, 300 mM KCl, and 500 mM imidazole). Protein was 
dialyzed into septin storage buffer (50 mM Tris, pH 8.0, 300 mM KCl, 
1  mM DTT) to remove excess imidazole overnight via two 500-ml 
steps using 10,000 MW cutoff cassettes (Thermo Fisher Scientific). 
Subsequently, the 6xHIS tag on Cdc12 was removed by treatment with 
ProTEV Plus protease (Promega). Protein was then run over a second 
Ni2+-NTA column to remove cleaved 6xHIS tag, the TEV protease, and 
Ni2+-NTA binding contaminants. SNAP Surface 488 (New England Bi-
olabs) was incubated with protein eluate at a 1.5× excess molar ratio at 
4°C overnight. Excess dye was removed by dialysis with septin storage 
buffer. Purity was assessed by 10% SDS-PAGE, and protein concentra-
tion was determined by Bradford assay.

Human septin purification
Human septin plasmids were a gift from M. Mavrakis (Institut de Biol-
ogie du Développement de Marseille, Marseille, France), and proteins 
were purified as described in Mavrakis et al. (2014). In brief, Bl21-
(DE3) containing a plasmid encoding His6-hSEPT2 and hSEPT6, and 
a second plasmid encoding h-SEPT7-Strep, were grown to an OD600 
of 2–3 and induced to express by 1 mM IPTG for 1 h. Cells were col-
lected by centrifugation at 10,000 RCF for 5 min. Pellets were either 
lysed immediately or stored at –80°C until lysis. Cells were thawed 
and incubated in lysis/wash buffer (50 mM Tris, pH 8.0, 500 mM KCl, 
5 mM MgCl2, 1× protease inhibitor, and 10 mM imidazole), with 1 mg/
ml lysozyme for 30 min on ice. Cells were then sonicated for 20 s, and 
resulting whole-cell extract was clarified by centrifugation at 4°C for 
30 min at 20,000 rpm in a SS-34 rotor in a Sorvall RC-6 centrifuge. 
Clarified supernatant was placed on an equilibrated Ni2+-NTA agarose 
(QIA GEN) column containing 2 ml of resin per liter of E. coli culture. 
Bound protein was washed three times (5× column volume) and eluted 
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with a high imidazole concentration (50  mM Tris, pH 8.0, 500  mM 
KCl, 5 mM MgCl2, and 250 mM imidazole). Eluate was then immedi-
ately passed over a Strep-Tactin (IBA) sepharose column, and bound 
protein was washed three times (5× column volume; 50  mM Tris,  
pH 8.0, 300 mM KCl, and 5mM MgCl2) and eluted with buffer contain-
ing desthiobiotin (50 mM Tris, pH 8.0, 300 mM KCl, 5 mM MgCl2, and 
2.5 mM desthiobiotin). Purity was assessed by 10% SDS-PAGE, and 
protein concentration was determined by Bradford assay.

For labeling of human complexes, septins were exchanged into 
a lower pH buffer (potassium phosphate, pH 6.5, 300 mM KCl, and 
5 mM MgCl2) and reacted with Alexa Fluor 488 NHS Ester to ensure 
labeling at the N terminus. Buffer was then exchanged by dialysis to 
remove excess dye, and septins were stored in 50 mM Tris, pH 8.0, 
300 mM KCl, and 5 mM MgCl2.

Preparation of and experimentation with supported lipid bilayer 
microspheres
Septin lipid binding was evaluated using a lipid composition of 
75 mol% PC (egg, chicken; 840051; Avanti Polar Lipids), 25% PI 
(liver, bovine; sodium salt; 840042; Avanti Polar Lipids), and >0.1% 
L-α-phosphatidylethanolamine-N-(lissamine rhodamine B sulfonyl) 
(Rh-PE; ammonium salt; egg-transphosphatidylated, chicken; 810146; 
Avanti Polar Lipids). Lipids were mixed in chloroform solvent, dried 
by a stream of argon gas, followed by at least 2 h in a vacuum. Lipids 
were hydrated for 30 min at 37°C at a final lipid concentration of 5 mM 
in buffer (20 mM Tris, pH 8.0, 300 mM KCl, and 1 mM MgCl2) and 
bath sonicated (1510; Branson) to clarity (∼5 min) to form small unil-
amellar vesicles (SUVs).

To recruit septins via the 6xHIS tag on the N terminus of Cdc12, 
a lipid composition of 98 mol% 1,2-dioleoyl-sn-glycero-3-phospho-
choline (850375; Avanti Polar Lipids) and 2 mol% 1,2-di-(9Z-octa-
decenoyl)-sn-glycero-3-[(N-(5-amino-1-carboxypentyl)iminodiacetic 
acid)succinyl] (nickel salt; 790404; Avanti Polar Lipids) was mixed in 
chloroform solvent, dried by a stream of argon gas followed by at least 
2 h in a vacuum. Lipids were hydrated at 5 mM in filtered PBS at 37°C 
for 30 min and freeze-thawed in liquid nitrogen 30 times. Subsequently 
vesicles were bath sonicated to clarity (∼2 min).

SUVs were adsorbed onto nonfunctionalized silica microspheres 
(0.31, 0.96, 3.17, 5.06, and 6.46 µm mean diameter, rounded in text 
for simplicity; Bangs Laboratories) by mixing 50 nmol lipids with 
440 mm2 of silica microsphere surface area in a final volume of 80 µl 
for 1 h in a roller drum at 22°C (PC/PI mixtures) or 37°C (Ni-NTA/
PC mixtures). Excess SUVs were removed by pelleting coated beads 
for 30 s at the minimum force required to pellet each bead size (see  
http ://www .bangslabs .com / for sedimentation properties) followed by 
4× washes with excess buffer (100 mM KCl and 50 mM Tris, pH 8.0).

To measure binding of septins to supported lipid bilayer-covered 
microspheres, 25 µl of septins in septin storage buffer were added to 
75 µl of a bead-buffer solution yielding a final buffer composition con-
taining 5 mm2 total lipid-bead surface area (100 mM KCl, 50 mM Tris, 
pH 8.0, 0.1% methylcellulose, 0.1% BSA [fatty-acid free; Sigma-Al-
drich], and 1  mM DTT, unless otherwise stated). For human septin 
experiments, the buffer was 50 mM KCl, 50 mM Tris, pH 8.0, 0.1% 
methylcellulose, 0.1% BSA, 500 µM MgCl2, and 1 mM DTT. Exper-
iments comparing septin adsorption to multiple bead sizes were per-
formed both in complex mixtures, containing multiple bead sizes, and 
in conditions where only one bead size was present. Because results 
were qualitatively similar, and for convenience in quantification (beads 
often attached to one another), data represented in graphs were acquired 
using mixtures of septins with individual bead sizes at a time. Plastic 
chambers were glued to polyethylene glycol–passivated coverslips, and 
the septin-microsphere mixture was incubated for at least 1  h at RT 

until equilibrium was reached. Beads were imaged on a laser scanning 
confocal microscope (A1RSi; Nikon) using a 100× Plan Apo 1.49 NA 
oil lens, with the pinhole open to 2.0 AU. The entire z-series were ac-
quired using Elements software controlling a piezo z-drive (Mad City 
Labs) with Nyquist sampling for both rhodamine and 488 channels.

For analysis of septin binding, raw images were exported to 
Imaris 8.1.2 (Bitplane AG). Every image was individually background 
subtracted in both channels using the software’s Gaussian filter for 
background determination (width, 31.4 µm). The surface of each bead 
was defined in a given field using the lipid channel, and beads that stuck 
together were excluded from analysis. From the surface of each bead, 
a sum rhodamine lipid intensity and sum septin intensity (SNAP–Sur-
face488 for yeast complexes and Alexa Fluor 488 for human complexes) 
were exported into Microsoft Excel. Files were then imported into R 
version 3.2.2 using RStudio 0.99.467, where all further analyses took 
place. “Septin adsorption” was calculated by dividing the sum septin 
intensity by the sum rhodamine lipid intensity to control for any poten-
tial optical differences between bead sizes. Plots were generated using 
the ggplot2 package in R (Wickham, 2007; Winston, 2014). Statistical 
analyses were done on a plot by plot basis. In every case, a Levene test 
showed that equal variances could not be assumed across groups (Fox 
and Weisberg, 2011). This called for a nonparametric approach. Thus, 
a Kruskal-Wallis rank sum test was performed, followed by a Bon-
ferroni-adjusted Dunn test (Wickham, 2007; Lisovich and Day, 2014; 
Dinno, 2015; Wickham and Francois, 2015; Warnes et al., 2015a,b). 
For each experimental condition (unique combinations of lipid com-
position, bead size, salt concentration, and septin concentration), the 
number of beads analyzed ranged from 32 to 743. Although SNAP-
tagged Cdc11 was used for publication materials, qualitatively similar 
results were obtained with septin constructs containing Cdc11-GFP.

Generation of strains
A complete table of strains used in this study can be found in Table 
S1. Plasmids are listed in Table S2 and oligos are listed in Table S3. 
To generate SNAP-labeled Cdc11 for recombinant expression in the 
septin complex (AGB501), pACYC-Duet with ScCdc3 and ScCdc11, 
(AGB400.1; gift from J. Thorner, University of California, Berkeley, 
Berkeley, CA), was cut with EcoRV-HF/KpnI-HF. The digest was 
subsequently cleaned over a PCR purification column (QIA GEN) 
and then treated with rAPid Alkaline Phosphatase (Roche). AGB493 
(pRS416 ScCdc11-yeSNAPf) was then cut with EcoRV-HF/KpnI-HF 
and cleaned over a PCR purification column before ligating. Ligation 
was preformed of prepared vector and insert using NEB T4 DNA ligase 
followed by transformation into NEB 5α competent cells selected on 
plates of LB media with 34 µg/ml Alfa Aesar chloramphenicol. Indi-
vidual colonies were mini-prepared using a QIAprep Spin Miniprep 
kit (QIA GEN). Verification digestion was performed with BamHI-HF.

To generate a cleavable 6xHIS-tagged Cdc12 for recombinant 
expression in septin complexes (AGB710), a Tobacco Etch Virus 
(TEV) site was added between 6xHIS and ScCDC12 in AGB401 (pET-
Duet-6xHIS-ScCdc12/ScCdc10) using PCR with AGO1557/AGO1558 
and PfuUltraII Fusion HS DNA polymerase (Agilent Technologies). 
The resulting PCR product was treated with DpnI and cleaned with a 
PCR purification kit. DNA was then transformed into NEB 5 α high-ef-
ficiency competent cells. Single colonies were then mini prepared with 
a mini spin kit (QIA GEN) and then sequenced through the TEV inser-
tion with AGO172 and AGO1192.

To introduce E289R, Y291A, and R292E point mutations in 
the α6 helix of the NC interface of Cdc11 for recombinant expres-
sion (AGB744) in septin complexes, pACYC-Duet with ScCdc3 and 
ScCdc11-SNAP (AGB501) was mutated using PCR with AGO1613/
AGO1614 and PfuUltraII Fusion HS DNA polymerase (Agilent 
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Technologies). The resulting PCR product was treated with DpnI and 
cleaned with a PCR purification kit. DNA was then transformed into 
NEB 5 α high-efficiency competent cells. Single colonies were then 
mini prepared with a mini spin kit and then sequenced through the point 
mutations with AGO1609 and AGO1251.

To create an analogous, nonpolymerizing cdc11α6 mutant for 
expression in A.  gossypii (AGB849), a gBLO CK (IDT) of cdc11A 
from 3,861–4,560 (700 bp) was synthesized. This fragment contained 
mutations in homologous residues (in A.  gossypii Cdc11a: E288R, 
Y290A, and R291E) and the restriction enzyme sites AflI–MluI 
for downstream cloning. PCR was performed on the fragment with 
AGO1770 and AGO1771. This fragment, and AGB214 (pRS416-Ag-
CDC11A-GFP-GEN), were cut with AflII–MluI, and the vector was 
treated with rAPid Alkaline Phosphatase. Ligation was performed, and 
the product was verified by test digestion and sequencing with AGO130 
and AGO1771. The plasmid was then introduced into A. gossypii by 
electroporation and selection was performed using G418.

Septin pelleting assay and FCS
A sedimentation assay was performed to determine the polymeriza-
tion state of septins by diluting septin complexes into a low salt buffer 
(50  mM KCl, 50  mM Tris, pH 8.0, and 1  mM DTT) for 2  h.  Next, 
samples were centrifuged for 20 min at 22°C under 100,000 RCF (Op-
tima Ultracentrifuge; Beckman Coulter). Supernatant was removed, 
and pellets were resuspended in the same volume. Samples were 
then analyzed by SDS-PAGE.

The FCS autocorrelation curve of fluorescent septin complexes 
in high salt buffer (300 mM KCl, 50 mM Tris, pH 8.0, and 1 mM DTT) 
was generated using commercial PicoQuant hardware and software on 
a Nikon A1 LSM, using a Plan Apo IR 60× WI 1.27NA objective. Iden-
tical laser intensity was used when comparing complexes containing 
Cdc11–SNAP–Atto488 and the mutant Cdc11-α6–SNAP–Atto488. 
Fluctuations in fluorescence intensity were monitored for 20 s for each 
experiment. The autocorrelation function was obtained with after pulsing 
suppression by means of fluorescence lifetime correlation spectroscopy 
with a pulsed 485-nM laser (40 mHz) in SymPhoTime (PicoQuant).

Mammalian cell culture and immunofluorescence
NIH 3T3 fibroblasts (ATCC) were cultured in DMEM media and sup-
plemented with 10% FBS, 2 mM L-glutamine, and penicillin-strepto-
mycin. Cells were plated on glass coverslips for 24 h before fixation. 
Cells treated with latrunculin A (Sigma-Aldrich) were incubated with 
the drug at 1 µM for 15 min before fixation. Cells were fixed with 4% 
paraformaldehyde for 15 min, washed 3× in PBS, and then incubated 
for 10 min with 5 µg/ml Alexa Fluor 647 conjugated wheat germ agglu-
tinin (Invitrogen) to label the membrane. Cells were washed 3× in PBS, 
permeabilized with 0.5% Triton X-100, and then incubated with Alexa 
Fluor 488 conjugated phalloidin (Invitrogen) and a rabbit anti–human 
Septin 7 primary antibody (IBL-America), followed by a goat anti–rab-
bit Alexa Fluor 567 (Invitrogen) secondary antibody. Coverslips were 
mounted on glass slides in ProLong Gold mounting media (Invitrogen).

Cells were imaged on an inverted Nikon Ti-E microscope with 
a Yokogawa CSU-X spinning disk scanhead, a laser merge module 
containing 491, 561, and 642 laser lines (Spectral Applied Research), 
and an HQ2 CoolSNAP CCD camera (Roper Scientific). Metamorph 
acquisition software (Molecular Devices) was used to control the mi-
croscope hardware. Images were acquired with a Nikon 60× 1.49 NA 
ApoTIRF oil-immersion objective.

Online supplemental material
Tables S1, S2, and S3 list the fungal strains, plasmids, and oligos used 
in this study, respectively. Fig. S1 contains additional images of septins 

in A. gossypii and S. cerevisiae. Fig. S2 contains a graphical description 
of curvature and a visual example of curvature analysis in A. gossypii. 
Fig. S3 contains Coomassie-stained gels of septin purifications, 
characterization of the Cdc11-α6 mutant and a model of septin complex 
flexibility. Videos 1 and 2 demonstrate septin dynamics in A. gossypii 
and in vitro on supported lipid bilayer–coated beads, respectively. 
The following scripts are also included in the supplemental materials: 
filamentOrientation.m: Calculates filament angles with respect to 
branch angle; XT_MJG_MSJ_Curvature.m: Imaris XTension to 
calculate curvature values on an Imaris Surface and select curvature 
values within an ROI; and XT_ROI_part2_MSJ.m: Imaris XTension 
that complements XT_MJG_MSJ_Curvature.m by expediting the 
ROI selection process. Online supplemental material is available at  
http ://www .jcb .org /cgi /content /full /jcb .201512029 /DC1.
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DNA probes for monitoring dynamic and transient
molecular encounters on live cell membranes
Mingxu You1,2,3,4*†, Yifan Lyu1,2†, Da Han1,2†, Liping Qiu1,2, Qiaoling Liu1, Tao Chen1,2, Cuichen Sam Wu1,2,
Lu Peng2, Liqin Zhang1,2, Gang Bao5 and Weihong Tan1,2*

Cells interact with the extracellular environment through molecules expressed on the membrane. Disruption of these
membrane-bound interactions (or encounters) can result in disease progression. Advances in super-resolution microscopy
have allowed membrane encounters to be examined, however, these methods cannot image entire membranes and cannot
provide information on the dynamic interactions between membrane-bound molecules. Here, we show a novel DNA probe
that can transduce transient membrane encounter events into readable cumulative fluorescence signals. The probe, which
translocates from one anchor site to another, mimicking motor proteins, is realized through a toehold-mediated DNA
strand displacement reaction. Using this probe, we successfully monitored rapid encounter events of membrane lipid
domains using flow cytometry and fluorescence microscopy. Our results show a preference for encounters within the same
lipid domains.

Cellular communication and signalling depend on molecules
expressed on the membrane, especially proteins and lipids.
During the resultant cell signalling, these protein and lipid

molecules interact and regulate key functions such as signal trans-
duction1. Consequently, disruption of such membrane-bound inter-
actions, or encounters, can result in disease progression, such as that
seen in cancer or inflammatory and metabolic disorders2. Indeed,
understanding interaction patterns on live cell membranes is critical
to biological studies. Powerful imaging techniques have been devel-
oped to track individual receptors on cell membrane surfaces3,4 and
to examine cluster formation following up/downstream encounters
between interacting membrane-bound cellular components, for
example, proteins or lipids5,6. However, such imaging techniques
may often be confounded by the absence of cluster formation.
Moreover, the duration of these encounters, estimated to range
from microseconds to milliseconds3, is generally too fast to be ana-
lysed by single-molecule tracking and co-localization techniques.
Thus, monitoring transient molecular encounter events on live
cell membrane remains a technical challenge. Here, we report a
DNA probe to monitor such membrane encounters. The probe
functions by transducing transient encounter events into readable
cumulative fluorescence signals.

Lipid domain theory holds that the cell membrane is not a
passive diffusing environment, but rather exerts preferential
association among lipids, sterols and specific proteins7. These diffu-
sion-restricting membrane structures are believed to play critical
functions in membrane signalling and trafficking. However, the
understanding of lipid domains has been limited by indirect
methods, such as detergent extraction or mechanical disruption8.
Recent progress in Förster resonance energy transfer (FRET)
microscopy and super-resolution microscopy has begun to allow the
direct measurement of lipid domains on live cell membranes.

However, FRET microscopy is currently limited to the study of
membrane interactions mainly between proteins, rather than
lipids6. Furthermore, super-resolution methods, such as stimulated
emission depletion or fluorescence photoactivation localization
microscopy imaging, require costly instrumentation and provide
lateral distribution of each individual membrane molecule, but
limit dynamic interaction information among membrane-bound
molecules9. Stimulated emission depletion-fluorescence correlation
spectroscopy, a new type of technique to study membrane encoun-
ters, normally cannot be used spatially across the entire membrane
since it only allows the acquisition of data at one single small obser-
vation spot at a diameter of around 40 nm (ref. 10). In comparison,
our method can confirm the ‘encounter’ of studied membrane mol-
ecules within 10 nm, that is, the length of DNA probe.

Characterization of DNA probe
This DNA probe is inspired by the tiny motor proteins that power
locomotion in the cellular world11. Artificial DNA probes have been
produced to mimic motor proteins, step onto anchor sites (S) and
move along a track (T)12,13. Here, we prove that live cell membranes
and membrane compounds (for example, lipids or proteins) can be
employed as the track and anchor sites, respectively, to construct a
well-regulated dynamic DNA system (Fig. 1a). The translocation of
the DNA probe (W) from one anchor site (S2) to another (S1) is
realized through a toehold-mediated DNA strand displacement
reaction12, in which two complementary DNA strands (W and S1)
hybridize to each other, displacing, in this example, prehybridized
strand S2 from the S2/W conjugate. Under our experimental con-
ditions, the strand displacement reaction rate linearly correlates
with the rate of anchor site encounter on the membrane (see
Methods, equation (5)). As a result, the encounter dynamics of
two anchor sites, or two target membrane components, can be
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measured by calculating the time-dependent variation of DNA
probe translocation.

We first characterized the kinetics of DNA probe locomotion
between two anchor sites in buffer solution. In this experiment,
a 6-carboxyfluorescein (FAM) dye was labelled onto the 3′-end
of the DNA probe, and a corresponding quencher, Dabcyl, was
attached to the 5′-end of anchor site S1. The locomotion of the
DNA probe from anchor site S2 to S1 was monitored by
the quenched fluorescence after mixing 10–50 nM S1 strand with
50 nM S2/W conjugate. Similar to previous reports14,15, this
strand displacement reaction follows a second-order reaction
model (rate constant = 5.1 × 105 M−1 s−1), and the reaction rate
linearly correlates with the anchor site encounter rate
(Supplementary Fig. 1).

To fine tune the locomotion of the DNA probe, we further intro-
duced a block (B) strand and an initiator (I) strand. The block (B)
strand prevents strand displacement before the designated measure-
ment and functions by blocking the DNA probe from recognizing
the toehold region of anchor site S1, that is, domain 3, as shown in
Fig. 1a. On the other hand, the initiator (I) strand removes the
block strand by a strand displacement reaction (Fig. 1a). In this
way, DNA probe locomotion can be triggered only after the addition
of I, thus allowing precise regulation over displacement reaction
initiation and resultant accurate measurement of strand displacement

rate, which, to restate, is linearly correlated with anchor site encounter
rate (Supplementary Figs 1 and 2).

Next, to anchor the DNA probe system onto a live cell mem-
brane, DNA anchor strands S1 and S2 were chemically synthesized
with several natural membrane components, including phospholi-
pid, cholesterol and tocopherol (Fig. 1b)16,17. After incubating
carboxytetramethylrhodamine (TMR)-labelled probe/anchor con-
jugates (500 nM at room temperature for 2 h) with a model B-cell
Burkitt’s lymphoma cell line (Ramos) and removing unbound
probes, the membrane anchoring of DNA probes could be clearly
observed with fluorescence microscopy (Fig. 1c). Flow cytometry
was further applied to calculate the degree of cell membrane anchor-
ing. Efficient labelling of phospholipid, cholesterol and tocopherol
anchor/DNA probe conjugates was observed on the membrane of
both Ramos cells and CCRF-CEM cells, another human T lympho-
blast cell line (Supplementary Fig. 3). Similar to a previous report18,
membrane density of DNA anchoring could be precisely regulated
over a large concentration range.

To investigate whether the DNA anchoring would remain bound
to the membrane or be internalized after a series of cellular incu-
bation times, we used a FAM-labelled reporter DNA to exclusively
label membrane-attached oligonucleotides19. The cell membrane-
anchored oligonucleotides, but not the internalized ones, were
hybridized and labelled with the reporter DNA, which was not
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taken up by the cells based on the negatively charged phosphate
groups of the oligonucleotides. As shown in Supplementary Fig. 4,
during the 4 h of incubation, 85–96% of DNA anchoring remained
bound to the cell membrane, as determined by the cellular fluor-
escence intensity, thereby allowing long-term measurement of
DNA translocations.

To study the efficiency of anchoring different oligonucleotide
conjugates on the same cell membrane, Cy5.5-labelled phospho-
lipid-S1/B and FAM-labelled phospholipid-S2/W conjugates were
simultaneously incubated with Ramos cells. Using flow cytometry,
controlled amounts of both conjugates co-localized on the same
cell membrane, as observed in different fluorescence channels
(Supplementary Fig. 5), indicating successful anchor of the DNA
probe onto a live cell membrane.

Locomotion of DNA probe
DNA probe translocation only requires initial encounters of several
microseconds (Supplementary Discussion 1)14,20. Therefore, we
asked if our DNA probe could be used to study previously untrace-
able membrane encounters in the microsecond range, such as those
between membrane lipids3. To test this possibility, we examined the
encounter rate of two diacyllipids. To accomplish this, we anchored
a FAM-labelled diacyllipid-S2/W conjugate and a Dabcyl-labelled
diacyllipid-S1/B conjugate onto a Ramos cell membrane. To avoid

disruption of natural membrane interactions, the overall cell mem-
brane modification percentage was estimated to be less than 1%.
After adding I strand, the flow cytometry signal was monitored,
and, as shown in Fig. 2a and Supplementary Fig. 6, a classic
second-order exponential decay of cellular fluorescence indicated
that a diacyllipid encounter rate-dependent DNA translocation
had occurred on the cell membrane. This same phenomenon, as
explained more fully in the Methods, was confirmed by fluorescence
microscopy when studying membrane encounter dynamics between
cholesterol and diacyllipid anchors (Fig. 2b). In another control
experiment, the effect of temperature on the DNA probe system
was further investigated (Supplementary Figs 7 and 11). As temp-
erature dropped, the diffusion coefficient of diacyllipids correspond-
ingly decreased. Indeed, a slower fluorescence quenching was
observed at lower temperatures, which at least partially indicate
such changes in the lipid diffusion coefficient. All together, these
experiments prove that changes in fluorescence intensity of the
DNA probe provide an efficient mechanism by which to measure
the encounter dynamics of cell membrane components.

Next, we examined the preferential encounter dynamics among
different lipid domains. Based on different viscosity and composition,
lipid domains are classified as liquid-ordered (lo) or liquid-disordered
(ld) domains. Therefore, to perform this study, we synthesized three
types of DNA-linked membrane anchor: diacyllipids (L, lo partition
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based on saturated lipid composition, Supplementary Fig. 14), toco-
pherols (T, exclusive ld partition) and cholesterols (C, partitioning
depends on membrane lipid composition)21–23. We named each
DNA probe system with two letters. Taking LC as an example, the
first letter, L, corresponds to diacyllipid-linked S1, and the second
letter, C, corresponds to cholesterol-linked S2. Thus LC stands for
the locomotion of dye-conjugated probe from cholesterol-S2 to
quencher-linked diacyllipid-S1. After immobilizing approximately
the same amount of anchor/oligonucleotide conjugates on the
Ramos cell membrane (using 150 nM C, 300 nM L or 400 nM T
based on Supplementary Figs 3 and 6), the fluorescence quenching
rate of each DNA probe was measured with flow cytometry. At this
point, it should be recalled that the strand displacement reaction
follows a second-order reaction model and that the reaction rate
linearly correlates with the lipid encounter rate.

The encounter rate of each anchor pair, for example, diacyllipid–
cholesterol pair based on LC (and CL) probe measurement, was
then calculated and compared (Fig. 2c, Supplementary Discussion 2

and Methods). The encounter rate among studied lipid pairs on
Ramos cell membranes was found to be in the range of 8 to 84
times per millisecond, with differences up to 10-fold in the order
CC > LC> LL > TT > TC> TL. Here, LC stands for the averaged
encounter rate of LC and CL probe measurements. It is worth men-
tioning that the observed encounter rates between heterogeneous
lipid pairs will depend on the sequence of anchoring DNA
strands, for example, relative encounter rate of LC was slightly
larger than that of CL (Fig. 2c). This fact could be explained by
different orientation and spatial availability of the DNA strand
after lipid anchoring. As a result, the probability of strand displace-
ment in a given collision can be slightly varied. To attenuate such
orientation effect on strand displacement, a longer and more flexible
linker between DNA and lipid/protein could be preferred
(Supplementary Fig. 6). Based on the result, encounter rates for
anchors of the same type (for example, CC) were found to be
generally higher compared with those for heterogeneous encounters
(for example, TC or LC). This result can be expected based on the
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lipid domain theory, which holds that the same lipid tends to be
confined in the same type of lipid domain, thus interacting
more frequently.

It was also observed that faster diffusion does not necessarily
equate with more frequent encounters. For example, although
tocopherol has a diffusion coefficient that is 2.0-fold over that of
diacyllipid (Supplementary Figs 12 and 13), TT encounters are
less frequent (15% lower) compared with LL encounters. Since
lipid domains confine the membrane distribution of lipid molecules,
local concentration of these lipid molecules is increased, resulting in
more frequent lipid encounters.

DNA competition game to study encounter preference
To study the preference of one type of membrane anchor (Y)
towards potential encounter anchors (X and Z) on the membrane,
we further designed a DNA probe competition game, termed
XYZ. Taking CTL as an example, (Fig. 3a), in this game,
dye-labelled probe strand initially conjugated with tocopherol
anchor T is given two possible destinations, quencher-labelled
cholesterol C or unlabelled diacyllipid L anchor sites. If tocopherol
anchor T prefers an encounter with cholesterol anchor C, a fast and
complete quenching will be observed. In contrast, a slower and less
complete event indicates that tocopherol–diacyllipid encounter T–L

was preferred, essentially because the translocation of probe to dia-
cyllipid L anchor does not result in fluorescence intensity change.
The same sequence (S1) for both destinations guarantees that the
choice will be based on encounter preference, but not oligonucleo-
tide hybridization rate differences. As shown in Fig. 3, diacyllipid
preferred to interact with another saturated phospholipid (84%)
instead of tocopherol (16%), with a nearly equal chance of interacting
with another diacyllipid (52%) or cholesterol (48%). If given only the
choice between cholesterol and tocopherol, the diacyllipid-conjugated
probe showed a threefold preference for cholesterol. The encounter
preference of each anchor can be summarized as L ≈C > T for
encounter with diacyllipid, C > L > T for encounter with cholesterol,
and T > C > L for encounter with tocopherol. Therefore, this compe-
tition game provides a single-step approach to simultaneously
compare two encounter pairs on the same cell surface. Compared
with individual encounter rate measurement, the competition game
reduces experiment-to-experiment and cell-to-cell errors.

To calculate the membrane encounter rates among these choles-
terol, diacyllipid and tocopherol molecules, we need to identify the
membrane strand displacement reaction probability after encounter.
To study this reaction probability, a stearyl-DNA-incorporated lipid
monolayer film was prepared (Fig. 4a). The encounter rate of DNA
probe in this film follows a free-diffusing two-dimensional
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Smoluchowski model15,24. Based on this model and effective fluor-
escence signal change (Fig. 4), membrane strand displacement reac-
tion probability after a lipid-S1 and lipid-S2/W encounter was
calculated to be 0.032. Further based on this encounter reaction
probability, in this study, the lipid encounter rates on individual
Ramos cell membrane are calculated to be in the range of 8.5 to
89 times per millisecond (Supplementary Discussion 2).

In addition, these encounter rates can be further applied to
estimate the effective cell membrane diffusion area of each lipid.
The existence of lipid domains confines the membrane distribution
of lipid molecules, thus lipid effective membrane concentration
increased. Based on the increased effective encounter rate compared
with that in the free diffusion mode, the percentage of lipid diffusion
area across cell membrane can be calculated. In our study, the
diffusion areas of diacyllipid, cholesterol and tocopherol were
estimated to cover 52, 39 and 77%, respectively, of the Ramos cell
membrane (Supplementary Discussion 3). This information can
be potentially important to estimate the sizes of lipid domains on
live cell membranes.

DNA probe to study membrane protein encounter rates
Finally, to test whether the method can be applied to various
anchors, such as membrane proteins, we further tethered the
DNA probe to membrane protein-binding ligands, for example,
aptamers. Aptamers are single-stranded DNAs or RNAs, which
can selectively recognize a wide range of targets, including cell mem-
brane proteins25. Four proteins co-expressed on the Ramos cell
surface were chosen and designated D, E, S and Z, because some
of their identities were unknown. D, E, S and Z were respectively tar-
geted by DNA aptamers TD05, TE02, Sgc4f and TC01 (Fig. 5a and
Supplementary Fig. 9)26. The target-binding properties of these
aptamers were tested and confirmed to be preserved after conju-
gation with S1 or S2 oligonucleotides (Supplementary Fig. 10).
Applying the same method as shown in Fig. 1a, the encounter
rate for the same type of protein was found to increase in the
order of DD >> SD ≈ SS > SE > DZ > EZ ≈ ZZ > EE ≈ DE > SZ,
with differences up to 3.8-fold (Fig. 5b). The accurate calculation

of membrane protein encounter rates can be difficult here. The
orientation of protein-linked DNA probes during encounters will
influence the efficiency of the strand displacement reaction. A
careful design of the linker region and binding site on the protein
is important (Supplementary Fig. 6). In our case, it is interesting
to note that the most frequent interaction was between two TD05
aptamers, whose target, immunoglobulin heavy mu chain (IgM),
is known to aggregate as a type of B-cell receptor for signal transduc-
tion on the membrane27. The fast initial quenching of DD may stem
from DNA probe locomotion within the same IgM pentamer. These
results indicate that the DNA probe can be used to study the
encounter dynamics of various membrane components.

Conclusions
Amajor goal in biology aims to understand the underlying structure
of cell signalling networks. By applying the most recent advance-
ments of DNA nanotechnology, our approach offers a practical
mechanism to study such structures with the ultimate objective of
detecting downstream pathophysiological dysregulation induced
by abnormal lipid and protein interactions. This novel membrane
DNA probe can be easily conjugated with different cell anchors to
perform cellular measurement of rapid membrane encounters.
Compared with other imaging probes based on cluster formation
after membrane encounters, including fluorescent protein-based
FRET assays3–6, our method can transduce transient membrane
encounter events into cumulative cell surface signals, thus transient
membrane lipid encounters can be studied. With standard fluor-
escence microscopy and flow cytometry, this DNA probe can
detect and calculate encounter rates and preferences during
various live cell membrane signalling events.

Methods
Methods and any associated references are available in the online
version of the paper.
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Methods
Manipulation of the membrane DNA probe. The ligand-conjugated DNA
duplexes X-S1/B and Y-S2/W were incubated separately in 1× phosphate-buffered
saline (PBS) buffer (pH = 7.4 with 137 mM NaCl and 2.7 mM KCl) for 1 h before
use. Each conjugate was then incubated at a concentration of 200 nM with 5 × 105

cells ml–1 in 200 µl binding buffer (containing 4.5 g l–1 glucose, 5 mM MgCl2,
0.1 mg ml–1 yeast tRNA and 1 mg ml–1 bovine serum albumin (BSA) in Dulbecco’s
PBS with calcium chloride and magnesium chloride) and shaken every 20 min.
X-S1/B conjugates were generally mixed with cells for 20 min prior to the addition
of Y-S2/W conjugate to ensure that no X-S1/W conjugates were formed before
initiating the strand displacement reactions. Cells were then washed three times with
PBS to remove free probes and resuspended in binding buffer. After washing and
discarding the non-binding probes, 20-fold (compared with the initial concentration
of S1/B conjugate) initiator strand I was typically added to initiate the strand
displacement reaction. During each experiment, the initial fluorescence signal was
examined before adding the initiator strand to demonstrate the proper concentration
of DNA probes; meanwhile, the same batch of cells was used for the control
experiment by adding the same amount of DNA probes and swapping the
dye/quencher labelling (X-S1-quencher/Y-S2-dye versus X-S2-dye/Y-S1-quencher)
in order to confirm that a similar concentration of both ligands was labelled.
Each experiment was repeated three times.

Measurement of membrane strand displacement efficiencies. The cellular
fluorescence signal was monitored with a FACScan cytometer (Becton Dickinson
Immunocytometry Systems) by counting 5,000 events at each time point,
using channel #3 for the 6-carboxyfluorescein dye and channel #5 for the
PE-Cy5.5 dye. The confocal microscope images were acquired by an Olympus
FV500-IX81 with a 488 nm argon laser and a 543/633 nm helium/neon laser
(Olympus America) for fluorescence signals from TMR dye- or Quasar 670
dye-modified DNA probes.

Kinetics of cell surface locomotion. The dynamic toehold-mediated strand
displacement reaction has been proven to follow a second-order reaction
model14,15. In our system, the locomotion of DNA probe in buffer solution
can be written as:

S1 + WS2 �k1 WS1 + S2 (1)

Based on previous simulations, it should be noted that the contribution of the
reverse rate constant k−1 will be negligible15; as a result, k1 functions as an apparent
displacement process rate constant. Based on the Stern–Volmer equation, the
fraction of the maximum fluorescence change indicates the reaction efficiency at any
specific time. Since the toehold binding process is mediated by the effective
concentration of the incoming strand (that is, the encounter rate), k1 is a diffusion
rate-influenced constant. As a proof, two studies using biophysical models have
reported that tethered hybridization, instead of free diffusion, will effectively
increase the rates of strand displacement reactions28,29. The operation of the DNA
probe on the cell membrane can be written as a two-step process:

I + BS1 �k
′
1
IB + S1 (2)

S1 + WS2 �k
′
2
WS1 + S2 (3)

Since a large excess of I strand is introduced to remove block strand B, the
first step appears as a pseudo-first-order reaction, which is almost finished within a
minute (Supplementary Fig. 2). As a result, the second step, that is, probe
locomotion, is the rate-limiting step in this process, and the entire rate law
can be written as:

R = k′2CS1CWS2 ≡ k′′CCS1CWS2 (4)

Note that CCS1 and CWS2 represent DNA probe density on the cell membrane in
units of mol cm–2 and that the overall process is second-order, depending on the
original immobilization amounts of both B/S1 and W/S2 conjugates. After solving
the apparent locomotion rate constant k′′, the encounter rate (F ) of the two
oligonucleotide-tethered ligands on the cell membrane can be calculated by

F = R/P = k′′CCS1CWS2 /P (5)

where P represents the reaction probability after an S1 and W/S2 encounter, which
can be obtained based on the Smoluchowski equation24. The diffusion coefficients of
free oligonucleotide strands and that of oligonucleotide-modified membrane ligands
can be obtained based on fluorescence recovery after photobleaching30. Since F is a
factor that depends on the membrane density of each immobilized strand, a relative
encounter rate between two encounter pairs with similar surface concentration can
be a more meaningful indicator for comparison. In our case, since (1) the same
strand sequences are used to study different ligand interactions and (2) all reaction
directions are assumed to occur along the surface of the cell membrane, PAA and PBB

can be considered the same. Thus, the relative encounter rate between ligand A–A
and ligand B–B can be obtained as

FAA /FBB = k′′AACACS1CAWS2 /k
′′
BBCBCS1CBWS2 (6)

In equation (6), only the relative concentrations of DNA probes are needed, and these
can be determined from the fluorescence enhancement by flow cytometry or
fluorescence microscopy. Therefore, information about the absolute density of
oligonucleotides on the cell membrane is not necessary. As an example, the relative
encounter rate between two diacyllipid-conjugated anchors was studied under different
initial concentrations of DNA probes (Supplementary Fig. 3). It has been demonstrated
that a direct correlation exists between the encounter rate and the relative membrane
density of DNA probe. Moreover, by comparing the experimental data with the
theoretical fitting curve, at the low membrane density condition (≤300 nM), which is
employed later in this study, the apparent locomotion rate constant k″ can be viewed as
independent of the initial concentration of the probes, thus validating our approach
that extracts the inherent encounter rate differences among various surface ligands.

In our study, experimental fluorescence data were implemented with OriginPro
8. Based on the nature of second-order reaction, the built-in exponential decay 2
function “y = A1 exp(−x/t1) + A2 exp(−x/t2 ) + y0″ was used for fitting the data. In
equation (4), the simplest case occurred when initial membrane concentrations of S1
and WS2 were almost the same. Then k″ could be obtained through half-time
measurements, which is the time it takes for a fluorescence signal to decrease to half
of the original value after subtracting the background signal. Then, t1/2 = 1/k′′C0

S1,
where C0

S1 stands for initial S1 concentration at time 0, which was determined from
the fluorescence calibration curve. However, in the case of different concentrations
between S1 andWS2, a plot of ln[(C0

S1CWS2 /C
0
WS2CS1)] versus time would be plotted,

and the slope of the linear curve would be k′′(C0
S1 − C0

WS2).

Kinetics of cell membrane competition game. Cell membrane fluorescence change
was monitored during the first 80 min after adding I strand, and the pathway
selection was studied by comparing the kinetic decay results of the XYZ system with
that of the ZYX system. ZYX is the system for which the two possible final
destinations will be reversely labelled, that is, unlabelled X anchor site and quencher-
labelled Z anchor site. A second fluorescence kinetic decay curve will be measured in
such condition. For two second-order competition reactions

X + YW �k
′
XY

XW + Y (7)

Z + YW �k
′
YZ

ZW + Y (8)

the reaction rate ratio can be expressed as

RXY /RYZ = dCX /dCZ

= k′′XYCXCYW/k′′YZCZCYW = k′′XYCX /k
′′
YZCZ

(9)

At a specific time t when the product strand concentration (CXW and CZW) is still
small compared with that of the initial strand (CX0 and CZ0), the relative choice of Y
towards X and Z can be calculated based on percentage fluorescence decrease at time
t, fXY (=(CXW/CX0)) and fYZ (=(CZW/CZ0)), as

FXY /FYZ = CX0 InCXW –InCX0

( )
/CZ0 InCZW –InCZ0

( )
= CX0InfXY /CZ0InfYZ (10)

Preparation of lipid monolayer film spiked with DNA probe. The lipid monolayer
film was prepared following ref. 15. Teflon AF-coated microscope glass coverslides
were prepared by spin-coating. In short, after thoroughly cleaning and blow-drying
the coverslides, 1.2% Teflon AF solution (diluted from 6% with Fluorinert FC-770)
was added. Spin-coating was performed at 2,000 r.p.m. for 1 min. The coverslides
were then baked at 180 °C for 5 min to finish coating. To prepare DNA–lipid
mixtures, soybean polar extract lipid solutions were spiked with stearyl-S2/W-FAM
conjugate and stearyl-S1-Dabcyl/B conjugate, respectively, at a DNA:lipid ratio of
1:10,000. After equilibration at 8 °C overnight for DNA incorporation into the lipid
layer, 10 µl DNA–lipid mixture was dried under reduced pressure to remove
chloroform for 1 h, and then rehydrated into 10 µl 1× PBS buffer. 1 µl of both
stearyl-S2/W-FAM and stearyl-S1-Dabcyl/B lipid solution were added and mixed on
the above-prepared coverslides that were coated with Teflon AF. After adding excess
amount of initiator DNA strand to start the encounter measurement, fluorescence
signal of the lipid biofilm was monitored for 3 h. At each time point, the averaged
fluorescence signal from the edge of the lipid film to 100 µm towards the centre was
used to plot and calculate the DNA strand displacement reaction efficiency.

Manipulation of DNA probe to study membrane protein encounter rates.
Locomotion of DNA probe between two aptamer-conjugated anchor sites was
manipulated similarly as other membrane DNA probes. The DNA probe–aptamer
duplexes X-S1/B and Y-S2/W were incubated separately in 1× PBS buffer for 1 h
before use. 100 nM TC01-, 400 nM TD05-, 600 nM TE02- or 1 µM Sgc4f-
conjugated DNA probe conjugates were then incubated with 5 × 105 cells ml–1 in
200 µl binding buffer and shaken every 20 min. Cells were then washed three times
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with PBS to remove free probes and resuspended in binding buffer. After washing
and discarding the non-binding probes, 1 µM initiator strand I was added to
initiate the strand displacement reaction. Here, to measure the heterogeneous
encounters, XY, that is, the averaged encounter rate of XY and YX probe
measurements, the same batch of cells was used for the control experiment by
adding the same amount of DNA probes and swapping the dye/quencher labelling
(X-S1-quencher/Y-S2-dye versus X-S2-dye/Y-S1-quencher). All experiments were
repeated at least three times.

Data availability. All relevant data are available from the authors, requests should be
addressed to W.T. and/or M.Y.
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Abstract
The potential of live-cell stimulated emission depletion (STED) nanoscopy has not yet been fully exploited. Currently, the 
main limitation is the small number of fluorophores and probes that can sustain high light intensity/high dose employed 
in STED. Namely, fluorophores suitable for STED nanoscopy must be bright and highly photostable and exhibit a large 
Stokes shift. To expand the list of available probes, we synthesized and evaluated several new membrane probes for live-cell 
STED nanoscopy. Of the tested probes, probes MePyr500, ThiaCN545 and NB640 not only allow high-resolution STED 
images, but also partition into the intracellular membranes relatively quickly, thus lacking the selectivity of labelling solely 
the plasma membrane. During experiments, cytotoxicity was observed merely with the probe ThiaCN545, which blebs the 
plasma membrane. In comparison with commercially available CellMask Orange and STAR RED (KK114) DPPE, all our 
tested probes exhibited better photostability with the exception of NB640, which had the fastest bleaching rate of all tested 
probes. The best overall results can be assigned to the probe MePyr500, providing high-resolution STED images as well as 
high photostability with no noticeable cytotoxicity, making it an excellent candidate for further development.

Keywords STED · Super-resolution · Fluorescence · Live cell · Membrane probes

Introduction

Stimulated emission depletion (STED) nanoscopy is a pow-
erful tool for live-cell imaging with sub-diffraction reso-
lution. To achieve this, STED nanoscopes use laser beam 
profiling: the fluorophores are first excited in a diffraction-
limited area by a focused excitation laser pulse, which is 
immediately followed by a higher-wavelength STED laser 
pulse with a doughnut-shaped focal intensity distribution, 
featuring zero intensity at its focal centre. The STED laser 
pulse stimulates the emission of all previously excited fluo-
rophores, except the ones located in the focal centre. Pho-
tons, which are thus emitted, are delayed in time and shifted 
in wavelength with respect to the remaining photons, which 
are later emitted as a part of normal fluorescence relaxation 

from the sub-diffraction-sized centre of the voxel. This ena-
bles relatively straightforward photon separation and con-
struction of the final super-resolution image during scanning. 
The area, from which the signal is obtained (STED beam’s 
focal centre), is not diffraction-limited and depends on the 
STED laser intensity—the higher the STED laser intensity, 
the smaller the size of the focal central region, resulting in 
a higher resolution. In theory, the resolution limit of STED 
nanoscopy approaches the size of a fluorophore (Hell and 
Wichmann 1994; Eggeling et al. 2013; Maksim et al. 2015).

However, this set-up requires fluorophores with specific 
characteristics. The excitation of the fluorophore must match 
the wavelength of pulsed excitation laser, and, more impor-
tantly, the fluorophore emission spectrum should cover also 
the wavelength of the STED laser to enable stimulated emis-
sion depletion. At the same time, the fluorophore must not 
absorb at the wavelength of STED laser—fluorophores must 
therefore possess a large Stokes shift. The limited selection 
of pulsed lasers for STED—such as those with wavelengths 
of 595 nm and 775 nm—further reduces the list of appropri-
ate fluorophores. Finally, to achieve sub-diffraction spatial 
resolution, the STED laser pulse should have intensity of at 
least 10 MW cm−2, frequently resulting in an undesired high 
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rate of photobleaching of a fluorophore and further limit-
ing the number of organic fluorophores suitable for STED 
nanoscopy (Eggeling et al. 2013; Maksim et al. 2015).

The goal of this work was to investigate the compatibil-
ity of several membrane probes with STED nanoscopy. The 
probes are based on phenoxazine and coumarin scaffolds, 
which have been modified with various polar headgroups 
and lipophilic tails in order to distribute into cell mem-
branes. We have chosen to develop membrane probes for 
two reasons: (i) there are not many commercially available 
membrane probes which would enable live-cell STED imag-
ing and (ii) the thickness of the membrane, reported to be 
approximately 5 nm, is well below diffraction limit, making 
it a desired target for super-resolved imaging.

Results and discussion

Structures and spectral properties

Fluorophores based on a coumarin scaffold are one of the 
most researched and utilized groups of fluorescent dyes. 

There is also a well-established relationship between struc-
ture and photophysical properties. The desired high bright-
ness of coumarin-based dyes is achieved by introducing an 
electron donating group (EDG) at position 7 (e.g. amino 
group) and electron withdrawing group (EWG) at position 
3. Adding an additional EWG at position 4 produces a large 
Stokes shift and overall red-shift of excitation and emission 
spectra. Fine-tuning of photophysical properties can be done 
by an appropriate choice of substituents at positions 3, 4 and 
7 (Fig. 1a) (Maksim et al. 2015).

There are several reports where 1-alkyl-4-(coumarin-3-yl)
pyridin-1-ium scaffold was successfully utilized as a core for 
the development of fluorescent protein labels used in STED 
nanoscopy (Nizamov et al. 2016). In our study, the same 
core was used as a basis for the MePyr group of membrane 
probes. Distribution into membranes was achieved by the 
introduction of a lipophilic N,N-dialkylamino moiety at posi-
tion 7 (Fig. 2). MePyr485 has a simple N,N-dioctylamino 
group; however, the latter is not ideal in regards to brightness 
and photostability (Nizamov et al. 2016). Both are improved, 
according to the literature, when the same amino group is 
incorporated into 2,2,4-trimethyl-1,2-dihydroquinoline or its 

A B C

Fig. 1  a Coumarin 6 dye with coumarin core highlighted in blue and with marked positions 3, 4 and 7. b Nile blue dye with phenoxazine core 
highlighted in red. c Commercially available Alexa Fluor 430 with 2,2,4-trimethyl-1,2-dihydroquinoline fragment highlighted in green

Fig. 2  Chemical structures of probes tested in this study; the three MePyr probes are based on 1-methyl-4-(coumarin-3-yl)pyridin-1-ium scaf-
fold, the two Thia probes are based on 3-(thiazol-2-yl)-coumarin scaffold, and NB640 is a derivative of Nile blue dye
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derivative 2,2,4-trimethyl-1,2,3,4-tetrahydroquinoline with 
a reduced double bond (Fig. 1c) (Nizamov et al. 2012). In 
order to increase their lipophilicity, we incorporated a simi-
lar but more lipophilic 2,4-dihexyl-1,2-dimethyl-1,2,3,4-tet-
rahydroquinoline and 2,4-dihexyl-1,2-dimethyl-1,2-dihydro-
quinoline fragment into probes MePyr495 and MePyr500, 
respectively. The type of amino group at position 7 of the 
coumarin has a profound impact on the probe’s excitation 
and emission spectra, especially the additional double bond 
of 2,4-dihexyl-1,2-dimethyl-1,2-dihydroquinoline fragment, 
for example in probe MePyr500. The latter has an emission 
maximum red-shifted by 30 nm compared to its “reduced” 
analogue MePyr495 (Fig. 3a). 

The thiazol at position 3 of the Thia465 probe gave rise 
to emission at lower wavelengths compared to the N-methyl-
pyridinium group of MePyr485 probe. In order to increase 
the Stokes shift as well as to shift both the excitation and 
emission of our probe to higher wavelengths, we decided 
to introduce an EWG at position 4. In a recently published 
paper, several polar coumarin-based dyes bearing a  CF3 
group at position 4 have been disclosed (Schill et al. 2013). 
The reported dyes have large Stokes shifts and are bright 
with adequate photostability for STED nanoscopy. However, 
the introduction of  CF3 moiety at position 4 of the coumarin 
scaffold requires some reaction steps with very low yields. 
On the other hand, the introduction of an EWG cyano group 
at position 4 to easily obtainable coumarin proceeds rela-
tively straightforward and with good yield (Luo et al. 2001). 
In our case, the introduction of the cyano moiety at position 
4 of Thia465 yielded probe ThiaCN545 with a large Stokes 
shift of app. 50 nm and an overall red-shift of the excitation 
and emission compared to probe Thia465 (Fig. 3b). The 
downside of aromatic nitriles is their reactivity; they can 
react with water to form caboxamide or carboxylic acid. The 
latter can happen during the synthesis or later on, when used 
to label cells (Pajk et al. 2016). However, the target organelle 
of our proposed probes is the cell membrane, which to some 
extent shields the probe from water.

The last probe to be tested was NB640, a derivative of 
Nile blue. Although probes, based on a similar Nile red dye, 
have been successfully used for STED nanoscopy, there have 
not been any reports of Nile blue-based probes to be utilized 
for STED nanoscopy (Sezgin et al. 2017). NB640 has the 
most red-shifted emission amongst the probes tested in this 
study with significant emission at 775 nm of STED laser 
(Fig. 3c).

STED nanoscopy on live cells and photobleaching 
experiments

In order to further evaluate the properties of our newly 
synthesized probes, we incubated them with living cells 
and acquired confocal and STED images using an excita-
tion laser with a wavelength of 561 or 640 nm and STED 
laser with a wavelength of 775 nm. The STED images 
with probes MePyr500, ThiaCN545 and NB640 showed 
improved resolution over the confocal images (Fig. 4). The 
probe MePyr495 with a reduced double bond did not have 
enough emission at 775 nm to be efficiently depleted by our 
STED laser, whereas the double bond, present in MePyr500, 
showed improved resolution in STED nanoscopy. Contrary 
to our expectations, all tested probes are quickly distributed 
into intracellular membranes. The speed of labelling of the 
plasma membrane was comparable to the speed of labelling 
of the interior cell structures (seen by filming xzt from the 
beginning of incubation with probe). Consequently, we did 
not observe selective labelling of the plasma membrane in 
any of the tested probes. The overall speed of labelling var-
ied from probe to probe—for MePyr500 and ThiaCN545, 
this was a matter of minutes, whereas for NB640, tens of 
minutes. An additional charge at the headgroup, prefer-
ably positive, would likely improve localization within the 
plasma membrane (Klymchenko and Kreder 2014). During 
the course of the experiments, the probes did not express 
any visible toxicity to the cells, the only exception being 
ThiaCN545. The addition of the latter to the cells resulted 

Fig. 3  Spectral properties of the synthesized fluorophores: normalized fluorescence excitation (solid lines) and emission (dashed lines) spectra of 
fluorophores recorded in ethanol at  10−6 M concentration
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in blebbing of the plasma membranes in the course of a few 
minutes.

Since STED nanoscopy uses very powerful lasers to 
obtain sub-diffraction resolution, adequate photostability 
of the fluorophores is essential, especially when acquiring 
multiple images of the same region. On the one side, long 
pulses (1.2 ns) used in our set-up are expected to cause less 
sample damage and photobleaching than shorter pulses. 
However, large maximal peak power (17 W) still resulted 
in peak intensities of 16 GW/cm2 at full power, which have 
been linked to increased photobleaching of some probes due 
to two-photon absorption (Vicidomini et al. 2011; Dyba and 
Hell 2003).

The determination of photostability of synthesized 
dyes was performed using repeated exposure to the exci-
tation laser with a peak intensity 2 MW/cm2 and, option-
ally, to the STED laser with peak intensities of 2 GW/
cm2—values commonly used in live-cell exposures on 
our system. The photostability was found to vary sig-
nificantly between the tested dyes. MePyr500 and Thi-
aCN545 exhibited excellent photostability, even better 

than commercially available CellMask Orange or STAR 
RED (KK114) DPPE, which were used for comparison 
(Fig. 5 and Table 1). There was no significant difference 
between MePyr500 and MePyr495, although the latter 
should in theory be more photostable due to the absence 
of the reactive double bond (Nizamov et al. 2016). With 
some dyes, e.g. ThiaCN545 and MePyr495, the intensity 
was even observed to increase with time. We speculate 
that this can be attributed to dissolution of probe aggre-
gates triggered by STED or membrane environment, thus 
increasing the effective concentration of the probe with 
time (Kolmakov et al. 2010). Relatively low photostability 
was observed only with NB640; in this case, the bleach-
ing rate limited the experiment to a few STED images 
only, albeit with excellent resolution (Fig. 4). Hence, any 
future development of probes with a Nile blue core should 
focus on improving their photostability, perhaps by intro-
ducing 1,2,2,4-tetramethyl-1,2,3,4-tetrahydroquinoline or 
azetidine in place of alkylamino and dialkylamino groups 
(Grimm et al. 2015, 2017). 

A B

C D

E F

confocal STED confocal STED

5µm

MePyr495 ThiaCN545

MePyr500 NB640

CellMask Orange STAR RED DPPE

Fig. 4  Comparison of confocal and corresponding STED images of lung epithelial cells (LA-4) incubated with the six tested probes: a 
MePyr495, b ThiaCN545, c MePyr500, d NB640, e CellMask Orange and f STAR RED (KK114) DPPE
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Conclusions

We have evaluated several new membrane probes for use 
in live-cell STED nanoscopy. In general, all tested probes 
are quickly distributed into intracellular membranes with-
out any delay, i.e. lacking selectivity towards the plasma 
membrane. Despite this shortfall, the probes could prove 
useful where selectivity is not an issue, e.g. labelling of 
bacterial membrane and cell wall. Probes MePyr500, 
ThiaCN545 and NB640 provided excellent STED images 
with high resolution. Coumarin-based probes MePyr500 
and ThiaCN545 are optimally excited with 561-nm laser, 
whereas 640-nm laser is best suited for probe NB640. 
Since all the three probes have relatively narrow excita-
tion spectra and exhibit a pronounced STED effect, they 
are all promising candidates for two-colour STED nanos-
copy. As expected, the additional double bond present in 
MePyr500 produced a significant red-shift and enabled 
depletion with our STED laser at 775 nm, whereas the 
probe MePyr495 with a reduced double bond did not have 

sufficient emission at 775 nm to be efficiently depleted. 
Introduction of the cyano moiety at position 4 of the cou-
marin probe Thia465 yielded probe ThiaCN545, with red-
shifted excitation and emission maxima compared to the 
parent Thia465, and a large Stokes shift of approximately 
50 nm. Unfortunately, upon addition of the probe Thi-
aCN545 to the cells, blebs started to form on the plasma 
membrane—a clear sign of cytotoxicity. Two of the three 
probes with a noticeable STED effect, MePyr500 and 
ThiaCN545, also demonstrated excellent photostability 
compared to commercially available CellMask Orange and 
STAR RED (KK114) DPPE. The third probe NB640 had 
the highest rate of bleaching amongst all tested probes, 
enabling only one STED image before a major loss of 
emission.

In summary, probe MePyr500 is an excellent candidate 
for further development since it enables high-resolution 
STED images and demonstrates high photostability without 
any noticeable cytotoxicity. Further experiments are needed 
to understand the mechanism of cytotoxicity of probe Thi-
aCN545. If the 4-cyano-3-(thiazol-2-yl)-coumarin scaffold 
itself is not involved in cytotoxicity, the same core could be 
used for the development of, for example, protein-labelling 
probes, since apart from its cytotoxicity, the probe Thi-
aCN545 has comparable characteristics to the outstanding 
MePyr500. Finally, any further development of NB640 
should firstly focus on improving its photostability, which 
now enables only a single high-resolution frame.

Materials and methods

Cell labelling

For cell labelling, cultured murine lung epithelial LA-4 cells 
(ATCC CCL-196) were seeded in 8-well µ-slides (Ibidi) 
at 30% confluency and grown in full cell medium (F-12K 

Fig. 5  Photostability of tested fluorophores, recorded in the regime of a confocal microscopy and b STED nanoscopy. The power of the excita-
tion laser was 11 µW, followed by a 40 mW STED pulse in case of STED nanoscopy

Table 1  Bleaching rates for fluorophores, determined by fitting an 
exponential decay to the mean intensity of consecutive images

Negative values correspond to the intensity of the probe growing with 
time

Dye Bleaching rates (A.U.)

Confocal Confocal 
+ 200 mW 
STED

CellMask Orange 0.005 0.009
MePyr495 − 0.001 − 0.004
ThiaCN545 − 0.008 0.045
NB640 0.044 0.139
MePyr500 − 0.002 0.001
STAR RED DPPE 0.011 0.006
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medium (ATCC), 15% FCS (ATCC), 1% P/S (Sigma), 1% 
NEAA (Gibco)) for 2 days. Just prior to the measurement, 
the probes were diluted from 10 mM stock in DMSO to 
10  µM in live-cell imaging solution (LCIS, Molecular 
probes), dispersing them on an ultrasonic bath (Branson 
2510EMT) for 10 s. The cell medium was exchanged with 
200 µL of 10 µM fluorophore in LCIS and incubated for 
15 min before imaging.

Imaging

Imaging was performed on a custom-built STED micro-
scope (Abberior Instruments) using a 60× water immersion 
objective and 50 MHz repetition rate. The fluorophores were 
excited by one of the two lasers at either 561 or 640 nm, 
with 120 ps pulse length and maximal power of 50 µW. A 
pulsed laser with maximal power of 170 mW was used for 
stimulated emission depletion at 775 nm; its pulse length 
was 1.2 ns. All laser powers were tuned for each fluoro-
phore separately in order to achieve the maximal resolution 
of an image. The fluorescence was recorded on an avalanche 
photodiode within 580–625 nm or 655–720 nm (filters by 
Semrock). The combination of excitation laser and detection 
filters was optimized for each probe separately.

STED images

For side-by-side comparison of confocal and STED 
images, the field of view of the image was chosen to be 
15 µm × 15 µm and the total pixel dwell time of 40 µs using 
line-scan mode and a ratio of 1:3 between the confocal and 
STED pixel. The other parameters, e.g. pinhole size, gating 
delay, pixel size and laser powers, were fine-tuned to achieve 
the best resolution possible for each probe separately.

Bleaching rate

In order to compare the probes’ bleaching rates, 20 images 
were filmed one after the other, both in the presence and 
in the absence of the STED beam. The imaging condi-
tions were the same for all experiments: a field of view of 
10 µm × 10 µm, pixel size of 20 nm, pixel dwell time of 
10 µs, no gating of the detectors and a pinhole of 1 A.U. The 
excitation laser power was fixed to 11 µW, optionally adding 
a 2D STED beam with wavelength 775 nm and power of 50 
mW to measure STED-induced bleaching.

The bleaching rate b was later determined by fitting an 
exponential decay curve

to the image series, where I(N) represents the mean intensity 
of image N of the series. Only pixels with an intensity of more 
than three counts were used for calculating the mean intensity, 

I(N)∕I(1) = e
−bN

thus eliminating the effect of background noise and organelle 
dynamics.
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tightly linked structure and function.[1] 
However, it is still unknown whether 
the presynaptic bouton adapts its shape 
during functional plasticity. Indeed, obser-
vation of the presynaptic bouton typically 
requires visualization methods based on 
super-resolution microscopy (SRM). For 
dynamic studies, the major bottleneck of 
SRM techniques is the time required to 
obtain sufficient information to recon-
struct membrane shapes with accept-
able accuracy, which is usually of tens of 
minutes, precluding then the use of this  
technique to image more rapid events.

Single molecule localization micro-
scopy (SMLM) belongs to the recently 
developed SRM modalities for fluorescent 
probes whose spatial and temporal reso-
lution gives now access to domains and 
events of biological relevance.[2,3] At large, 
SMLM has been applied to the transla-
tion of fluorescence emission intensities 
into spatial coordinates, thereby enabling 
single-particle tracking with unprec-
edented detail.[4] In cell biology, SMLM 
has found numerous applications tracking 
the dynamics of cell membrane compo-

nents,[5–7] intracellular structures,[8–12] endocytic pathways,[13,14] 
among others. In particular, point accumulation for imaging 
in nanoscale topography (PAINT) modalities have emerged 
as a powerful and versatile technique to reconstruct super-
resolved images of biomolecular structures and cell mem-
branes.[15–18] This technique relies on the super-localization of 
individual fluorophores bound to the target of interest. These 

Single-particle tracking with quantum dots (QDs) constitutes a powerful tool 
to track the nanoscopic dynamics of individual cell membrane components 
unveiling their membrane diffusion characteristics. Here, the nano-resolved 
population dynamics of QDs is exploited to reconstruct the topography and 
structural changes of the cell membrane surface with high temporal and 
spatial resolution. For this proof-of-concept study, bright, small, and stable 
biofunctional QD nanoconstructs are utilized recognizing the endogenous 
neuronal cannabinoid receptor 1, a highly expressed and fast-diffusing 
membrane protein, together with a commercial point-localization microscope. 
Rapid QD diffusion on the axonal plasma membrane of cultured hippocampal 
neurons allows precise reconstruction of the membrane surface in less than 
1 min with a spatial resolution of tens of nanometers. Access of the QD nano-
constructs to the synaptic cleft enables rapid 3D topological reconstruction 
of the entire presynaptic component. Successful reconstruction of membrane 
nano-topology and deformation at the second time-scale is also demon-
strated for HEK293 cell filopodia and axons. Named “nanoPaint,” this super-
resolution imaging technique amenable to any endogenous transmembrane 
target represents a versatile platform to rapidly and accurately reconstruct 
the cell membrane nano-topography, thereby enabling the study of the rapid 
dynamic phenomena involved in neuronal membrane plasticity.
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1. Introduction

The surface topology of many cell types is continuously 
adapting to intracellular and extracellular cues. In neurons, 
rapid structural modification of the synapse, the relay of neu-
ronal information, is one of the fundamental processes of 
learning and memory. This was shown in dendritic spines, the 
typical postsynaptic component in excitatory synapses, with 
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will eventually photobleach and be replaced by a large pool 
of free, unbound fluorophores present in the solution. How-
ever, the dynamics of exchange between photobleached and 
new, unbleached probes is slow. This process can be acceler-
ated by increasing the concentration of free probes in solution, 
though this increases the fluorescent background and eventu-
ally prohibits the detection of isolated bound fluorophores. In 
practice, fully reconstructed images often require several tens 
of minutes of acquisition, thereby preventing the study of fast 
dynamic events. This limitation may be lifted using Förster res-
onance energy transfer–based probes,[19] though at the expense 
of adding two fluorophores, complex antibody-DNA constructs, 
and finely tuned complementary strands. Noteworthy, this tech-
nique has so far only been demonstrated for fixed cells.[20–22]

The use of quantum dot (QD) nanoparticles as alterna-
tive fluorescent probes in highly sensitive biological imaging 
has witnessed major advances, with the QDs becoming 
instrumental in several SRM techniques due to their intrinsic 
brightness, enhanced photostability, broad excitation, narrow, 
and tunable emission wavelengths.[3,23–26] By combining SRM 
with brilliant and robust fluorescent probes as the QDs, it is 
possible to follow the rapid dynamics of cell membrane com-
ponents, like receptors or transporters, with high temporal 
and spatial resolution. Cumulative integration of the spatial 
localizations of rapid co-diffusing ligand-target pairs in the 
3D-fluid cell membrane has the potential to enable the recon-
struction of the plasma membrane morphology and the follow-
up of its dynamic changes in nanoscopic cellular volumes.  
Such approach was recently used to create a diffusion and 
morphological map of the axonal initial segment[27] and of den-
dritic spines.[9] However, these studies relied on probes that 
require the genetic expression of a green fluorescent protein 
(GFP) tag on the target molecule followed by the addition of 
either QDs-streptavidin-anti-GFP (biotin) nanoconstructs[27] 
or a primary plus secondary biotinylated antibodies and then 
QDs-streptavidin.[9] To our knowledge, the application of these 
methods to track an endogenous receptor, the use of nano-
probes suitable to label any cell membrane biomolecule without 
the need for transfection and the rapid (seconds) reconstruction 
of the cell membrane in 3D has not been demonstrated yet.

In this work, our previously developed biofunctional QD 
nanoconstructs,[28] now adapted to target the cannabinoid 
receptor 1 (CB1), a rapidly diffusing cell membrane protein,[29] 
are utilized as “painting” agents in SRM to rapidly draw the 
cell membrane in 3D with nanoscopic resolution. Named 
“nanoPaint,” this method is amenable to track the dynamics 
of endogenous cell membrane biomolecules and has proved 
instrumental to map the topography and morphological 
changes of cell membranes. In opposition to DNA-PAINT 
methods, nanoPaint does not involve a transiently bound asso-
ciation: the binding between antibody and protein is strong; the 
QD molecular pencils remain photostable and associated to the 
target even when the latter is internalized. Furthermore, theo-
retical modeling indicates that the extent of the topographic 
reconstruction of cell membranes throughout a defined time 
period depends upon the surface density of the nanoconstructs, 
which is easily controlled by tuning the concentration of the 
nanoprobes in the cell medium. Thanks to the capacity of the 
nanoconstructs to access and diffuse into the synaptic cleft, 

nanoPaint made it possible to rapidly draw (in less than 1 min) 
a nanoscopic 3D map of the presynapses and of the synaptic 
cleft. Insights of spontaneous, nanometric membrane deforma-
tion lasting seconds in HEK-293 cells and in neurons add ver-
satility to the nanoPaint method and highlight its potential as a 
precision tool for neuronal plasticity studies.

2. Results and Discussion

The red-emitting (λem = 650 nm) CdSe/CdS/ZnS multishell 
QDs employed in this work were synthesized following pub-
lished protocols.[30,31] These inorganic nanoparticles are capped 
with a vinylimidazole-sulfobetaine copolymer ligand that bears 
primary amine side chains to be used for bioconjugation.[28] 
These QD nanoparticles demonstrated: a) high colloidal 
stability and a conserved photoluminescence in the pH range 
7–12; b) minimal nonspecific interactions with cells in culture; 
and c) a remarkable colloidal stability in the cell cytoplasm after 
electroporation and follow-up for ≈50 h.[28] Such properties are 
vital in proposing these nanoprobes as tools for biological/
cellular investigations as they ensure minimal nonspecific 
interactions with the cell membrane and with nontargeted 
species. To render these nanoparticles bio-specific, the oriented 
immobilization of whole antibodies via an intermediate protein 
A layer was developed.[28] Once the protein A layer is bound to 
the nanoparticles, the resulting QDs-pA nanoconstructs are 
kept in pH 7.5 buffer at 4 °C and utilized as needed to bind to 
selected antibodies (Ab) simply by mixing at a 1:4 QD:Ab molar 
ratio. These QD-protein A (QD-pA) nanoconstructs (Figure 1a) 
thus constitute a universal platform for the oriented immobi-
lization of whole antibodies, thereby providing unrestricted 
versatility to the nanoPaint approach since Abs can be raised 
against most transmembrane proteins such as receptors, or 
other membrane-confined biomolecules.

For the proof-of-concept demonstration of the nano-
Paint method, the CB1 receptor was used as cell membrane 
target. The CB1 receptor, the brain target of marijuana and 
endocannabinoid ligands, is one of the most abundant G 
protein- coupled receptors in the brain, well recognized for its 
capacity to modulate synaptic plasticity and neuronal develop-
ment.[32,33] The CB1 receptor has been shown to constitutively 
cycle between cell membrane and cytoplasm via the endocytic 
pathway.[34] In simple terms, this cycling results in mem-
brane receptors being internalized over time and accumu-
lating in cellular endosomes while others are re-cycled from 
the endosomes to the cell membrane. In neurons, this cycling 
is necessary for the axonal targeting of the receptor, which is 
first expressed in the somato-dendritic compartment, endocy-
tosed, and actively transported by transcytosis into the axonal 
compartment where it resides on the cell membrane.[35] As 
a result, the CB1 receptor has a highly polarized distribution 
and is mainly found in axons; it is therefore an excellent mem-
brane marker of the axonal and presynaptic compartments. 
Both, single molecule tracking and fluorescence recovery 
after photobleaching (FRAP) methods,[29,35] have indicated 
high membrane diffusion rates for the CB1 receptor, making 
it a useful reporter for PAINT approaches. In this study, we 
employed nanoconstructs recognizing either the endogenous 
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Figure 1. QD-pA nanoconstructs are versatile nanoprobes for the study of the dynamics of cell membrane proteins. a) Schematic representation of 
the biofunctional, fluorescent QD nanoconstructs employed to “paint” the cell membrane. The nanoconstructs are composed of an inorganic core 
(QD) surface-covered by a vinylimidazole-sulfobetaine copolymer ligand. QD-pA nanoconstructs are obtained by reaction of ligand primary amines and 
protein A, which in turn enables the oriented immobilization of target-recognition IgG antibodies. b) Illustration of the two cases considered in this 
work: QDs-anti-FLAG used to target the extracellular FLAG tag corresponding to the over-expressed CB1 transmembrane receptor with intracellular 
GFP fluorescent terminus (left) and QDs-anti-CB1 employed to target the endogenous CB1 receptor (right), both in live cell experiments. c) Wide-field 
epifluorescence images of the FLAG-CB1-GFP and QD channels, their overlay, and the maximal projection over a 2 min acquisition time (0.5 fps). Note 
that biofunctional QDs allow visualization of the majority of neurites with only 2 min of acquisition. d) Two neurites from panel (c) (labeled 1, 2) were 
selected for the kymographs on the GFP (green) and QD (magenta) channels. The Brownian diffusion of QDs is clearly visible in the kymographs, 
while GFP kymographs are blurrier and appear more static.
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CB1 receptor or the heterogenously expressed FLAG-CB1-GFP 
fusion protein[34,36] (Figure 1b). Expression of the fluorescently 
tagged CB1 receptor ensured facile recognition of receptor-
expressing neurons and provided a control to evaluate the spec-
ificity of recognition of the CB1 receptor by the biofunctional 
QDs. On the other hand, the endogenous form was allowed to 
confidently evaluate and monitor receptor behavior and its rela-
tionship with neuronal membrane plasticity without putative 
over-expression artifacts. We therefore started with the over-
expressed receptor and moved toward the endogenous one. The 
FLAG-CB1-GFP and endogenous CB1 receptors were detected 
with anti-FLAG and anti-CB1 Abs, respectively (Figure 1b). 
The QD-Ab bioconjugates resulting from binding of the anti-
FLAG Ab to QD-pA nanoconstructs had an overall diameter 
of ≈27 nm and possessed 1–2 fully functional Abs per dot.[28] 
Noteworthy, the size of the nanotools can be modulated by 
decreasing the size of the target-recognition species (e.g., using 
antibody fragments instead of whole antibodies) or avoiding 
the use of protein A and directly binding the target-recognition  
species to the QD ligand.

Throughout this work, typical experiments involved the 
exposure of primary cultures of rat hippocampal neurons to 
diluted (1–3 × 10−9 m) suspensions of QD bioconjugates fol-
lowed by microscopic monitoring either on a wide-field epifluo-
rescence microscope (Figure 1) or on a commercial point-local-
ization microscope (Figures 2–4). One of the first insights of 
the notorious difference between single-particle tracking obser-
vations with QDs compared to GFP-expressing receptors was 
obtained by tracing kymographs depicting the temporal move-
ment of both, QD nanoconstructs bound to FLAG-CB1-GFP 
receptors and the GFP receptor’s tag (Figure 1b and Figure S1, 
Supporting Information). Kymographs, which depict the posi-
tion and signal intensity variations of an emitter as a function 

of time, highlight distinct patterns (Figure 1d): QDs produce 
trace patterns of receptor movement that are sharp, oscillatory, 
and well contrasted compared to the surrounding areas thanks 
to QDs’ salient brilliance and to the fact that, at short times 
after the addition of the nanoconstructs, only a subpopulation 
of the membrane CB1 receptors is bound to the QDs (Figure 1c 
and Video S1, Supporting Information, QD panel as opposed 
to the FLAG-CB1-GFP panel). Being able to tune the QD con-
centration in the cell medium results in a subpopulation of 
the receptor to be tracked, thus facilitating single-particle anal-
ysis. GFP-related kymographs, on the other hand, highlight 
only GFP clusters present in endosomes since the green GFP 
signal is homogenous and widespread on the cell membrane 
(Figure 1c, FLAG-CB1-GFP panel) and can therefore not be 
identified as a single-particle object by current analytical tools. 
Finally, the maximal projection of the 2 min long recording 
(Figure 1c) showed that the majority of neurites have been 
completely covered by the QD localizations, suggesting that the 
PAINT[15] method using over-expressed CB1 receptors can effi-
ciently draw the membrane surface in less than 2 min.

Having previously demonstrated the specific recognition of 
the CB1 receptor by the QD bioconjugates[28] and the high dif-
fusion of the QDs bound to receptors at the plasma membrane 
in the wide-field epifluorescence experiments above, we moved 
to SRM for single-particle tracking at high spatio-temporal res-
olution. The aim was to go beyond single-particle tracking by 
exploiting its wealth of particle trajectories to reconstruct the 
cell membrane in nearly real time, in 3D and with nanoscale 
resolution. Noteworthy, since the QD solution is not removed 
from the cell medium, there is a continuous availability of QD 
nanoconstructs to newly exocytosed CB1 receptors. This allows 
to follow receptor population dynamics over sufficiently long 
periods of time (≈hours) without photobleaching as well as to 
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Figure 2. Dissecting the nanoPaint principle: superposition of QD localizations over time generates gradual reconstructions of the cell membrane 
topology. In this example, 21 000 frames (336 s) were sufficient to satisfactorily reconstruct the cell membrane in areas 1 and 2 (rows labeled 1 and 2, 
respectively). QD-pA-anti-FLAG nanoconjugates labeling FLAG-CB1-GFP expressing neurons were employed.
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tune the surface density of QDs over time by adjusting the QD 
solution concentration. Importantly, the experiments reported 
here were carried out under highly inclined thin illumination,[37]  
implying that the excitation of the QDs can be tuned to thin 
sections containing the structure to be reconstructed. In addi-
tion, the fast acquisition rate of 16 ms per frame ensured that 
only receptor-bound QDs displaying a slower diffusion coef-
ficient (as compared to the free QDs in the medium) will be 
recognized as single particles by the detection algorithm.[16]

With the nanoPaint approach and by superimposing QD’s 
localizations, a sequential reconstruction of the cell membrane 
as “explored” by the nanoconstructs can be rapidly obtained 
(Figure 2). Increasing the acquisition time (i.e., the number of 
16 ms frames whose individual spatial localizations are super-
imposed) substantially increases surface coverage, allowing to 
reconstitute the shape and location of entire filopods or syn-
aptic boutons, as demonstrated below. This wealth of informa-
tion is independent of the ad hoc optimization of fluorescent 
probes (such as those required for photo-activated localization 
microscopy microscopy), the reliance on cell fixation or on very 
laborious techniques like transmission electron microscopy 
(TEM), both prone to introduce artifacts,[38,39] or the need for 
preincubation steps with antibodies prior QDs’ introduction.[9] 
The nanoPaint method uniquely relies on the use of QD nano-
constructs of tunable fluorescence emission bioconjugated to  
primary antibodies. These very bright fluorescent nanocon-
structs permit a lateral resolution below 55 nm as measured 
by Fourier ring correlation[40] (Figure S5, Supporting Informa-
tion) and an axial resolution of 85 nm as measured by fiduciary 
markers (QDs unspecifically bound to the coverslip). Conse-
quently, the nanoPaint method may thus serve both single-
particle tracking as well as surface reconstruction purposes.

The efficacy of cell surface reconstruction depends both, on 
the number of QDs whose trajectories are being followed and 
on the acquisition frequency (number of frames per second). 
In our experience, in particular for transfected cells, surface 
coverage also depends on the transfection rate and the specific 
cellular sub-compartment imaged (soma, dendrites, or axons). 
Finally, surface coverage also depends on the total area to be 
reconstructed: as observed in Figure 2, there are areas on the 
full field of view that appear less well reconstructed than others 
depending on whether the cell membrane itself and/or the 
QD nanoconstructs that are possibly “painting” that area are 
close to the focal plane or not. In general, assuming a random, 
uncorrelated motion of QDs, the reconstructed area fraction f is 
given by Equation (1), where d is the QD surface density and A1 
is the area reconstructed by one QD

= − −f e dA1 1  (1)

Assuming a 2D Brownian motion of the QDs on the cell sur-
face, simulations show that the reconstructed area A1 depends 
on the diffusion coefficient D and on the time (Figure S2a,b, 
Supporting Information). For slowly diffusing QDs, A1 ini-
tially increases with D, then saturates when the mean-square 
displacement between two consecutive images becomes larger 
than the resolution of the reconstructed trajectory (Figure S2b, 
Supporting Information). After reconstructing diffusion tra-
jectories of single anti-FLAG QDs targeting FLAG-CB1-GFP 

transmembrane receptors, we obtained an average diffusion 
coefficient D ≈ 0.19 µm2 s−1 (165 000 reconstructed dis-
placements). This is consistent with a previous estimation of 
0.175 µm2 s−1 obtained by single-particle tracking in cultured 
neurons.[29] With this diffusion coefficient, simulations predict 
that the reconstructed fraction should follow an exponential law 
with time (Figure S2c, Supporting Information, Equation (2)). 
The characteristic reconstruction time τ depends on the QD 
density, d, with τ ≈ 58 d−1 (s µm2) assuming a 20 nm reconstruc-
tion resolution and a 16 ms time lag between two consecutive  
acquisitions

f t e t1 /( ) ≈ − τ−  (2)

In both, regions of interest (ROIs) presented as examples in 
Figure 2, the QD density was approximately 0.2 µm−2. These 
membrane surfaces should then be theoretically reconstructed 
at 50% in about 185 s (Figure S2d, Supporting Information). As 
shown in Figure 2, this theoretical estimation is consistent with 
experimental observations. While these simulations enable 
the estimation of the average reconstruction time for a given 
target density, the final membrane reconstruction speed relies 
on random QD blinking and on stochastic Brownian motion 
in each specific ROI. We can predict that, at this reconstruc-
tion resolution, faster diffusion coefficients would not strongly 
improve the reconstruction speed (Figure S2b, Supporting 
Information). However, increasing the QD density strongly 
does (Equation (1); Figure S2c,d, Supporting Information) 
and, assuming that target density is not a limiting factor, this 
is easily implemented by increasing QD concentration in the 
cell medium. As an example, with a diffusion coefficient of 
0.19 µm2 s−1 and a QD density of 1 µm−2, on average 50% of 
the membrane should be reconstructed in 39 s, and 80% in 
90 s (always assuming a 20 nm reconstruction resolution and 
16 ms time lag between two consecutive acquisitions). Nev-
ertheless, in practical terms, QD density cannot be increased 
indefinitely with the intention to reconstruct faster. The limit 
is single particle tracking, i.e., the capacity of the tracking algo-
rithms to identify QDs as single emitters.

Once the cell surface reconstruction capacity of the nano-
Paint method was demonstrated and the effect of the recon-
struction parameters was theoretically analyzed, we investigated 
whether QDs-anti-FLAG bound to over-expressed FLAG-CB1-
GFP receptors were able to access and explore the synaptic 
cleft area (Figure 3). The localization of the synaptic region was 
confirmed by the expression of tdTomato-Bassoon. Bassoon is a 
large multi-domain protein of the presynaptic active zone that 
identifies the presynaptic component.[41,42] Super-resolution 
point accumulation of QD trajectories around the areas of high 
Bassoon expression reveals a high frequency of visit for the QD 
nanoconstructs accessing the synaptic cleft (note the brighter 
regions at the active zones) as well as a remarkable reconstruc-
tion of the contours of presynaptic boutons (Figure 3a). With 
the addition of a cylindrical lens, it is possible to generate in 
5 min a 3D image of the synaptic boutons and the synaptic cleft 
that matches other representations of the same areas obtained 
by more laborious techniques, such as TEM[43] (Figure 3b and 
Video S2, Supporting Information). Since surface reconstruc-
tion of a given cell membrane region is dependent on its 
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effective surface “exploration” by the biofunctional QDs during 
live cell imaging, it is noteworthy that our ≈27 nm in diameter 
QD nanoconstructs appropriately accessed and explored the 
synaptic cleft. In a pioneering work, Dahan et al. demonstrated 
that slightly larger QD bioconjugates (QD-streptavidin bound to 
a secondary plus primary antibody) targeting glycine receptors 
could be detected in the synaptic cleft, where they possessed 
smaller coefficients of diffusion as compared to the extra-
synaptic QDs.[5] On the other hand, a recent study comparing 
different sizes of nanoconstructs recognizing the postsynaptic 
α-amino-3-hydroxy-5-methyl-4-isoxazolepropionic acid receptor 
(which has an extracellular domain of 12 nm) showed that steric 
impairment hampers the accessibility and diffusion of large 
QD-streptavidin nanoconstructs (>20 nm in diameter) into the 
synaptic cleft.[44] Recognizing the relatively small extracellular 

domain of the CB1 receptor, our biofunctional QDs appear to 
be small enough to access and effectively map the entire topog-
raphy of presynaptic boutons in mature synapses.

Since rapid, 3D cell surface reconstruction can be obtained 
with nanoPaint, we tested the method for its capability to 
record structural plasticity at a nanoscale level and with a time 
resolution below 1 min, a relevant scale for rapid cytoskeletal 
changes. At first, we tested nanoPaint in a model cell line 
(HEK-293 cells) expressing the FLAG-CB1-GFP[36] receptor 
and for which we had previously demonstrated the binding 
specificity of the QDs-pA-anti-FLAG nanoconstructs.[28] We 
recorded filopodia (small organelles known to display a highly 
dynamic behavior) close to the glass surface and obtained defor-
mation profiles as those illustrated in Figure 4a by a 320 s time 
projection. The higher magnification shows two consecutive 
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Figure 3. From 2D to 3D cell membrane reconstruction with nanoPaint: by using a cylindrical lens, temporal integration (5 min) of QD localizations 
around a presynaptic terminal enabled cell membrane reconstruction, both in 2D (a, right) and 3D (b). a) A schematic representation of the synaptic 
bouton and the synaptic cleft (the gap between pre- and postsynaptic areas) is presented (left) together with the post- and presynaptic regions. The 
localization of the synaptic region is confirmed by the presence of tdTomato-Bassoon, a presynaptic marker of the active zone (middle). b) Membrane 
reconstruction at different z planes with a depth of 40 nm. For a whole 3D image, see Video S2 in the Supporting Information. Transfected neurons 
expressing FLAG-CB1-GFP and tdTomato-Bassoon and QD-pA-anti-FLAG nanoconjugates were employed.
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reconstructions of 16 s (1000 frames) in green and in magenta 
of a filopodium, with a cross-section of 200 nm as measured by 
the distance between the two peaks of intensity of the plasma 

membrane. Moreover, the y-z cross-section indicates that 
the membrane reconstruction was also efficient in 3D since 
the reconstruction is covering almost the entire depth of the 
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Figure 4. Nanoscopic structural plasticity of the cell membrane as revealed by nanoPaint. a) Dynamic reconstruction of the plasma membrane of HEK-293 
cells expressing the FLAG-CB1-GFP receptor “nanoPainted” with QDs-pA-anti-FLAG nanoconjugates. On the top left, the color code encodes the temporal 
reconstruction over 320 s. The filopodium on the dashed box is reconstructed in the lower left panel at a higher magnification during the first 16 s (green) 
and the following 16–32 s (magenta). The dashed white line represents the plan of the orthogonal y-z view showed in the upper right panel. The profile 
intensity (down right) indicates a shift of the filopodium tip of 85 nm. b) nanoPaint with QDs-pA-anti-CB1 on hippocampal neurons (50 days in vitro) 
that were reconstructed and color-coded into five time-lapses of 80 s each. The merged image shows different regions in which spontaneous structural 
changes have occurred. Four regions were selected for a higher magnification. c) Cell membrane deformation due to phototoxicity in hippocampal 
neurons exposed to high laser power excitation. Four nonconsecutive time lapses of 32 s each are presented (right) together with a merged image (left).
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filopodium; only the bottom is not visited by the QDs, probably 
due to their difficulty to access this region which is close to the 
coverslip. The overlay of the two consecutive 16 s reconstruc-
tions reveals that the filopodium is elongating and bending 
at the tip during this time period. To quantify the structural 
modification, we measured the distance between both recon-
structions by tracing a line scan profile and recorded a 85 nm 
shift of the tip between the two consecutive 16 s recordings. 
The nanoPaint method is thus able to rapidly and accurately 
measure nanoscopic deformations of plasma membrane-delim-
ited organelles such as filopodia.

Next, we evaluated the membrane surface mapping capacity 
of the nanoPaint method by targeting the endogenous CB1 
receptor in nontransfected hippocampal neurons. It was a 
requirement to prove at first the specificity of binding of the QD-
pA-anti-CB1 nanoconstructs to the endogenous CB1 receptor. 
As observed in Figure S3a in the Supporting Information, the 
endogenous receptor is highly enriched in axons although it 
is also ubiquitously present in the plasma membrane of the 
somato-dendritic compartment, as previously reported.[35] The 
same can be confirmed for the QD-pA-anti-CB1 nanoconstructs 
(Figure S3b, Supporting Information), with an overlap coeffi-
cient of 0.85.[45] By employing QDs recognizing the endogenous 
CB1 receptor, spontaneous membrane deformations could be 
recorded in hippocampal neurons with nanometric precision 
and methodological simplicity (Figure 4b). Interestingly, the 
comparison of four consecutive reconstructions of 80 s time 
frames revealed several topological changes. The enlargements 
on the right show a progressive shift of the plasma membrane 
(Figure 4b1); the formation of a protrusion that could represent 
the genesis of a new branch (Figure 4b2); and deformations of 
two protrusions (Figures 4b3,4). Finally, we could also observe 
phototoxicity-induced cell surface topological changes in cul-
tured hippocampal neurons by exposing the cells to high laser 
powers (50% of max. intensity) at 405 nm, a wavelength known 
to induce phototoxicity. The appearance and steady growth of 
blebs was evidenced in axons (Figure 4c), with a deformation 
rate of around 400 nm in 242 s (or 1.65 nm s−1) as computed 
from the intensity profiles (Figure S4, Supporting Information).

Finally, to demonstrate the versatility of the nanoPaint 
method, we used QDs bound to a protein named “cholera toxin 
B” (CTB), which is known to bind preferentially to lipid gangli-
oside GM1 that is enriched in the axonal compartment.[46] With 
these QD-CTB nanotools, we reconstructed surface topography 
in 3D as done with the anti-CB1 QDs (Figure S6, Supporting 
Information). The image in Figure S6 in the Supporting Infor-
mation corresponds to a reconstruction time of 34 s, 2100 
frames, and a 500 nm depth.

3. Conclusions

Together, these results show that QD bioconjugates recognizing 
epitopes present at the extracellular space of the plasma mem-
brane are effective and simple tools to rapidly (seconds) recon-
struct, in conjunction with SRM, the topology and dynamics of 
the cellular plasma membrane in 3D at a nanoscopic level with 
high temporal-spatial resolution and long-term imaging poten-
tiality. Given the capability of the bioconjugates to access and 

explore the synaptic cleft, a road of opportunities opens up to 
explore nanostructural neuronal plasticity with nanoPaint.

4. Experimental Section
Materials: The materials required for the synthesis of the QD 

nanoparticles and of the QD ligand and the chemicals used for QD 
bioconjugation were as detailed in Tasso et al.[28] Recombinant protein A 
(45 kDa) was purchased from ProSpec as a solution without additives. 
Bis(sulfosuccinimidyl)suberate (BS3) linker and Rabbit polyclonal 
anti-CB1 N-Ter antibody (PA1-743) were purchased from Thermo 
Scientific. Mouse monoclonal anti-FLAG (IgG2) antibody was purchased 
from Sigma-Aldrich. Neurobasal, B-27, and Lipofectamine2000 
Transfection Reagent, Dulbecco’s modified Eagle medium (high 
glucose, GlutaMAX without sodium pyruvate), L-glutamine, fetal 
bovine serum, penicillin-streptomycin (10 000 U mL−1) and Trypsin-
ethylenediaminetetraacetic acid (0.05%) phenol red were obtained from 
Life Technologies. Rabbit anti-N-terminal-CB1 antibody was produced 
by Double-X program (Eurogentec) as detailed in Leterrier et al.[34] 
High precision coverglasses (1.5H) were from Marienfeld Superior. 
Ludin Type 1 chambers were purchased from Life Imaging Services 
(Switzerland).

Quantum Dot Synthesis and Ligand Exchange: Red-emitting 
(λem = 650 nm) CdSe/CdS/ZnS multishell QDs were synthesized 
following published protocols.[30,31] Core/multishell QDs in 
hexane (4 nmol) were precipitated by ethanol addition followed 
by centrifugation (16 000 g, 5 min, unless otherwise stated). After 
supernatant’s removal, QDs were mixed with 3-mercaptopropionic 
acid (MPA, 500 µL) using a sonicating bath and then stored at 60 °C 
for 6–12 h. MPA-capped QDs were resuspended in 1 mL chloroform 
and thereafter precipitated by centrifugation. The obtained QDs 
were dissolved in ≈1 mL dimethylformamide and precipitated by an 
addition of ≈50 mg of potassium tert-butoxide. The suspension was 
afterward centrifuged to remove the basic organic supernatant and 
the nanoparticles were washed twice with ethanol before redispersion 
in 400 µL of 100 × 10−3 m sodium bicarbonate buffer (pH = 10.8). 
Thereafter, the block copolymer ligand (4 mg) was resuspended in 
100 × 10−3 m sodium bicarbonate buffer (200 µL) and added to the 
MPA-QDs dispersion. The nanoparticles were left overnight at room 
temperature to complete the cap exchange. Free ligands were removed 
by two rounds of ultrafiltration (16 000 g, 10 min) in Vivaspin 100 kDa 
membrane filter units (buffer = 100 × 10−3 m NaCl). Polymer-capped 
QDs were thereafter purified by ultracentrifugation (268 000 g, 25 min) 
in a 10–40% sucrose gradient in 100 × 10−3 m NaCl. The QD band was 
collected and sucrose was removed by several rounds of ultrafiltration 
(100 kDa Vivaspin filter, 16 000 g, 10 min). The ligand-exchanged 
nanoparticles were finally resuspended in 600 µL of 50 × 10−3 m  
4-(2-hydroxyethyl)-1-piperazineethanesulfonic acid (HEPES), 100 × 10−3 m  
NaCl, pH 7.5, and stored at 4 °C in the dark.

Bioconjugation of the QD Nanoparticles: Ligand-capped QDs 
(0.4 nmol) in 100 µL of 50 × 10−3 m HEPES, 100 × 10−3 m NaCl, pH 7.5 
buffer were reacted for 30 min with 0.42 µmol of BS3 (50 mg mL−1 stock 
solution in dimethyl sulfoxide; BS3 molar excess to QDs ≈1000) under 
mixing in a rotating platform. Unreacted BS3 was afterward removed via 
three rounds of membrane filtration (50 kDa Vivaspin filter, 16 000 g, 
7 min) in 50 × 10−3 m HEPES, 100 × 10−3 m NaCl, pH 7 buffer, and the 
linker-modified QDs resuspended in 100 µL of pH 7.5 buffer. Covalent 
binding of an intermediate protein A layer to the linker-modified QDs 
was performed by adding a 10 × molar excess of protein A to the QD 
suspension and by letting the reaction proceed for 1 h under mixing 
in a rotating platform. Here, the total volume was adjusted to yield 
final QD concentrations of 3–4 × 10−6 m. After incubation, unreacted  
protein A was removed via two ultracentrifugation cycles (151 000 g, 
25 min). QD-pA samples were thereafter resuspended in 100 µL of 
pH = 7.5 buffer and mixed with ≈100 µL of buffer-exchanged antibody 
(Ab) (rinsing buffer = 50 × 10−3 m HEPES, 100 × 10−3 m NaCl, pH = 8.5 
adjusted with 2 m NaOH aqueous solution) at a 1:4 QD:Ab ratio. The 
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antibody binding reaction to the QD-pA nanoconstructs was left to 
evolve for 1 h under mixing in a rotating platform. Mouse anti-FLAG 
(IgG2) and rabbit anti-CB1 N-Ter antibodies were used. Unbound 
Ab was not removed and the QD-pA-Ab conjugates (≈1–1.5 × 10−6 m)  
were stored at 4 °C until use without the addition of preservatives or 
other compounds.

Supporting Information
Supporting Information is available from the Wiley Online Library or 
from the author.
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